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ABSTRACT 

The dynamics of root plastids is a little-researched field, with the 

exception of the statolith in the gravitropic response.  Working with 

Arabidopsis thaliana, this research aims to broaden our knowledge of 

the cell biology of root plastids in both the columella and the rest of the 

root. 

Root gravitropism relies upon the perception of a signal transduced 

from starch-filled amyloplasts in the columella cells of the root tip. A 

new statolith phenotype for the starchless mutant pgm-1 is described, 

exhibiting highly dynamic, pleomorphic statoliths. This phenotype calls 

into question the mechanism by which the cell perceives the gravitropic 

signal. The effects of latrunculin-B on the organisation of the actin 

cytoskeleton and the graviresponse of the root are also called in to 

doubt, as confounding factors historically confuse these experiments. 

Using the FlowCell, an in-house microfluidics device, the high-speed, 

actin-dependent dynamics of root plastids are described. Root plastids 

are observed to reach speeds of up almost 16µm/s in the stele of the 

root, much faster than any other plastid forms. To investigate how root 

plastids maintain an even distribution through the cell, known plastid 

division mutants are used to reduce root plastid numbers. These show 

dramatic changes in root plastid morphology, with some mutants 

forming network-like plastid structures. This works concludes that root 

plastids are highly dynamic organelles, capable of adopting a wide 

range of morphologies and behaviours to adapt to changes in their 

cellular environment. 
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UNITS AND ABBREVIATIONS 

 

I)  Units of Measurement 

m    metre 

cm    centimetre   10-2 m 

mm    millimetre   10-3 m 

µm    micrometre   10-6 m 

nm    nanometre   10-9 m 

g    gram 

mg    milligram   10-3 g 

µg    microgram   10-6 g 

l    litre     

ml    millilitre    10-3 l 

µl    microlitre   10-6 l 

M    molar  

mM    millimolar   10-3 M 

µM    micromolar   10-6 M 

nM    nanomolar   10-9 M 

hr    hour 

min    minute 

s    second 

ms    millisecond   10-3 s 
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1 INTRODUCTION 

 

1.1  PLASTID EVOLUTION AND DIVERSITY 

 

1.1.1 Endosymbiosis, evolution and function 

Plastids are one of the defining features of plant cells, a double-

membraned organelle that has evolved from a single cyanobacterial 

ancestor (Ochoa De Alda et al., 2014). The presence of the plastid in 

the cell is the defining feature of the kingdom Archaeplastida, which 

includes plants, and red and green algae (Rockwell et al., 2014). The 

chloroplast was first identified in flowering plants (Angiosperms) by 

Hugo von Mohl in the early 1800s (Von Mohl, 1837). The chloroplast is 

easily identified microscopically, as it  occupies a large proportion of 

the cell volume; reaching up to 47.3% in species such as field-grown 

Eucalyptus saligna (Jones et al., 1993), although advances in 3D 

imaging suggest the research community has consistently 

underestimated this number (Kubínová et al., 2014). 

The theory of endosymbiosis states that an ancient cyanobacterial 

ancestor was assimilated into its eukaryotic host to give rise to the 

plastid-containing plant cell we see today in modern plants (Gould et 

al., 2008). Originally a fringe theory, proponents of endosymbiosis were 

often derided (Lake, 2011). Endosymbiotic theory only began to gain 

support when Lynn Margulis built upon the work of Mereschkowsky 

(Mereschkowsky, 1905; Mereschkowsky, 1910; Martin and Kowallik, 

1999), contradicting the prevailing view of the time that chloroplasts 
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were organelles derived from the “parent” plant cell (Sagan, 1967). 

Other eukaryotes such as brown algae also have plastids, but due to 

the presence of additional membranes these are thought to be derived 

from secondary endosymbiotic events (Larkum and Vesk, 2003).  

Plastids exhibit several defining features, all bound by a double 

membrane called the plastid envelope. This contains the stroma, the 

inner fluid of the plastid. In comparison to their host cells and their 

cyanobacterial ancestors, plastids also have greatly reduced genomes 

(Martin et al., 1998). Perhaps most notably, the plastid (specifically the 

chloroplast) has the potential to create stacks of thylakoid membranes 

for photosynthetic activity (Cooper, 2000). Plastids exist in a variety of 

specialised forms, in addition to the well-known light-harvesting 

chloroplast. Most plastid types exhibit structures and morphologies 

closely related to their functions: chromoplasts produce brightly 

coloured pigments such as carotenoids in the production of fruits, 

elaioplasts store lipids and oils, proteinoplasts (sometimes known as 

aleuroplasts) store protein, and amyloplasts store starch as granules 

(Tetlow, 2011). All the non-pigmented plastids are also known under 

the umbrella term of leucoplast, from the Greek leukós for white. 

Leucoplasts are notable in their ability to form odd structures and 

assume a much greater variety of shapes in contrast to other forms of 

plastid (Osteryoung and Pyke, 2014). Also known as non-green 

plastids due to their lack of chlorophyll, leucoplasts are the 

predominant form of plastid found in the root, where they are referred 
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to as root plastids to differentiate them from the other forms of 

leucoplast. 

Plastids are most well-known by their ability to carry out the process of 

photosynthesis, an evolutionary fluke between the ancestral 

heterotrophic host prokaryote and the autotrophic cyanobacterial 

ancestor (Schirrmeister et al., 2013). From a global perspective, the 

plastid’s importance goes beyond the immediate production of 

photosynthetic energy for the cell it occupies since our present global 

ecology depends on the ability of plants and algae to utilise the energy 

of sunlight to fix CO2 into carbohydrates and synthesise free oxygen 

(Palmer, 2003). The evolution of oxygenic photosynthesis is currently 

thought to be concurrent with and a major cause of the Great Oxidation 

Event that lead to the current oxygen-dominated environment we 

recognise today (Kopp et al., 2000). Oxygenic photosynthesis itself 

may be as old as ~2.85-3.1 billion years ago (Planavsky et al., 2014), 

but the rapid accumulation of free atmospheric oxygen is commonly 

accepted to have occurred between 2.3 and 2.5 billion years ago 

(Buick, 2008).  

The plastid houses its own genome, the plastome. The plastome 

mainly exists in a circular form and is usually present in multiple copies 

within each plastid (de Vries and Archibald, 2018). The endosymbiotic 

relationship between the plastid and host cell has led to a large 

reduction in the size of the plastid genome (plastome), with the majority 

of genes lost or transferred to the nucleus of the host cell (Timmis et 

al., 2004). The Ler accession of the model organism Arabidopsis 
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thaliana has a plastome only ~155kB long (Stadermann et al., 2016), 

compared to the estimated genome size of its cyanobacterial ancestor 

at ~4.5Mb (Larsson et al., 2011). This in comparison to the genome 

sizes of Arabidopsis at ~145Mb (Bevan and Walsh, 2005) and of 

domesticated tomato, Solanum lycopersicum, at ~900Mb (The Tomato 

Genome Consortium, 2012). Despite the size of the plastome, it 

encodes the large subunit of the most abundant protein on earth, 

ribulose bisphosphate carboxylase/oxygenase, Rubisco; and thus still 

has great relevance for the cell and plant (Raven, 2013). The horizontal 

gene transfer from the plastid to the nucleus that has resulted in such a 

reduced plastome is thought to have occurred early on after the 

primary endosymbiotic event that assimilated the ancestral 

cyanobacteria into its host (Keeling and Palmer, 2008). Modern 

advances in bioinformatics and genome assembly have helped prove 

that plastid-to-nucleus genetic transfer is still occurring, and could still 

be playing an evolutionary role providing for intraspecific variation 

(Bock and Timmis, 2008).  

 

1.1.2 Proplastids 

The proplastid is the most basic plastid form from which all other 

specialised plastid types differentiate (Pyke, 2007). Populations of 

proplastids are typically found within meristematic cells at the shoot 

apical meristem (SAM) and the root apical meristem (RAM) (Robertson 

et al., 1995), but are also associated with reproductive and 

undifferentiated tissues. They can be inherited from either the maternal 
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or the paternal parent, although within most species of flowering plants 

all proplastids are derived from the maternal parent. Plastids are either 

excluded from sperm cells, degraded after differentiation, or excluded 

during fertilisation (Greiner et al., 2015). Proplastids are small 

unpigmented organelles about 1μm in length and have a simple and 

undifferentiated structure (Whatley, 1977). About 10-20 proplastids are 

present in meristem cells in roots (Bramham and Pyke, 2017) and in 

shoots  (Swid et al., 2018). The ultrastructure of the proplastid is 

incredibly hard to study through conventional microscopic method, 

meaning most progress made on their ultrastructure has been through 

electron microscopy Proplastids have been observed to sometimes 

form small inner protrusions from their double envelope membrane, to 

exhibit a budding mechanism of division (Du et al., 2013), and also to 

occasionally form small starch granules and the beginnings of thylakoid 

membranes (Chaly and Possingham, 1981). Research has also been 

conducted into the protein composition of the proplastid envelope in 

comparison to chloroplasts, with proplastids predisposed towards 

metabolite precursor import and metabolite product export (Bräutigam 

and Weber, 2009).  

 

1.1.3 Chloroplasts 

Chloroplasts are the most well-known of the specialised forms of 

plastid, and the site of photosynthesis in the plant. Chloroplasts are 

easily recognisable from the large stacks of thylakoid membranes in 
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the stroma, the presence of chlorophyll, and varying numbers of starch 

grains (Roston et al., 2018). The thylakoid membrane system is a vital 

part of this specialisation, as the site of ATP synthesis through light-

driven electron transport. Thylakoid stacks occupy a major part of the 

chloroplast and thus a major part of the leaf mesophyll cell. They 

compartmentalise the thylakoid lumen, and consist of stacks of 

lamellae that form right-handed helical structures with a great degree of 

architectural variability (Austin and Staehelin, 2011). Populations of 

chloroplasts in leaf mesophyll cells generally exhibit a uniform shape 

and population size in relation to the size of the cell (Pyke and Leech, 

1987), perturbed only in plastid division mutants (Pyke and Leech, 

1992). Current reviews offer a more detailed insight into areas such as 

photosynthesis (Flügge et al., 2016), chloroplast genomics (Daniell et 

al., 2016), and the import and export of metabolites (Weber and Linka, 

2011). 

 

1.1.4 Amyloplasts 

The second-most studied form of plastid is most likely the amyloplast 

(Pinard and Mizrachi, 2018). The amyloplast is most well-known for its 

role in storing starch in seeds and tubers (Zakaria et al., 2000; Yun and 

Kawagoe, 2010), as well as being a key player in the gravitropic 

response in the shoot and the root (Morita, 2010). Amyloplasts function 

as a long-term storage reserve of starch in tissues where this is 

required. In contrast, starch synthesised in the light period in 
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chloroplasts is usually metabolised during dark periods and thus theses 

chloroplasts are not considered amyloplasts. This breakdown is 

prevented in the amyloplast (Grennan, 2006). The long-term storage of 

starch is useful for all plants, not least for energy reserves in the seed 

(Zakaria et al., 2000). This is well-studied in rice and cereal crops, 

where greater starch yield in grains is of agricultural importance, and 

many genes have been identified that affect the accumulation of starch 

in amyloplasts in the seed’s endosperm (Yun and Kawagoe, 2009; Luo 

et al., 2015). Starch synthesis and metabolism in Arabidopsis has 

likewise been studied in great detail (Zeeman et al., 1998; Critchley et 

al., 2001; Kötting et al., 2005; Dumez et al., 2006), and is intrinsically 

linked to the amyloplast. In Arabidopsis, many of these genes encode 

proteins that are targeted to the amyloplast, such as Granule bound 

starch synthase (GBSS) and Protein targeting to starch (PTST) which 

target to the starch granule itself (Seung et al., 2015). The 

phosphoglucomutase1 (pgm-1) mutant in Arabidopsis leads to a near 

complete loss of starch in the amyloplast, and its identification was 

important for the field of starch metabolism and also for gravitropism 

(Vitha et al., 2000). The other main proteins involved in starch 

synthesis in the plastid are the starch synthases, which have differing 

roles depending on whether they initiate the creation of a starch 

granule or aid in granule growth (Seung and Smith, 2018). Soluble 

starch synthase IV (SSIV) is known to be important for granule initiation 

(Roldán et al., 2007; Lu et al., 2017), whereas starch synthases I, II, III 

and GBSS are proposed to have roles that more greatly influence the 
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structure and growth of the starch granules (Zeeman et al., 2002; 

Delvallé et al., 2005; Pfister et al., 2014). Compared to the study of 

starch granule development, the bigger picture of how the proplastid 

differentiates into an amyloplast is poorly understood. As with most 

cellular and organellar differentiation, it seems obvious that hormonal 

changes would play a role; cell culture experiments and studies in 

wheat have, unsurprisingly, hinted at a role for auxin (Miyazawa et al., 

1999; Bechtel and Wilson, 2003). Little is known about the hormonal 

interactions involved in the proplastid to amyloplast interconversion. 

Similarly, no genetic factors have been identified that control this 

interconversion (Pyke, 2007), though recent research has linked 

membrane lipid synthesis with early amyloplast development and 

starch granule initiation (Long et al., 2018). 

 

1.1.5 Root plastids and leucoplasts 

The term ‘leucoplast’ or ‘non-green plastid’ refers to a large group of 

plastids that do not produce chlorophyll or other coloured pigments, 

and generally fulfil a storage or secretory role (Solymosi and 

Keresztes, 2013). Leucoplasts are the predominant type of plastid 

found in the root (Itoh and Fujiwara, 2010), and will be referred to as 

root plastids henceforth unless otherwise specified. Root plastids are 

less studied in comparison to the chloroplast or amyloplast (Pinard and 

Mizrachi, 2018). The root has historically been studied less than the 

leaf until recently and thus so have its cellular and organellar contents, 
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but the lack of an obvious function such as photosynthesis to study 

may also explain the lack of research. 

The main area of research into root plastids has been into their 

biochemical function, and the roles they play in a plethora of metabolic 

pathways (Emes and Neuhaus, 1997; Neuhaus and Emes, 2000). 

These studies reveal that root plastids are the site of crucial steps in a 

multitude of metabolic pathways, many of which are crucial to cellular 

homeostasis and the continued healthy development of the whole 

plant. Nitrogen is a fundamental element to produce amino acids, the 

building blocks of all proteins. The root is the main site of nitrogen 

assimilation in almost all leguminous plants, and still contributes an 

important percentage of the required nitrogen to non-leguminous plants 

(Pate, 1980). After the initial transport of nitrogen in to the cytoplasm of 

the epidermal cells in the root, nitrate is reduced to nitrite in the cytosol, 

and then the reduction of nitrite to ammonia takes place in the root 

plastids (Masclaux-Daubresse et al., 2010), where it is subsequently 

mobilised into amino acids (Reyes-Prieto and Moustafa, 2012). The 

plastid is also the site of all de novo fatty acid synthesis in plants, which 

are vital for the creation and renewal of cellular membranes (Troncoso-

Ponce et al., 2016). It must be considered that these fatty acids also 

represent an agronomically important carbon storage mechanism, 

being the main components of vegetable oil (Dyer et al., 2008). In turn, 

starch metabolism in root amyloplasts also demonstrates the 

agronomic importance of root plastids; all starch synthesised and 

stored in plants is done so in the plastid (Ball and Morell, 2003), 
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making up 50% of the global population’s daily calories (Streb and 

Zeeman, 2012). The variety of biochemical functions that root plastids 

perform demonstrates clear agronomic value in continued research into 

their biochemistry, and the biochemistry of leucoplasts generally. 

The distribution and differentiation of root plastids is not well 

understood, with the only obvious example being the amyloplasts of 

the columella (Baldwin et al., 2013). Given the large amount of cell 

types in the root, one would expect a certain amount of differentiation 

in plastid types for any required specialised functions. Research has 

found no changes in intracellular localisation with cell age and 

differentiation status, although stromules and plastid pleomorphy 

become less prevalent the further from the root tip (Bramham and 

Pyke, 2017). 

The cytoskeleton is an integral component of all cellular life, and in 

plants the two many components are actin microfilaments and 

microtubules (Wasteneys, 2004). The cytoskeleton’s main function is 

for the proper positioning of cellular organelles for division, response to 

infection, and membrane trafficking (Kost and Chua, 2002).  Root 

plastids are intrinsically connected with all elements of the 

cytoskeleton, determining their morphology and dynamics. Root 

plastids have been observed to exhibit a variety of non-standard 

morphologies, and these morphologies can be induced or exacerbated 

by chemically manipulating their relationship with the cytoskeleton (Itoh 

et al., 2010). The odd shapes that root plastids exhibit can make them 

appear more like their cyanobacterial ancestor than their chloroplast 
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relatives in the aerial tissues of the plant. The development of root 

plastids into chloroplasts is repressed in the root by a genetic network 

involving GOLDEN2-LIKE2 (GLK) and LONG HYPOCOTYL5 (HY5), 

which if disturbed leads to initiation of chloroplast development and 

root greening (Waters et al., 2009; Kobayashi et al., 2012, 2013). As 

root plastids exhibit limited population numbers in root cells due to the 

apparent early arrest of the plastid division apparatus (Bramham and 

Pyke, 2017) their tendency to assume strange structures becomes 

clearer. With a small population of plastids in comparison to the cell 

size, the advantage of a highly dynamic morphology would allow the 

plastid to extend its surface area for communication and exchange with 

other areas of the cell.  

 

1.1.6 Developmental plasticity and other plastid types 

Beyond proplastids, chloroplasts, amyloplasts, and root plastids there 

are many more types of plastids which have been categorised into 

discrete groups in the past (Osteryoung and Pyke, 2014). Proplastids 

give rise to all these forms of plastid, but it is also known for plastids to 

interconvert between these types depending on their cellular 

conditions; there are not many dead ends in plastid development. 

Etioplasts are a type of plastid that arise when a seedling is not 

exposed to light, and proplastids that would otherwise develop into 

chloroplasts do not develop the photosynthetic apparatus required 

(Wise, 2006). Etioplasts instead demonstrate a lack of thylakoid 



12 
 

membranes and exhibit prolamellar bodies which are rapidly 

deconstructed when the plant is exposed to light. This transition is 

cytokinin-dependent, demonstrating hormonal control of plastid 

development and interconversions (Cortleven et al., 2016). 

Chromoplasts are named as such because of their accumulation of 

carotenoids and other compounds that give the tissues they reside in a 

variety of colours. Chromoplasts usually develop from chloroplasts, as 

most obviously demonstrated in the case of fruit ripening; the colour 

change of a tomato fruit from green to red is a prime visual example of 

the chloroplast to chromoplast transition. All plastids with the exception 

of proplastids are carotenogenic, but the chromoplast has the highest 

carotenoid synthesis and storage levels (Sun et al., 2018). 

Proteinoplasts and elaioplasts store proteins and lipids respectively, 

but research has been much more lacking into these rarer forms of 

plastids. Elaioplasts have been demonstrated to be biochemically 

similar to chromoplasts, but with greater accumulation of terpenes and 

lipids in comparison to coloured compounds (Liu et al., 2018). The 

continuum of ultrastructural and biochemical changes associated with 

plastid differentiation blurs the lines between the various described 

plastids “types”. A variety of even more specialised types of plastid 

have also been described, including gerontoplasts (Biswal et al., 2012), 

dessicoplasts (Solymosi et al., 2013), xyloplasts (Pinard and Mizrachi, 

2018), and phenyloplasts (Brillouet et al., 2014). The ability of plastids 

to interconvert between these various types is not simply a 

developmental question but can be of economic importance too; the 
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photoactivated amyloplast-chloroplast transition causes monetary 

losses for potato farmers. Potatoes can’t be sold on when they’re 

greening, meaning proper cold and dark storage methods is important 

to prevent the amyloplast-chloroplast transition and reduce losses 

(Tanios et al., 2018). Perhaps the most dramatic interconversion is 

during anther development, where proplastids can differentiate into 

amyloplasts, then subsequently “revert” back to proplastids (Clement 

and Pacini, 2001). The causes of these interconversions are likely 

hormonal and genetically linked, and transcriptomic studies 

demonstrate the importance of varying nuclear gene expression levels 

to regulate proplastid-chloroplast and proplastid-amyloplast transitions 

(Liebers et al., 2017). Considering the ability of differentiated plant cells 

to form de novo meristems  (Machida et al., 2013; Trinh et al., 2018), it 

is plausible that plastids may be able to revert to proplastids for 

developmental reasons in vegetative tissue also. A prime candidate for 

this is the root pericycle, a tissue layer in the mature root that retains a 

stem cell identity (Beeckman and De Smet, 2014). Regeneration and 

adaptation to sudden changes in environmental conditions may 

necessitate the creation of new meristems, and the establishment of 

new populations of proplastids. 
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1.2  ORGANISATION OF THE ARABIDOPSIS THALIANA ROOT 

 

1.2.1 Mature root morphology and development 

The root is an organ specific to vascular plants (Raven and Edwards, 

2001), and vital for their survival, development, and evolution (Kenrick 

and Strullu-Derrien, 2014). The two most important functions of roots 

are generally accepted as a means to anchor the plant in the soil 

(Niklas, 1992), and to facilitate the uptake of water, nutrients, and 

minerals into the plant for transport through the longitudinal axis of the 

plant via the vasculature (Clarkson, 1985). In Arabidopsis, the primary 

root is formed from the embryonic root and lateral roots branch off this 

main axis to improve anchorage, and the ability of the root to forage for 

water and nutrients along with root hairs (Smith and de Smet, 2012). 

Water and nutrients from the surrounding soil can enter the plant either 

through the apoplast, or the roots. The apoplast is the connected space 

that exists between all the cells in the root, in contrast to the symplast 

that refers to the plasmodesmata-connected cytoplasm of all the cells 

in the root. The root also enables interaction with mycorrhizal fungi in 

the soil, which interact in a mutualistic relationship with over 90% of 

plant species (Bonfante and Genre, 2010). Between various species 

and fungi these contribute to varying aspects of root system 

development (Ditengou et al., 2015), and intriguingly in Medicago 

truncatula, root plastids have been observed to possibly fuse to 

associated mycorrhizal fungi and assume highly filamentous networks 



15 
 

in response to this association (Fester et al., 2001; Lohse et al., 2005; 

Strack and Fester, 2006).  

Starting at the centre of the mature root and moving outwards, the first 

cell layer is the stele. This encompasses the vascular tissue of the root: 

the xylem elements (comprising the protoxylem and metaxylem), the 

phloem elements (comprising the companion cells and sieve 

elements), and the procambium and the pericycle (De Rybel et al., 

2015). The vascular tissue is required for long-distance transport of 

minerals, sugars, hormones and water through the phloem and xylem 

to the shoot, and to provide structure to the root (Kenrick and Strullu-

Derrien, 2014; Augstein and Carlsbecker, 2018). The endodermis 

encircles the stele/vascular bundle, and acts as a “gateway” for these 

elements moving into and out of the stele (Miyashima and Nakajima, 

2011), whilst its development is specified by the 

SHORTROOT/SCARECROW (SHR/SCR) pathway (Scheres et al., 

1994). The Casparian strip (CS) is vital for the function of the 

endodermal cells, providing the apoplastic barrier that allows for 

selective uptake of nutrients into the symplast, moderating any effects 

of high mineral toxicity (Geldner, 2013). This barrier is specified by 5 

CASP genes that provide the basis for the biosynthetic machinery that 

creates the CS (Roppolo et al., 2011). The surrounding cortex acts as 

a storage tissue and allows nutrients to diffuse from the epidermis to 

the inner cells files of the root (Cui, 2016). Finally, the outermost cell 

file of the root is the epidermis; this cell layer consists of highly 

specified pavement cells and root hair cells (Dolan et al., 1994). The 
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epidermis acts as a protective barrier for the other cell files deeper in 

the root, exuding a protective mucilage and helping regulate ion levels 

(Guimil and Dunand, 2007). Root hair cells and non-root hair cells are 

found in alternating files of cells (a type III arrangement) in Arabidopsis, 

known as trichoblasts and atrichoblasts respectively (Salazar-Henao et 

al., 2016). These root hairs increase the surface area of the root for 

nutrient and water uptake. Membrane transporters in the epidermis are 

responsible for this uptake of nutrients and ions, such as the Fe2+ 

transporters FRO2 and IRT1 (Vert et al., 2014), but also for exporting 

ions - such as the borate exporter BOR4 that helps combat boron 

toxicity by pumping it out of the plant (Miwa et al., 2014).  

 

1.2.2 Root tip morphology and development 

Root development begins during embryogenesis, with the 

establishment of the apical-basal axis and stem cell niches (Scheres, 

2007). In Arabidopsis thaliana, the spatial expression of WUSCHEL 

and WOX transcription factors works in tandem with a host of plant 

hormones and distinctly localised auxin transporters to specify the 

shoot-root axis (Su et al., 2015). The embryonic root emerges from the 

seed during germination, punching through the weakened testa, as a 

result of an inhibition of abscisic acid signalling (Karssen et al., 1983; 

Fujii et al., 2007) and increased gibberellic acid production 

(Yamaguchi, 2008). This ultimately gives rise to the primary root of the 

plant and the known morphology and structure that we observe in A. 
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thaliana (Wilson et al., 2013), all arising from the root apical meristem 

(RAM). This patterning is driven by the small group of cells at the 

centre of the RAM known as the quiescent centre (QC). Working 

through the PLETHORA (PLT) pathway and the SHR/SCR pathway 

(Scheres et al., 1994), these gene networks promote cell division and 

the maintenance of the stem cell niche respectively. It is from this 

starting point that the main cell layers and zones of the root described 

above are established. 

At the root tip, cells differentiate into two specific and new cell lineages 

– the lateral root cap and the columella cells. The lateral root cap is 

differentiated from the epidermis due to the action of the TORNADO 

genes, TRN1 and TRN2, in the epidermal initial cells (Cnops et al., 

2000). The lateral root cap is required for the transport of the auxin flux 

in the gravitropic response (Swarup et al., 2005), and is required to 

protect the meristem and columella cells (Raven and Edwards, 2001). 

Far from being a simple extra layer of cells between the delicate 

meristem and the surrounding soil, the lateral root cap secretes 

mucilage as an extra protective barrier (Iijima et al., 2008) and even 

exhibits a cuticle in its earliest developmental stage (Berhin et al., 

2019). The columella initial cells are specified by WOX5 acting in 

concert with peptide signalling such as CLE40 (Lenhard et al., 2007; 

van der Graaff et al., 2015). As the predominant site of cell division in 

the root, the root tip is the ideal place for the root to sense its 

surrounding environment and modulate its growth accordingly. The 

columella’s main role is in gravity-sensing, as it senses the direction of 
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the gravitational field applied to the root tip. Columella cells contain 

heavy starch-filled amyloplasts, termed as statoliths, that sediment with 

the gravity vector, and under the starch-statolith hypothesis, transduce 

a signal to the rest of the root to alter its growth (Su et al., 2017).  

 

1.2.3 Root tropisms 

The ability of a plant to quickly respond to its environment is an 

important one, and to be able to perceive and react to these 

environmental signals in a unidirectional manner is known as a tropism 

(Morita, 2010). Gravitropism, previously referred to as ‘geotropism’ 

(Audus and Brownbridge, 1957), is the process by which a plant 

modulates its growth in relation to the gravity vector in order to 

maximise its role as an anchor and facilitator of nutrient uptake. This 

process is constantly in balance with other tropisms such as 

hydrotropism (growth to/away from water) and phototropism (growth 

to/away from light), meaning the plant is constantly balancing the 

inputs from these various environmental signals to determine the best 

growth strategy. The root is negatively phototropic to blue and white 

light to avoid light stress and desiccation (van Gelderen et al., 2017), 

and generally exhibits positive hydrotropism to search out water and 

soluble mineral elements (Dietrich, 2018). This balancing act of 

tropisms occurs in both the shoot and the root, to constantly maintain 

an optimum growth strategy both above and below ground.  
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In shoots, gravitropism is negative as plants grow away from the 

gravistimulus, whereas the opposite is true in roots. Positive 

gravitropism means that the root grows towards the gravistimulus, and 

the perception of the gravistimulus takes place in the previously 

described columella cells in the root tip. Perception of this stimulus is 

transduced into a signal that is transmitted up the root to the elongation 

zone, where the main part of the growth response occurs (Morita, 

2010). The statolith’s main function in the process of gravitropism is 

during signal perception, and as the main sensor they also contribute 

towards the transduction of the signal (Lopez et al., 2014). This results 

in a flux of auxin up the lower side of the root, inhibiting growth on the 

side oriented towards the gravity vector (Swarup et al., 2005; Band et 

al., 2012). This causes differential growth between the top and bottom 

sides of the root, resulting in the root bending towards the gravity 

vector. Many studies have focused on signal transduction (Swarup and 

Péret, 2012) and the resulting growth response (Morita, 2010; Sato et 

al., 2015), and the auxin transporter and the mechanism of action that 

auxin takes (Armengot et al., 2016; Leyser, 2018).   

The gravity signal is perceived by the columella cells through the 

amyloplasts they contain, these specialised plastids are dense with 

starch grains that cause them to sediment with gravity (Baldwin et al., 

2013). This method of gravity detection is similar in the shoot and 

hypocotyl, though signal perception in the shoot occurs in the 

endodermis and differences in vacuolar and cytoskeletal structure 

leads to altered amyloplast dynamics (Palmieri and Kiss, 2005; Morita, 
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2010). The columella cells of the root have a specialised form of 

endoplasmic reticulum that contributes towards their functioning as 

statocytes, a form of cell specialised for gravity perception 

(Boonsirichai et al., 2002). This specialised ER is ‘flattened’ against the 

lower side of the cell and extends up the sides of the cell, leading it to 

be known as the cortical ER (Leitz et al., 2009). Through laser ablation 

studies, the second and third layers of columella cells from the 

columella initials have been identified as contributing the most to the 

perception of the gravity signal (Blancaflor et al., 1998). Genetic 

ablation studies have also confirmed these findings (Tsugeki and 

Fedoroff, 1999), and the use of starchless amyloplast mutants such as 

pgm-1 (as mentioned earlier) confirms the central role that the 

statoliths play in gravity signal perception (Vitha et al., 2000; Band et 

al., 2012). All these parts together form what is now the predominant 

theory of gravitropism, the statolith sedimentation theory (Figure 1.1). 

Gravity is sensed in the root tip by sedimenting statoliths, that 

transduce a signal to the rest of the root when they hit the 

corresponding columella cell wall. 

It should be noted however that none of these previous mutant-based 

approaches fully eliminate the gravity response, although they may 

delay it or reduce its strength. In maize, the statolith sedimentation 

theory has recently been challenged again, with new research 

suggesting that decapped roots still respond to gravity and a 

perception site outside the root cap must be responsible (Edelmann, 

2018; Richter et al., 2019). The pgm-1 mutant still responds to gravity  
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Figure 1.1 The statolith sedimentation theory 

Statoliths in the columella cell of the root tip sediment with the gravity 

vector. This sends a signal that creates a lateral auxin gradient, altering 

the pH on either side of the root, causing asymmetric growth that leads to 

the root bending back towards the gravity vector. 
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at about a 30% rate compared to the wild-type (Wolverton et al., 2011). 

Previous studies suggest similar reduced rates of response although 

with some variation, this could be due to differences in experimental 

setups (Kiss et al., 1989; Caspar and Pickard, 1989). An alternative 

hypothesis, known as the protoplast pressure hypothesis, suggests 

that the pressure of the cytoplasm and the cellular contents also 

contribute towards perceiving the gravistimulus (Staves et al., 1997). 

This hypothesis makes sense within the context of the pgm-1 mutant, 

where the plastids may still exert pressure upon the ER despite their 

reduced starch reserves. An alternate theory for this residual 

gravitropism proposes the existence of a ‘second motor’ completely 

separate from the columella cells, where gravity is perceived in the 

lateral root cap or the meristem through changes in the cell’s electric 

potential (Mullen et al., 2000; Wolverton et al., 2002, 2011). This theory 

is backed up by the apparent existence of two zones of growth 

response, termed the ‘distal elongation zone’ (DEZ) and the ‘central 

elongation zone’ (CEZ) (Wolverton et al., 2002).  

 

1.3  PLASTID DYNAMICS AND DIVISION 

 

1.3.1 Plastid division 

The ability for an organelle to divide is crucial to maintain their 

population in daughter cells, and this process must be synchronous 

with cell division (Birky, 1983). Plastid division has its origins in its 

cyanobacterial ancestor’s division systems, in the same way that 
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mitochondrial division has evolved from its α-proteobacterial ancestor’s 

(Miyagishima, 2011). Most plastid division research has been focused 

on the chloroplast, and knowledge of any differences in division 

mechanisms in other plastid types is not known.  

Research based on electron microscopy studies initially showed 

chloroplasts constricted by some form of central apparatus, presumed 

to be for the purpose of division (Whatley, 1988). Subsequently, the 

bacterial homolog FtsZ genes were identified as major controlling 

elements in the formation of this dividing ring (Osteryoung and Vierling, 

1995; Osteryoung et al., 1998), solidifying the theory that plastid 

division mechanisms evolved directly from cyanobacterial ones. A vital 

resource for the initial and continuing research into plastid division was 

forward genetic screens of nuclear mutants to identify the accumulation 

and replication of chloroplasts mutants (arc) (Pyke and Leech, 1992),. 

The arc mutants are a collection of plastid division mutants that exhibit 

a large variety of aberrant plastid number and morphology phenotypes. 

Perhaps most dramatically, the arc6 mutant contains only two 

chloroplasts in each mesophyll cell, each 20 times larger than those of 

wild-type (Pyke et al., 1994). Further research has indicated that the 

ARC6 protein works in tandem with a host of other proteins, including 

PARC6, ARC5, MinE, MinD, PDV1, PDV2 and more, to arrange rings 

of proteins on the outer envelope of the plastid and the inner 

membrane (Osteryoung and Pyke, 2014). Firstly, the plastid begins to 

constrict at its midpoint, the envelope membranes begin to remodel, 

and the thylakoid membranes are partitioned between the two daughter 
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plastids. Two dividing rings coordinated by and made from the 

previously mentioned proteins form, these rings then constrict, causing 

the plastid to divide in a manner of binary fission. Root plastids may not 

divide by this same mechanism however, as transcriptomic studies into 

soybean suggest that these genes are not expressed in the root tip 

(Haerizadeh et al., 2011). This brings to mind the possibility of an 

altered method of plastid division in the root (Bramham and Pyke, 

2017). 

The proportion of the cell that any given class of organelle takes up is 

important for cellular efficiency and homeostasis. Plastid division is a 

vital tool for regulating the size of the plastidial compartment and has to 

be tightly controlled depending on cell age and differentiation status 

(Osteryoung and Pyke, 2014). In leaf mesophyll cells, the size of the 

chloroplast compartment is equally proportionate to the cell no matter 

its size, suggesting a stringent controlling mechanism (Kawade et al., 

2013). Recent research argues that chloroplast compartment size is 

controlled by multiple mechanisms including light signalling and 

chlorophyll deficiencies, perhaps effecting through REC genes (Larkin 

et al., 2016). 

 

1.3.2 Plastid dynamics 

The ability of an organelle to exhibit dynamic movement in response to 

its cellular environment is vital for optimal cellular function in stress 

responses, cellular homeostasis, and cellular division. In plants, the 

dynamics of the nucleus have been well-studied since fluorescence 
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microscopy allowed greater real-time resolution for organelle tracking 

(Chytilova et al., 2000). These organellar dynamics are similarly 

exhibited in most organelles such as mitochondria and peroxisomes, 

but also the plants’ unique organelle, the plastid. Chloroplasts found in 

leaf mesophyll cells require the ability to move in order to maximise the 

photosynthetic capacity of the leaf (Takemiya et al., 2005), and to 

reduce the damaging effects of an excess of UV rays in strong light 

(Park et al., 1996). This is a classic example of the plastid’s existence 

as a dynamic organelle, demonstrating its ability to respond to blue 

light through information transmitted to it from photoreceptors such as 

phototropins (Wada, 2016). Negative photorelocation occurs over the 

course of a few minutes, depending on the strength of the damaging 

light (Tsuboi and Wada, 2011), but chloroplasts will also positively 

accumulate towards blue light in lower light intensity environments. 

Plastids can move even faster than this, moving at a speed of up to 

4.5μm/sec in the pollen tube of A. thaliana (Fujiwara et al., 2012). The 

biological significance of this “high-speed” movement is yet unknown.  

The intercellular movement of plastids in other cell types has not been 

seriously considered until recently, where the concept was boosted by 

the discovery of the movement of plastid DNA between graft partners 

in commercial tobacco, Nicotiana tabacum (Stegemann and Bock, 

2009). Further molecular work and imaging confirmed that the full 

chloroplast genome could be transferred between species across a 

graft junction (Thyssen et al., 2012; Stegemann et al., 2012). The 

movement of “naked” plastid DNA was discounted as a highly unlikely 
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event due to the movement of the whole genome as opposed to 

fragments, and the recent discovery that mitochondria also move 

across graft junctions lends credence to this theory (Gurdon et al., 

2016). Movement of either the entire organelle, or some form of plastid-

derived vesicle through a theoretical budding event, is thought possible 

(Pyke, 2013). This form of organelle transfer could be facilitated by 

plasmodesmata; normally too narrow to allow the movement of even 

large molecules. It is known that plasmodesmata have a large variety 

of morphologies (Lucas et al., 2009) and that the de novo 

plasmodesmata formed in graft unions may have even larger diameters 

without the endoplasmic reticulum and desmotubules occupying the 

space within. If similar plasmodesmata exist throughout the plant, they 

could facilitate the movement of plastids between cells in other plant 

tissues.  

In the niche of intracellular plastid dynamics, beyond the action of 

chloroplast photorelocation, functional analysis of the large-scale 

movement of plastids is most well-studied in the root. Amyloplast 

movement in the columella cells and its subsequent impact on the 

gravitropic growth response has been studied for upwards of half a 

century (Audus, 1964). The amyloplasts in the columella cells do not 

only exhibit movement when presented with a gravitropic stimulus, but 

undergo a constant ‘saltatory’ motion (apparently random movements 

beyond usual Brownian motion) as the root grows downwards (Leitz et 

al., 2009). It has been shown that amyloplasts and the actin 

cytoskeleton are inextricably linked as the root is stimulated in the 
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process of gravitropism (Blancaflor, 2002), but this saltatory movement 

is also exhibited during normal primary root growth. Recent evidence 

favours the proposed theory where amyloplasts are entrapped in 

filamentous actin “cages” (Zheng et al., 2015; Zou et al., 2016), 

although this area of research has often produced conflicting results 

(Blancaflor, 2013). Imaging the actin cytoskeleton is a very useful tool 

in this research, but marking actin with fluorescent labels affects its 

function depending on how it is labelled, and this may influence the 

observed results (Dyachok et al., 2014; Flores et al., 2019). The fine-

tuning of complex plastid-actin dynamics in the columella is thought to 

affect the rate of curvature in a gravistimulated root (Hou et al., 2004), 

setting a precedent for the dynamics of plastids on a micro scale 

affecting the growth of the root on a macro scale. 

 

1.3.3 Plastid pleomorphy and stromules 

The most striking feature of root plastids is the great variety of 

morphologies that these organelles adopt (Pyke, 2009). This is in stark 

contrast to the uniformity of shape and size exhibited by leaf mesophyll 

cell chloroplasts (Possingham et al., 1975; Ellis and Leech, 1985). 

Imaging of non-green plastids has only become easily accessible with 

major improvements in fluorescence microscopy and imaging, 

specifically the development of green fluorescent protein (GFP) as a 

fluorescent marker (Chalfie et al., 1994). This was swiftly followed by 

efforts to target the fluorescent protein to the stroma of the plastid in A. 

thaliana (Kohler et al., 1997). Non-green plastids were shown as highly 
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dynamic and pleomorphic, coming in a variety of shapes and sizes, 

including intriguing ‘dumbbell’ shapes (Hanson and Sattarzadeh, 

2013). These dumbbell-shaped plastids are thought to be plastids that 

are currently dividing, or whose division has been arrested. 

Stromules were the most obvious new additions to plastid morphology 

discovered from this resource; highly dynamic, membranous, tubular 

extensions that appeared to traffic GFP between plastids (Kohler and 

Hanson, 2000). Further experimentation in other species revealed that 

stromule formation can be observed in other plastid types such as 

chloroplasts and chromoplasts, not just non-green plastids, confirming 

earlier observations of plastid extensions (Wildman et al., 1962). 

Current thinking suggests that stromules form as a measure by which 

the plastid can increase its surface area, and thus its points of contact 

with the rest of the cell (Osteryoung and Pyke, 2014). This is supported 

by research that suggests stromule formation is not dependent on the 

type of cell that the plastid resides in, but the differentiation status of 

the plastids in the cell and their density (Waters et al., 2004). This is 

also observed in the immune response, where stromules increase 

contact between the plastid and infecting pathogen as part of the 

cellular defence mechanism (Sampath Kumar et al., 2018; Toufexi et 

al., 2019). This surface area theory is reinforced by the observation 

that plastids can localise to the nuclear membrane, where stromules lie 

within grooves in the nuclear envelope, presumably to facilitate 

communication and faster molecular exchange (Kwok and Hanson, 

2004b). Stromules have also been observed to contact the 
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endoplasmic reticulum, even appearing to latch on to extensions from 

the ER (Schattat et al., 2011).  This research also found that these 

extensions tend to arise in conjunction with stromules, suggesting that 

the two could be induced by the same or similar aspects of the cellular 

environment (Schattat et al., 2011). All this evidence points towards the 

function of stromules as a means by which plastids can traffic the 

multitude of metabolites and products they receive and create around 

the cell faster, and more efficiently, in response to certain stimuli or 

changes in the cellular environment; perhaps functioning as some form 

of sensory plastid.  

The original research from photobleaching experiments suggested that 

GFP was trafficked from plastid to plastid via stromules (Kohler et al., 

1997), and further investigations similarly suggested the movement of 

GFP-labelled Rubisco and aspartate aminotransferase (Kwok and 

Hanson, 2004a; Hanson and Sattarzadeh, 2013). This research brings 

forward the theory that stromules may be able to fuse with each other 

to exchange metabolites. However, recent research using green-to-red 

convertible EosFP calls these experiments into doubt, along with the 

theory that stromules can create interconnected plastids (Schattat et 

al., 2012). It has been theorised that plastids being imaged in this 

manner are simply dividing or in an arrested stage of division (Schattat 

et al., 2014), and this would begin to explain some of the strange 

morphologies observed when stromules and root plastids are 

discussed. 
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1.4  ADVANCES IN IMAGING METHODS 

 

1.4.1 Visualising plastids and gravitropism using fluorescence 

Chloroplasts have been studied using microscopy since their discovery 

in the early 1800s (Von Mohl, 1837), and light microscopy provided 

some of the first insights into their finer detail; the identification of 

chlorophyll (Wolken, 1938), and the first observations of thylakoids 

stacked into grana (Menke, 1962). Later methods transferred to 

transmission electron microscopy (TEM), characterising sub-organellar 

structures such as the prolamellar bodies (Gunning, 2001), and 

providing much finer resolution of plastid ultrastructure.  

Methods of observing and studying plastids through microscopy have 

primarily moved towards fluorescent imaging (Delfosse et al., 2016), 

although imaging methods such as electron microscopy are still very 

relevant with the advent of modern image analysis and computing 

capabilities (Kittelmann et al., 2016). Epifluorescence and confocal 

microscopy provide two platforms for observing either natural 

fluorescence or fluorescent reporters in organisms. Leaf chloroplasts 

have been classically easier to image with fluorescent methods, as 

they autofluoresce when illuminated with almost any visible wavelength 

of light, and give a broad and bright emission that peaks at ~680nm 

(Kodama, 2016). The autofluorescence chloroplasts demonstrate 

contrasts with other organelles in the plant cell, which have historically 

been imaged in a different manner– using fluorescent dyes and stains. 
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The lack of a stain that suitably targets leucoplasts meant that the 

advent of GFP was vital for research into root plastids.  

Targeting plastids with fluorescent proteins has now been done for the 

past 3 decades (Kohler et al., 1997), and is an invaluable tool for the 

study of plastid morphology and dynamics (Itoh et al., 2010). Random 

GFP fusions have provided insight into a number of subcellular 

dynamics (Cutler et al., 2000), perhaps most usefully through the 

creation of various markers such as LTI6a, used to mark the cell 

plasma membrane (Grebe et al., 2003). Likewise, in the field of 

gravitropism, fluorescence based studies targeting auxin influx carriers 

such as AUX1 (Swarup et al., 2001, 2004), and auxin efflux carriers 

such as PIN proteins (Grunewald and Friml, 2010), and ABCB 

transporters (Henrichs et al., 2012), has greatly expanded our 

knowledge of the dynamic nature of the root during the gravitropic 

response.  

Targeting the auxin molecule itself with a faithful fluorescent reporter 

for accurate quantitative analysis has been a vital aim since the 

potential for fluorescent markers has been understood. The most 

common auxin markers for the past two decades have been based on 

auxin-inducible DR5 reporters (Ulmasov et al., 1997; Sabatini et al., 

1999), unfortunately these reporters exhibit time lags and do not 

faithfully report the true distribution of auxin at the cellular level 

(Chapman and Estelle, 2009). DII-Venus is a fluorescent reporter fused 

to domain II of the TIR1/AFB complex (Brunoud et al., 2012). This 

creates a fast maturing and fast degrading fluorescent reporter that can 
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more faithfully reflect auxin signalling over time. It has already been 

used successfully to further understand the movement of auxin during 

the gravitropic response (Band et al., 2012), and towards the 

understanding of the movement of auxin throughout the whole root 

(Band et al., 2014). It is worth noting that this does not reflect the only 

mechanism through which auxin acts, with recent studies backing up 

non-canonical methods of auxin signalling that act much too rapidly for 

the TIR1/AFB transcriptional regulation (Fendrych et al., 2018; Dindas 

et al., 2018). More recently, DII-Venus has been modified to emit red 

fluorescence as auxin accumulates; termed R2D2 (Liao et al., 2015), 

this reporter provides an interesting step forward in more quantitative 

analysis of changing auxin levels over time, with potential applications 

in the study of other degradation-based hormone pathways.  

 

1.4.2 Microscopic and microfluidic advances 

Microscopy has advanced in several exciting ways in the past couple of 

decades, with many relevant impacts on botanical imaging including 

light sheet microscopy, microfluidics, and electron microscopy. Light 

sheet fluorescent microscopy (LSFM) provides a completely new tool 

for live imaging of whole plants. Optical sectioning is achieved through 

illumination of a single plane of the sample using a thin light sheet, 

rather than the pinhole a confocal microscope uses (Reynaud et al., 

2008). Originally utilised for the imaging of animals (Keller et al., 2008), 

the main advantage of LSFM is its potential to bleach a sample by 
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~5000x less than a conventional confocal microscope (Keller et al., 

2010) – an incredibly useful upside for time-series data and large Z-

stacks. A light sheet microscope also has a temporal advantage – 

illuminating the sample plane for imaging only once,  compared to the 

slower point scanning of a confocal microscope (Weber et al., 2014). 

Light sheet microscopes with top-loaded chambers also enable full 

rotation of the sample, and greater optical depth than typical one-

photon confocal microscopy (Höckendorf et al., 2012; Fricker et al., 

2016). LSFM has fast been adapted for whole plant usage, exhibiting 

near-perfect growth conditions whilst imaging takes place (Timmers, 

2016). Full organ imaging has been shown to work well over long 

periods of time when utilising LSFM, with the emergence and early 

growth of the lateral root of A. thaliana imaged near perfectly (Maizel et 

al., 2011). Although the spatial resolution of LSFM is generally reduced 

in comparison to a confocal setup (Berthet and Maizel, 2016), plant 

organelles from plastids, to the cytoskeleton, to endosomes, have been 

accurately imaged on light sheet microscopes (Ovečka et al., 2018) 

making LSFM a promising setup for research into root plastids. 

Microfluidic devices are useful tools in microscopy, the ability to image 

a sample and subject it to certain treatments or simply keep it alive for 

a longer imaging period, is very powerful. The use of microfluidics for 

scientific research has been commonplace in the animal and  cellular 

biology community for decades now – often referred to as Lab-on-Chip 

devices (LOCs), microfluidics and mammalian cell culture are obvious 

partners (Andersson and Van den Berg, 2003). In planta, microfluidics 
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has been slower to catch on. One of the first reported microfluidics 

platforms for plants was in 2010 (Meier et al., 2010), and the now more 

popular RootChip was first published in 2011 (Ehrhardt et al., 2011). 

The RootChip has since been elaborated on, with the evolution of a 

dual-flow-RootChip for studying asymmetric environmental conditions 

(Stanley et al., 2018), and a vertical-RootChip to be mounted on a 

vertical stage confocal microscope (Fendrych et al., 2018). Light sheet 

microscopes are also ideal setups for fluid treatments, and the animal 

biology community already uses them routinely and creatively (Yang et 

al., 2019). Microfluidics devices offer a variety of opportunities for root 

plastid research, to understand how environmental conditions affect 

plastid morphology and dynamics. 

Electron microscopy has been used to study plants for most of the past 

century, however its inherent inability to study living samples in 3D has 

meant it has often fallen in favour compared to fluorescence 

microscopy in the biological sciences. But electron microscopy is still a 

vital tool for imaging at very small resolutions, with standard scanning 

electron microscopy (SEM) still boasting around 10-fold greater 

resolution than some forms of superresolution microscopy (Šamaj et 

al., 2017). At the nanoscale, cryo-EM can image biomolecules at 

almost atomic resolution (Murata and Wolf, 2018), work recognised 

with a Nobel Prize in 2017. Cryo-EM also has applications on a much 

larger scale; focused ion beam SEM (FIB-SEM) is a method by which 

samples are instantaneously frozen at high pressure and imaged with a 

traditional SEM beam. However, by using a higher current gallium ion 
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beam, the sample can be milled and effectively sectioned to allow 3D 

reconstruction of the sample (Miller and Cahoon, 2014). This greater 

spatial resolution in x, y, and z demonstrates the benefits of electron 

microscopy in comparison to fluorescence, full 3D reconstruction of the 

sample at a nm level. This is also shown in serial block face SEM 

(SBF-SEM), where a microtome and an SEM are combined. A sample 

is fixed, mounted and imaged using a standard SEM, but the imaged 

sample face is cut at set intervals and continually scanned to 

eventually reconstruct the sample in 3D (Hughes et al., 2014). Both 

methods offer much better 3D reconstruction, deeper into the sample, 

and at greater resolution than what fluorescence microscopy offers. 

The obvious downside being the lack of a temporal dimension due to 

the requirement of using fixed or frozen sample material.  

This study combines these various microscopic methods and 

developments to study the morphology and dynamics of root plastids in 

gravitropism and development. 

 

1.5 AIMS OF THIS WORK 

The guiding aim of this research is to improve our understanding of the 

function and nature of root plastids through their morphology and 

dynamics. Root plastids are a generally understudied niche of plant 

biology with many basic unknowns. Primarily though microscopic 

methods, this research aims to: 
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1. Understand the physical connection between root plastids and 

the cytoskeleton. 

2. Reveal the extent to which plastids play a role in gravitropism. 

3. Investigate what elements of the plastid division apparatus root 

plastids have in common with that of chloroplasts. 

These questions will be addressed in four experimental chapters. In 

Chapter 3, the nature of the relationship between the actin cytoskeleton 

and statoliths in gravitropism will be investigated. In Chapter 4, the 

pgm-1 mutant is used to assess the extent to which plastid – 

endoplasmic reticulum contacts matter in gravitropism. Chapter 5 looks 

more broadly at the relationship between root plastids and the 

cytoskeleton outside of the process of gravitropism. Finally, Chapter 6 

compares the effects of mutations in the plastid division apparatus 

between the leaf and the root. 
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2 MATERIALS AND METHODS 

 

2.1 GENERAL MATERIALS 

All laboratory chemicals and agar were obtained from Sigma unless 

otherwise mentioned (Sigma-Aldrich Company Ltd., Gillingham, 

Dorset, UK). 

 

2.2 PLANT MATERIAL AND GROWTH CONDITIONS 

 

2.2.1 Seeds stock of A. thaliana 

Transgenic lines of Arabidopsis thaliana were obtained and crossed 

through the duration of this research. All Arabidopsis  lines are 

described here in Table 2.1, with the exception of plastid division 

mutants which are described in Table 6.1. 

 

2.2.2 Seedling growth conditions 

All Arabidopsis was stratified at 4ºC for 48hrs post-sowing on plates, so 

as to coordinate germination time. Agar plates were prepared with ½ 

Murashige & Skoog salts and 0% sucrose unless otherwise stated 

(Murashige and Skoog, 1962). Media pH was set to between pH 5.8 

and pH 6.0 unless otherwise stated, and all plates were made with 1% 

agar. All plates used were 120x120mm Greiner dishes from Sigma-

Aldrich (Sigma-Aldrich Company Ltd. Gillingham, Dorset, UK), and 

filled with 50ml of media.  
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Arabidopsis was germinated in a Conviron CMP 6010 growth cabinet 

at 23ºC and 16hr day / 8hr night schedule. Seedlings grown at a 12hr 

day / 12hr night schedule were germinated in a growth room at 21-

25ºC. All seedlings were grown under a fluence rate of 100µmol m-2 

sec-1 of white light. 

 

2.2.3 Crossing and screening A. thaliana 

Plants were grown at a 16hr day / 8hr night schedule until a number of 

inflorescences were available for attempted crossing. Crossing was 

done in the morning to improve the pollen viability. Several 

inflorescences were chosen on female partners, and the siliques on the 

shoot below were cut off the plant. Inflorescences were chosen due to 

having a higher number of unopened, large buds. Smaller buds and 

opened flowers were cut away using a small pair of scissors and bent-

tip forceps under a dissecting microscope. This usually left ~4-6 buds 

on each inflorescence. Under a dissecting microscope the sepals, 

petals, and anthers were carefully removed from each bud using ultra-

fine forceps. Pollen was taken from the male partner by removing 

opened flowers with bent-tip forceps and brushing the anthers against 

the exposed stigma of the female partner. This was repeated with each 

bud on each inflorescence, and forceps were cleaned in 70% ethanol 

between crossing events to remove and sterilise any pollen. 

Inflorescences were tagged with a small piece of tape around the 

exposed stem. Plants were kept moist in plastic sleeves to increase the 

chances of successful crossing and inspected after ~7 days. 
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Elongated, plump, green siliques were indicative of a successful cross, 

and after being checked regularly over the next couple of weeks dry, 

brown siliques were harvested. Confirmation of a successful cross was 

determined using fluorescence screening, selection marker screening, 

or PCR. 

 

2.3 LIGHT MICROSCOPY AND SAMPLE PREPARATION 

 

2.3.1 Lugol’s iodine staining for starch 

Roots were cut from 6- or 7-day old seedlings using a sterile pair of 

scissors and submerged in 80% acidified methanol for 15 minutes. The 

samples were then moved to a solution of 70% ethanol and 6% sodium 

hydroxide for 15 minutes, before being moved through an ethanol 

rehydration series of 40%, 20% and 10% with 5 minutes in each 

solution. Samples were finally moved into dH2O and kept at 4ºC for up 

to a week. Before imaging samples were stained with Lugol’s iodine 

solution (0.37% iodine, 0.71% potassium iodide) for 1 minute.  

 

2.3.2 Fixing and imaging of leaf chloroplasts 

Fixing protocol for imaging leaf chloroplasts was done according to 

(Pyke and Leech, 1992). The first true leaves were harvested from A. 

thaliana seedlings and fixed in 3.5% glutaraldehyde. Samples were 

kept for at least 24 hours at 4ºC in the dark before being transferred to 

0.1M pH 9.0 Na2EDTA. Samples were then put in a water bath at 65ºC 

for 3 hours, being periodically shaken whilst ensuring that the samples 
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stayed suspended in the solution. Once mounted on a slide, samples 

were gently crushed with the end of a pen underneath a coverslip to 

break the cells apart from each other for imaging. 

 

2.4 CONFOCAL AND LIGHT SHEET MICROSCOPY 

 

2.4.1 Leica SP8 confocal microscope imaging 

Confocal microscopy was performed using an inverted Leica TCS SP8 

confocal microscope (Leica Microsystems UK Ltd., Milton Keynes, 

United Kingdom). The SP8 uses an acousto-optical beam splitter. An 

Argon laser split to perform at 488nM and 514nM was used to excite 

GFP, and also excite YFP, Venus, tdTomato, propidium iodide, and 

FM4-64 respectively. A DPSS 561nM laser was used to excite dsRed. 

All emitted photons were captured using a Leica hybrid detector (HyD); 

GFP emission was collected from 495 – 526nM, YFP and Venus 

emission was collected from 519 – 620nM, tdTomato emission was 

collected from 570 – 620nM, propidium iodide and FM4-64 emission 

was collected from 570 – 790nM, and dsRed emission was collected 

from 570 – 650nM. Objectives used included a HCX PL Fluotar 

10x/0.30, a HC PL Fluotar 20x/0.50, a HCX PL APO 40x/0.85 CORR 

CS, and a HC PL APO 63x/1.20 W motCORR CS2. Objectives used 

for each experiment are described in their respective results section. 

Experimental procedures for staining and sample preparation are 

described later. 
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2.4.2 Nikon C1 confocal microscope imaging and vertical stage 

For vertical stage microscopy, an inverter from LSM Technologies was 

fitted to a horizontal objective from a Nikon Eclipse Ti microscope 

(Nikon UK Ltd., Surrey, United Kingdom) (Band et al., 2012). Seedlings 

were illuminated with direct light. Seedlings were transferred from 

growth plates to a fresh plate mounted on the vertical stage for 

imaging. The confocal microscope used for vertical stage microscopy 

was a Nikon C1 confocal microscope.  

 

2.4.3 Flow cell design and set-up  

The flow cell was designed around the Dedicated Workstation Vacuum 

System and DN Series Constant Flow Syringes from Warner 

Instruments (Warner Instruments, LLC, Hamden, Connecticut, USA). 

Briefly, the setup uses a dual-flask vacuum pump for suction and waste 

storage, and gravity fed syringes for input. The main imaging chamber 

was based upon and redesigned from the RC-27N Narrow Rectangular 

Bath from Warner Instruments. The new design was made in Fusion 

360 (AutoDesk Ireland Operations Ltd., Dublin, Ireland) and 3D printed 

on a FormLabs Form2 stereolithography 3D printer out of FormLab’s 

Black Tough Resin or FormLab’s Flexible Resin (FormLabs Inc., 

Somerville, Massachusetts, USA). 
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2.4.4 FM 4-64 and propidium iodide staining for plasma membrane 

visualisation 

FM 4-64 was aliquoted into 5µl at 2mM and diluted to 2µM for imaging. 

Dosages for experiments were prepared by adding 5ml of dH2O to 

each aliquot. Roots were submerged fully in the solution for 5 minutes 

before being imaged. 

Diluted propidium iodide solution was prepared by adding 50µl of 

1.0mg/ml propidium iodide to 1ml of dH2O to make a 7.5µM propidium 

iodide solution for staining. Roots were submerged fully in the solution 

for 5 minutes before being gently washed in dH2O and imaged. 

 

2.4.5 Pseudo-Schiff propidium iodide staining for carbohydrates 

Roots were harvested for Pseudo-Schiff propidium iodide (PSPI) 

staining at 6 days old and fixed in a 50% methanol 10% glacial acetic 

acid solution at 4ºC for 24hrs. Samples were then rinsed in dH2O for 2 

minutes before being submerged in 1% periodic acid for 40mins. 

Samples were then rinsed 2-3 times in dH2O, before being submerged 

in PSPI solution for 2hrs (1.5Mm hydrochloric acid, 100mM sodium 

metabisulphite, and 50µl/ml of 1mg/ml propidium iodide solution). 

Samples were then rinsed in dH2O and mounted on slides in a solution 

of 40% glycerol and 30% chloral hydrate. Roots were left for an hour to 

clear and then imaged on a Leica SP8 confocal microscope. 
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2.4.6 Focused ion beam scanning electron microscopy 

Electron microscopy stubs were prepared before imaging by gluing wet 

filter paper to the imaging face of the stub. 6-day old Arabidopsis 

seedlings were grown vertically on plates and root tips were cut and 

mounted onto the wet filter paper on the stub. Root tips were held 

vertically with the tip pointing perfectly downwards for 10 minutes 

before being instantaneously frozen in a Quorum Technologies 

PP3010T Cryo-SEM preparation system. All imaging was done on an 

FEI Quanta200 3D DualBeam FIB/SEM.   

 

2.4.7 Drug treatments of plant tissue 

All drug treatments were prepared by creating stock solutions and 

diluting to the appropriate concentrations for their respective 

experiments. A 2mM stock solution of latrunculin-B (Lat-B) (Merck UK, 

Nottingham, United Kingdom) was prepared in 100% ethanol by adding 

395.51µg to 500µl of ethanol and kept at -20ºC. A 10mM stock solution 

of oryzalin was prepared by adding 51.95mg to 15ml of DMSO and 

aliquoting 1ml of solution into 15 1.5ml Eppendorf tubes. Stock 

solutions were kept at -20ºC.  

 

2.5 IMAGE AND STATISICAL ANALYSIS 

 

2.5.1 Using RootNav to measure root growth rate 

Root growth rate was measured in RootNav (Pound et al., 2013) by 

measuring each root from the same spot whilst analysing image for 
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root tip angle. All images were pre-processed, and a line was added to 

each seedling throughout the time series to measure from. Primary root 

length was exported at the end of the analysis, and hourly growth rate 

over the experiment was derived from this. 

 

2.5.2 Using RootNav to measure root tip angle 

Root tip angle was measured in RootNav (Pound et al., 2013). Images 

were collected using an infrared camera trained on plates after a 

gravistimulus was applied in the dark. Images were collected hourly 

over the course of the 12 hours dark cycle in the growth room. Images 

were edited in FIJI (Rasband, 2014). Firstly images were inverted, and 

the contrast enhanced by 0.2% to aid RootNav in finding root tips 

against a grey background. The image was then cropped to remove 

unnecessary and confounding background. Roots were semi-manually 

identified in RootNav, and root tip angle was exported for each 

seedling at each timepoint.  

 

2.5.3 Measuring fluorescence intensity of DII-Venus 

DII-Venus fluorescence intensity was measured in FIJI (Rasband, 

2014) according to previously published methods (Larrieu et al., 2014). 

Stacks of DII-Venus seedlings were taken for the experiments at time 

points of 0hrs, 1hr, and 2 hrs. The slice in the stack  with the most 

central nuclei in the lateral root cap (LRC) was identified for analysis. 

The integrated density of the LRC cells on the top and bottom of the 

root was measured, and the background subtracted to find the 
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fluorophore-specific fluorescence. The ratio between the top and 

bottom halves of the root were measured.  

 

2.5.5 Analysis of statolith and root plastid movement using bulk 

remodelling index 

Dynamics of statoliths and root plastids were measured in FIJI using 

the bulk remodelling index (Rasband, 2014), created by a pairwise 

subtraction method according to previously published research (Tolmie 

et al., 2017). As described in Figure 2.1, time series were thresholded 

between 45 and 255, removing background noise whilst retaining the 

fluorescent information imaged. A median filter of 0.2 was applied to 

remove any extra noise, and the image was subsequently inverted and 

converted to RGB from 8-bit. The time series was then duplicated, and 

the first image of the first time series was removed, whilst the last 

image of the second time series was removed. If necessary, a region of 

interest was created for specific measurements. Firstly, the ‘Color Pixel 

Counter’ plugin was used to measure the number of fluorescent pixels 

in the first time series. The second time series was then subtracted 

from the first time series using the ‘Image Calculator’, so that each time 

frame subtracted its previous neighbour to create an image of the 

difference between the two. Finally, the ‘Color Pixel Counter’ was then 

used to measure the number of fluorescent pixels in this subtracted 

time series. The bulk remodelling index was created by dividing the 

number of subtracted fluorescent pixels in a frame over the number of 

fluorescent  
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Figure 2.1 Image analysis workflow for bulk remodelling index 

From (Tolmie et al., 2017), the bulk remodelling index was calculated in 

the same manner in this research with one change. Images were not 

collected as Z-stacks, and as such were not maximum projected as in Step 

1. 
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pixels in the first time frame of each pair. For a full time series, this bulk 

remodelling index was then averaged for each slice to produce a mean 

bulk remodelling index for the full time series.  

 

2.5.6 Shape analysis of root plastids and statoliths 

Shape analysis was performed in FIJI (Rasband, 2014) using the 

polygon selection to manually section out plastids from their 

background in 2 dimensions. Time series of 5 minutes were taken from 

confocal stacks and the midpoint of each time series was used to 

analyse plastid shape. A 24µm wide and 93µm tall region of interest 

was highlighted, and all discernible whole plastids within the region 

were measured. Plastids were discerned from their neighbours as 

whole or connected before measurement by scrolling through the time 

series to observe if they moved apart or stayed together before and 

after the midpoint, assuming no fusion or division over the measured 

time scale of 5 minutes.  

The shape descriptors chosen to measure and analyse for statoliths 

were area, perimeter, and aspect ratio. For mature root plastids, 

circularity and Feret diameter were also chosen. 

 

2.5.7 Statistical analysis and graphs 

All statistical analysis was performed in Microsoft Excel 2019 or 

GraphPad Prism version 7.04 for Windows, GraphPad Software, La 

Jolla California USA. Data was first entered into Microsoft Excel, but 

statistical tests were carried out in GraphPad Prism and all graphs 
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were unless otherwise specified. Statistical tests used included 

parametric t-tests and Mann-Whitney U-tests. If the sample number 

was too low to assume a normal distribution, then the non-parametric 

Mann-Whitney U-test was used. All data was assumed to be unpaired, 

and with unequal standard deviations. All graphs represent the median 

value, with 95% confidence intervals either side unless otherwise 

stated.  
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3 ACTIN DISRUPTION IN STATOLITH SALTATION AND 

SEDIMENTATION 

 

3.1 INTRODUCTION 

 

3.1.1 The plant cytoskeleton 

Originally thought to be unique to eukaryotes, the cytoskeleton is a 

common subcellular structure across all prokaryotic and eukaryotic 

organisms (Wickstead and Gull, 2011). In eukaryotes, the two major 

components of the cytoskeleton are tubulin and actin. In prokaryotes, 

Filamenting temperature-sensitive mutant Z (FtsZ) is one of the most 

common tubulin homologues (Mukherjee and Lutkenhaus, 1994), and 

Cell shape determining protein mreB (MreB) fulfils the role of the actin 

cytoskeleton (Figge et al., 2004). This chapter will focus on the 

eukaryotic cytoskeleton and its role in gravitropism in Arabidopsis, but 

it is worth noting that FtsZ is conserved in the plastid division 

mechanisms of the plastids of higher plants and this will be returned to 

in a later chapter.  

Actin and tubulin are the two main players, and both polymerise with 

monomers of themselves to form the filaments of the cytoskeleton. The 

cytoskeleton plays a vital role in plant growth and development. 

Microtubules assemble by forming tubulin dimers of α-tubulin and β-

tubulin (Szymanski, 2002), the filaments formed assemble the cortical 

microtubule array. The cortical microtubule array patterns the synthesis 

of cellulose fibres in plant cells, which exerts a large degree of control 
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over the ultimate shape of the cells and the whole plant (Elliott and 

Shaw, 2018). Cellulose is laid down parallel with the cortical 

microtubules, providing part of the basis of elongating cell growth (Kost 

and Chua, 2002). The cortical microtubule array also has an important 

part to play in cell division, much likes its prokaryotic homologue FtsZ. 

Cortical microtubules assemble and condense around the nucleus, and 

then form the new cell plate as the cell divides (de Keijzer et al., 2014). 

With such an important role to play in both cell growth and division, a 

fully functioning microtubule array is vital for plant development.  

When considering relationships with organelles such as the plastid, the 

actin cytoskeleton has a well- established role. Actin filaments form 

from the polymerisation of actin monomers, known in its unpolymerised 

form as G-actin and in its polymerised form as F-actin (Smertenko et 

al., 2010). Like microtubules, actin has an important role to play in cells 

expansion, but orients parallel to the plane of expansion rather than in 

the transverse fashion of the microtubules (Bashline et al., 2014). The 

actin cytoskeleton is important for organelle trafficking and cytoplasmic 

streaming, and the actin-myosin XI system is the major contributor to 

this motion (Duan and Tominaga, 2018). Cytoplasmic streaming is 

necessary for the proper diffusion of molecules and cellular 

components throughout the cell, to meet the proper metabolic 

demands of the various cellular compartments (Goldstein and van de 

Meent, 2015). The connection of the actin network to organelles aids in 

the same purpose, to facilitate the continued interaction of the various 

organellar compartments with all of the cell. Golgi bodies, peroxisomes, 
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and mitochondria all show actin-dependent movement in root hairs and 

epidermal pavement cells of the Arabidopsis leaf (Peremyslov et al., 

2008). Chloroplasts also show actin-dependent movement in the 

photorelocation response, which will be discussed in greater depth in 

Chapter 5 (Suetsugu and Wada, 2016). The connection of the actin 

cytoskeleton to the plastid is of the main interest in this work, 

particularly in its function in the gravitropic response. 

 

3.1.2 Gravitropism in root and shoot 

Gravitropism is a fundamental process in the development of not just 

the root, but the shoot as well. As a biological mechanism, the 

specialised cells in both organs require input from almost all elements 

and organelles of the cell. The endoplasmic reticulum functions in 

signal perception, the plastid as statolith, the nucleus must be 

anchored at the top of the cell, and in the shoot the vacuole stymies 

minimal gravitropic responses (Morita, 2010). The cytoskeleton as an 

actor in the gravitropic response has a more hotly debated role 

(Blancaflor, 2013), in both root and shoot – specifically the actin 

cytoskeleton.  

Gravitropism differs in its details between the root and shoot, but the 

fundamentals remain the same. As laid out in Chapter 1, the starch-

statolith hypothesis is the basis of the current understanding of 

gravitropism. Starch-filled statoliths sediment with gravity, hitting the 

endoplasmic reticulum to transmit a directional signal that alters the 

growth of the organ (Sato et al., 2015). In the root this occurs in the 
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columella cells, whereas in the shoot this occurs in the endodermis 

(Bastien et al., 2013). The main difference in the gravitropic response 

between root and shoot, is the end result of the process is opposite. 

The root will grow towards the gravity vector, but the shoot will grow 

away from it. This means that at some point between the statoliths 

hitting the side of the cell in the columella or the endodermis, and the 

final growth response, a different series of events are happening in 

these organs.  

The gravitropic response in the root has been described in Chapter 1, 

but this mechanism is quite different in the shoot. In the root, starch-

filled statoliths sediment through the columella cell and hit the 

endoplasmic reticulum. This signal is transduced in an unknown 

manner, causing differential flux of Ca2+ ions, a pH gradient between 

the top and bottom of the root, and a subsequent change in the 

distribution of PIN proteins. These PIN proteins pump more auxin up 

the lower side of the root, inhibiting cell elongation, and promoting 

differential growth towards the gravity vector (Su et al., 2017). 

A stark difference between root and shoot gravitropism at the cellular 

level is the presence of the vacuole. Amyloplasts in the endodermal 

cells of the shoot must move through the vacuole, whereas the root 

columella cells have an almost absent vacuolar compartment (Moore 

and Pasieniuk, 1984). In the shoot, amyloplasts travel through 

transvacuolar strands when sedimenting, and this action relies upon 

filamentous actin (F-actin) (Saito et al., 2005). However, disrupting the 

F-actin does not produce any significant change in the graviresponse 
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of the shoot, despite abolishing the saltatory movements of the 

amyloplasts (Saito et al., 2005). This suggests that a fully functioning 

actin cytoskeleton is not required for the shoot gravitropic response, 

and the classic saltatory motion that statoliths display is also not 

required for the gravitropic response. This pathway relies on a 

multitude of SHOOT GRAVITROPISM (SGR) genes, all of which 

appear to affect vacuolar function in the endodermis (Morita, 2010). 

Treating the shoot with latrunculin-B (LatB) in fact promotes the 

gravitropic response, suggesting that F-actin provides an inhibitory 

function on amyloplast sedimentation (Saito et al., 2005).   

In the columella cells of the root, the cellular environment is dissimilar 

to the endodermal cells of the shoot. The vacuole is very small and is 

thought to play no part in the gravity sensing mechanism. The actin 

cytoskeleton also does not polymerise into F-actin, but instead shows a 

much more diffuse distribution, forming only very short strands 

(Blancaflor, 2002). Research into the mechanism of effect the 

cytoskeleton has on the gravitropic response must always bring up to 

what extent amyloplast dynamics affect the gravitropic response. The 

two are intrinsically linked, but since research started into the topic 

contradictory results have clouded the truth. Inhibitor treatments have 

been performed since the early 2000s, including using drugs such as 

LatB, cytochalasins, and jasplakinolide (Blancaflor, 2013). These each 

have separate effects to retard the polymerisation of the actin network, 

and LatB is the most used of these inhibitors. LatB prevents the 

polymerisation of actin monomers into F-actin by binding the barbed 
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end of actin monomers, preventing polymerisation. Its quick action and 

ease of application makes it a lead candidate to investigate the role of 

the cytoskeleton in gravitropism. However, its effect on the gravitropic 

response in the root has been a point of contention since its first uses 

(Table 3.1). Various studies find that it either inhibits or promotes 

gravitropism, with seemingly no consistency. Many of these studies 

use different ecotypes of Arabidopsis, and different growth conditions 

(Table 3.1). Recent reviews argue that the theory that application of 

latrunculin-B causes promotion of gravitropism is more plausible, acting 

as a fine-tuning mechanism against slight changes in the gravity vector 

(Blancaflor, 2013). But current research is still not quorate with this 

theory, with the most recent studies finding a slight promotion in the 

gravitropic response after 8hrs, but no differences in gravitropism after 

24hrs (Zou et al., 2016). This research was however done with the 

confounding impact of the experiment being conducted in light 

conditions, leading to the possibility of phototropism interfering with the 

gravitropic response. This study did propose an interesting mechanism 

for the mechanism of effect that the actin cytoskeleton has on 

statoliths. The diffuse structure of the actin cytoskeleton in the 

columella cells in contrast to the F-actin bundles in endodermal cells, 

allows unimpeded sedimentation of the statoliths. When treated with 

LatB, this mechanism appears to only be amplified, as statoliths more 

easily escape the “cages” of actin that prevent them from sedimenting 

in response to small changes in the gravity vector (Zheng et al., 2015). 

This also chimes with recent research aimed at shoot gravitropism,  
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whereby statoliths are posited to be “position sensors”, sensing the 

direction of gravity but not the force the gravity exerts (Pouliquen et al., 

2017). This research attempts to dissect the issues in previous studies 

into this topic and hope this sheds light on the role of statolith dynamics 

in the gravitropic response. 

 

3.1.3 Scope of the chapter 

The role of the actin cytoskeleton in the gravitropic response has been 

disputed for decades, partially due to the intrinsic difficulties in the 

reliable imaging of actin. This chapter aims to help clarify the effect that 

latrunculin-B has on root gravitropism and work out how this affects the 

dynamics of the statoliths. This work aims to do this by eliminating 

confounding factors in experiments and revisiting old experiments with 

new techniques and analyses. Through these two aims, the final goal is 

to examine to what end inhibitory treatments are useful when studying 

complex and multifaceted biological mechanisms such as the root 

graviresponse.  
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3.2 RESULTS 

 

3.2.1 Latrunculin-B inhibits actin polymerisation in the 

elongation zone and root growth rate 

To test the efficacy of LatB on the actin cytoskeleton in the root, 200nM 

LatB was applied to 7-day old Arabidopsis seedlings via the FlowCell, 

described in full in Chapters 2 and 5. Seedlings expressing 

UBQ10:Lifeact-mGFP were mounted and imaged on the FlowCell, 

focusing on the epidermal cells of the elongation zone. After an initial 

imaging period of 1min under 0nM LatB conditions, 200nM LatB was 

pumped around the FlowCell for 21mins, before being washed off 

again with 0nM LatB for a final period of 21mins.  

The application of 200nM LatB depolymerises the actin microfilaments, 

and seedlings treated with this show a much more diffuse structure of 

actin in the elongation zone than the control (Video 3.1). The actin 

structure in the treated cells is diffuse throughout the cell, with a 

tendency for the plasma membrane and the area around the nucleus to 

attract actin monomers. Cell elongation also seems to decrease around 

the 3-minute mark as the LatB takes effect. As the LatB is washed off, 

the actin begins to repolymerise into filaments again, and the cells 

begin to show the first signs of a recovery in elongation (Video 3.1). 

The actin network still marks the plasma membrane and nuclear 

periphery, but the transcellular filaments form again as polymerisation 

is no longer inhibited. The apparent reduction in cellular elongation 

suggests that  
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Video 3.1 The effect of 200nM latrunculin-B on the structure of the 

actin cytoskeleton in the root 

A time series of the elongation zone of a 7-day old Arabidopsis seedling 

expressing UBQ10:Lifeact-mGFP being exposed to 200nM latrunculin-B. 

Note that when latrunculin-B is applied, the actin filaments lose their 

skeletal structure and become more diffuse. This recovers as the 

latrunculin-B is washed off. 
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there should be a knock-on impact on the growth rate of Arabidopsis, 

as has been reported earlier (Rahman et al., 2007).  

To validate the effect on the growth rate of the root, 7-day old 

Arabidopsis seedlings were transferred to plates containing a variety of 

LatB concentrations: 0nM, 50nM, 100nM, and 200nM. They were also 

transferred to each plate containing either 0% or 1% sucrose, due to 

the disparity in previous research in nutrient concentrations (Table 3.1). 

After a “settling-in” period of 3 hours they were exposed to a 

gravistimulus, and their growth rate was also recorded.  

Seedlings transferred to plates containing 1% sucrose all showed a 

statistically significant increase in growth rate compared to those 

transferred to plates containing 0% sucrose. This was consistent 

across plates containing all concentrations of LatB (Figure 3.1). In 

comparison to plates containing 0nM LatB, presence of LatB in 50nM, 

100nM, or 200nM reduced the root growth rate by a statistically 

significant amount, whether in the presence of 0% or 1% sucrose. In 

the presence of 0% sucrose, increasing concentrations of LatB also 

reduced the growth rate more with each step up in concentration. This 

was not consistent on plates containing 1% sucrose, where there was 

a statistically significant difference between the root growth rate of 

seedlings on 50nM and 100nM LatB, but there was no further reduction 

in growth rate from 100nM LatB to 200nM LatB (Figure 3.1). This 

suggests that the growth rate boosting effect of the sucrose can to 

some extent, rescue the impact on growth rate that LatB has at higher  
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Figure 3.1 Growth rate of Col-0 when transferred to plates containing 

increasing concentrations of LatB during a gravistimulus experiment 

The median growth rate of individuals in a gravistimulus experiment 

conducted during dark conditions. Seedlings transferred to plates 

containing 0% or 1% sucrose. Error bars represent 95% confidence 

intervals.  
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concentrations. LatB causes a significant decrease in growth at any 

concentration, and this effect grows greater the higher the 

concentration is. However, there is still a small amount of residual 

growth rate at all concentrations measured here, indicating that the 

dose is not high enough to be seedling fatal. Roots transferred to 

plates at these concentrations should thus still be able to respond to 

gravity.  

 

3.2.2 Latrunculin-B promotes gravitropism in a dose-dependent 

manner 

As root growth rate was carried out whilst a gravistimulus was applied, 

the gravitropic response of the root was measured and analysed at the 

same time. This experiment was carried out with the gravistimulus 

being applied in the dark, to remove the confounding factor of 

phototropism on the graviresponse of the root. On plates containing 0% 

sucrose, roots exposed to any concentration of LatB did not reach the 

same angle as roots exposed to 0nM LatB (Fig 3.2a). However, there 

was no significant difference between the graviresponse of roots 

exposed to increasing levels of LatB despite the difference in growth 

rate. This was not consistent with the graviresponse of roots 

transferred to plates containing 1% sucrose. There was no statistically 

significant reduction in the graviresponse of roots transferred to 50nM 

LatB in comparison to those transferred to 0nM (Fig 3.2b). However, 

seedlings transferred to plates containing 100nM or 200nM LatB did  
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Figure 3.2 Gravitropic response to a 90º stimulus against time in Col-

0 when treated with LatB 

A time course of root curvature in Col-0 when exposed to increasing levels 

of latrunculin-B. On the bottom a) shows plants grown on 0% sucrose, and 

b) on the top shows plants grown on 1% sucrose. Error bars represent 

95% confidence intervals.  
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show a statistically significant decrease in the graviresponse compared 

to the control (Fig 3.2b). This is in contradiction to the most recent 

research into the effects of LatB on the gravitropic response, which 

found either no effect or a promotion of the gravitropic response at 

200nM LatB (Zheng et al., 2015; Zou et al., 2016).  

All of these analyses were done with the angle of the root plotted 

against the time elapsed since the gravistimulus was applied, but the 

reduction in growth rate that is seen in seedlings treated with LatB may 

affect the presentation of the gravitropic response (Schöller et al., 

2018).  Plotting gravitropic response against the growth of the root over 

the course of the experiment may help reduce confounding factors in 

experiments investigating gravitropism. Even if the signal perception 

mechanism is intact, mutations and chemical treatments that affect 

growth rate may be affecting other mechanisms in the pathway of the 

gravitropic response (Schöller et al., 2018). To this end, root tip angle 

data was plotted against the growth of the root as well as against time. 

On plates with 0% sucrose, seedlings transferred to 50nM LatB show a 

slight inhibition of gravitropic response but those transferred to 100 and 

200nM LatB show promotion of gravitropism against their growth 

(Figure 3.3a). When transferred to plates with 1% sucrose, seedlings 

on 50nM LatB shows no difference in gravitropic response and neither 

do those on 100nM LatB (Figure 3.3b). However, those transferred 

onto plates containing 200nM LatB and 1% sucrose still show a 

promotion in the gravitropic response in comparison to control (Figure 

3.3b).  
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Figure 3.3 Gravitropic response to a 90º stimulus adjusted for growth 

rate in Col-0 when treated with LatB 

A time course of root curvature in Col-0 when exposed to increasing levels 

of latrunculin-B. On the top a) shows plants grown on 0% sucrose, and b) 

on the bottom shows plants grown on 1% sucrose. Error bars represent 

95% confidence intervals.  
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Here we see a complete change in the interpretation of the results of a 

gravitropic response experiment when the changes in growth rate 

caused by the treatment are taken into account. This suggests that 

some of the effects of LatB may be simply on growth rate, and not the 

gravitropic pathway. To this end, the effect of LatB on the creation of 

an asymmetric auxin gradient should be investigated to finalise its 

effect on the gravitropic response.  

 

3.2.3 Disrupting the actin cytoskeleton does not affect creation of 

a lateral auxin gradient 

The creation of a asymmetric, lateral auxin gradient is a vital primary 

step in the formation of a graviresponse. The effect of cytoskeletal 

disruption on the auxin gradient has been investigated before, but most 

recently this research has suggested a slight increase in asymmetry 

between the upper and lower parts of the root when treated with 

200nM LatB (Zou et al., 2016). Following from the promotion of the 

graviresponse that this research finds earlier, this work is also done in 

the presence of 1% sucrose and in the light (Zou et al., 2016). These 

confounding factors may influence auxin flux and the gravitropic 

response, and as such the work in this chapter was done on 0% 

sucrose and in the dark to remove any phototropic effect (Goren et al., 

2017).  

7-day old Arabidopsis seedlings expressing the fluorescent auxin 

reporter, DII-Venus, were grown on media containing 0nM LatB and  
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Figure 3.4 Changes in asymmetric auxin distribution over time in 

roots treated with LatB 

Roots expressing DII-V were exposed to 200nM LatB and imaged over 

2hrs. The ratio of fluorescence between the top and bottom of the root was 

measured. Error bars represent 95% confidence intervals around the 

median. There is no statistical difference between treatments. 
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then transferred to either a control media or a media containing 200nM 

LatB. Seedlings were allowed to acclimatise to the new media over 

several hours, and then a 90º gravistimulus was applied in the dark. 

The seedlings were imaged at the start of this experiment, an hour 

after the gravistimulus, and two hours after the gravistimulus. The ratio 

of fluorescence between the top and bottom half of the root was 

measured (Larrieu et al., 2014). There was no statistically significant 

difference between the two treatments at the starting timepoint, with a 

median ratio of 1.025 on 0nM and 1.076 on 200nM (Figure 3.4). After 1 

hour the asymmetric distribution of DII-Venus in the control was 1.208 

in comparison to 1.274 on 200nM LatB. There is a possible promotion 

of asymmetric auxin distribution here, but it is not statistically significant 

(Figure 3.4). Finally, after 2 hours the ratio between the two halves of 

the root on 0nM LatB was 1.448 compared to the 1.379 on 200nM LatB 

(Figure 3.4). This suggests no difference in the auxin distribution at the 

root tip following gravistimulation in roots treated with LatB, although 

statistical power is low due to a small sample number of 5. To provide 

further evidence that LatB is not impacting the early stages of 

gravitropism, the effects on statolith dynamics must be investigated. 

 

3.2.4 The effect of latrunculin-B on statolith saltation is minimal 

The effect of LatB on statolith sedimentation has to be separated from 

its further effect on the growth response. To investigate this, the 

dynamics of the statoliths were imaged whilst being treated with 200nM 

LatB. The statoliths in the columella cells of seedlings expressing 
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35S:TP-FtsZ-YFP were imaged after transfer to plates containing 

200nM LatB. Statolith dynamics were measured using pairwise 

subtraction to form a bulk remodelling index (BRI) as an indicator of the 

dynamics of the system (Tolmie et al., 2017) 

When treated with 200nM LatB, the median BRI within the columella 

cells shows no statistically significant difference to the median BRI of 

seedlings transferred to plates with 0nM LatB, at 0.138 and 0.099 a.u. 

respectively (Figure 3.5). This suggests that the mechanism by which 

LatB affects the gravitropic response of Arabidopsis is not primarily 

through any action it may have on the statolith dynamics. It is more 

likely that the predominant effect it has is through effects on the other 

parts of the gravitropic pathway, in signal transduction and the overall 

growth response. 
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Figure 3.5 The effects of 200nM LatB on statolith dynamics 

Statolith dynamics measured by median bulk remodelling index between 

seedlings treated with 0nM LatB and 200nM LatB. There was no 

significant difference between treatments as measured by Mann-Whitney 

U test (p>0.05) at n=5. Error bars represent 95% confidence intervals. 
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3.3 DISCUSSION 

The effects of LatB on the root gravitropic response has always been a 

controversial research topic, owing to the large numbers of disagreeing 

studies on its very basics – whether LatB promotes or inhibits root 

gravitropism. This research shows that under conditions that aim to 

remove confounding factors, root gravitropism is slightly inhibited over 

time but shows promotion against root growth. The effects of LatB are 

not primarily on the statolith dynamics to affect the signal perception 

phase of gravitropism but may be downstream of the signal 

transduction and growth response phases.  

 

3.3.1 Statolith dynamics and the intracellular environment of the 

columella 

The results shown here aimed to work out the importance of statolith 

dynamics in the gravitropic response. The role of actin has always 

thought to be of paramount importance in the movement of statoliths in 

the columella, and to this end inhibitors of actin have been used to 

investigate its role (Table 3.1) (Blancaflor, 2013). LatB has had a 

contested history with its effect on actin, and how this disrupts 

gravitropism. This research suggests, contrary to previous studies, that 

latrunculin-B does not affect the dynamic behaviour of the statoliths. 

Statolith motion has been described as comprising two separate 

behaviours, consisting of rapid Brownian motion and larger jumps, 
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called saltation (Leitz et al., 2009). More recent research has called 

into question whether the smaller, vibratory-like motion could be 

Brownian in its origin (Pouliquen et al., 2017). The statoliths are 

relatively large and the heaviest constituent part of the columella cells 

(Fitzelle and Kiss, 2001), thermal agitation seems an unlikely candidate 

to cause this motion. This hypothesis that Brownian motion is behind 

these dynamics is also called into question by the fact that other 

plastids in the root do not show this level of vibratory motion, as 

discussed in Chapter 5. It is thus likely that the action of the actin 

cytoskeleton must be behind this dynamic behaviour. It is possible that 

the mechanism by which LatB acts on the actin cytoskeleton does not 

impact the actin in the columella as strongly as it does in the rest of the 

root. LatB works by blocking the barbed end of actin monomers, 

preventing polymerisation into filaments (Smertenko et al., 2010). The 

structure of the actin cytoskeleton in the columella cells is of diffuse 

and free G-actin, not the fully polymerised F-actin that is observed in 

the rest of the root (Zou et al., 2016). By preventing polymerisation, the 

full structure of columella actin may not behave particularly different 

when treated.  

Research into shoot gravitropism found that treatment with LatB did 

affect the second form of described statolith motion, saltation (Saito et 

al., 2005). Saltation thus appears to have a different underlying 

mechanism, or it may simply be more sensitive to actin disruption than 

the lower-level vibratory motion. The purpose of statolith motion has 

recently been hypothesised to facilitate easier sedimentation, with 
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studies utilising biomimetic cells illustrating that statoliths move in a 

similar fashion to a liquid due to their vibratory and saltatory motion 

(Bérut et al., 2018). Further research would utilise actin marker lines to 

investigate this, but this research found it hard to image fluorescent 

actin over time in the columella due to a lack of resolution. The use of 

vertical confocal microscopy would also greatly benefit this research, 

as the live statolith motion could be tracked whilst a chemical treatment 

is applied to the root (von Wangenheim et al., 2017). 

Other actin inhibitors may succeed in working out the role of actin in 

statolith behaviour where experiments using LatB have not. The 

cytochalasins work in a similar manner to the latrunculin group of 

inhibitors, by inhibiting the polymerisation of actin through blocking the 

barbed end of the actin monomers (MacLean-Fletcher and Pollard, 

1980). An inhibitor that has been used less in gravitropic research is 

jasplakinolide, and experiments using this inhibitor may bear more fruit 

due to its separate mechanism of action. Jasplakinolide works in an 

almost opposite fashion to the latrunculins and cytochalasins, inducing 

polymerisation of actin monomers and stabilising F-actin (Holzinger 

and Blaas, 2016). Application of jasplakinolide to the root should inhibit 

all actin-based activity in the columella cells, and if statolith dynamics 

are dependent on actin it would be expected that they would reduce. 

Some research has been done into the effects of jasplakinolide on 

gravitropism, and it inhibits gravitropism in Zea mays (maize) roots 

(Mancuso et al., 2006). As with all cytoskeletal inhibitors though, there 
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are confounding factors that mean this effect may be due to the 

pleiotropic effects of disrupting the actin cytoskeleton in the whole root.  

 

3.3.2 Research investigating gravitropism and the cytoskeleton 

is fraught with confounding factors 

Research previously conducted into the effects of LatB on the 

gravitropic response has resulted in a great variety of contradicting 

results for good reason – disrupting the entire cytoskeleton of the plant 

introduces a good deal of confounding factors to account for. The 

cytoskeleton is vital for the intracellular processes of every cell in the 

plant, and whole-scale disruption of this network will affect not just the 

signal perception phase of gravitropism, but signal transduction and the 

overall growth response too.  

The most obvious and striking impact of LatB treatment is the reduction 

in growth rate that it causes (Figure 3.2). This is as a result of its effect 

on cell elongation (Rahman et al., 2007). Plants treated with LatB do 

not exhibit morphological defects, as the cell division process in plants 

is controlled almost exclusively by the other component of the 

cytoskeleton, microtubules. But its effect on cell elongation has been 

shown to greatly reduce the growth rate of not just the root, but the 

whole plant, leading to seedlings that resemble “dwarf” mutants 

(Baluška et al., 2001). This is due to the role of actin in a variety of 

processes and functions that impact cell growth and elongation: vesicle 

trafficking (Chen et al., 2007), maintenance of the mechanical structure 
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of the cell (Wakatsuki et al., 2001), and patterning cellulose efficiently 

for anisotropic growth (Bashline et al., 2014). This impact on growth 

rate has been suggested to affect how the gravitropic response 

presents itself, masking a reduction in growth rate as a reduction in the 

response of the root to a gravistimulus (Schöller et al., 2018), a 

hypothesis that has been suggested in older studies (Yamamoto et al., 

2002). Whilst this may not entirely discount the changes in the 

graviresponse against time, it is worth taking into account the impact 

the treatment has on growth when assessing the data. Furthermore, 

when assessing older studies that show the effects of LatB on 

gravitropism, all add some amount of sucrose to the media (Table 3.1). 

Sucrose affects not just the growth rate, but may be a signalling 

component in the auxin pathway and affect other root responses 

including gravitropism (Xu et al., 2013). The most recent research into 

the effects of LatB on gravitropism also conducts these experiments in 

light conditions, meaning phototropic effects will also be affecting the 

response of the root (Zheng et al., 2015; Zou et al., 2016). 

The effects of LatB treatment go beyond its effect on growth, but also 

have implications on the other phases of the gravitropic response. The 

asymmetric lateral auxin gradient is created by polar localisation of PIN 

proteins at either side of the root (Sato et al., 2015). Treatment with 

LatB inhibits the recycling of PIN proteins, specifically PIN2, reducing 

its polar localisation to the plasma membrane (Kleine-Vehn et al., 

2009). This phenocopies the arp3/dis1 mutant, a mutant that also 

exhibits a reduced gravitropic response (Zou et al., 2016). If the 
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asymmetric distribution of auxin cannot be created, or is created slower 

up the root, then the growth response will be delayed or reduced. 

Further research should look at the distribution of PIN proteins in the 

elongation zone during LatB treatment, to verify the possibility that 

altered PIN protein trafficking is affecting the graviresponse. In 

combination with the great reduction in the root growth rate, the 

gravitropic response will be reduced over time as we see in this 

research (Figure 3.2). With implications on each stage of the 

gravitropic response, it is no surprise that previous research into the 

topic has been so contradictory. 

 

3.3.3 Conclusions 

This chapter finds that the study of the role of actin in the gravitropic 

response is hard to complete considering the pleiotropic effects created 

by cytoskeletal inhibitors. However, this study concludes that the effect 

of LatB on statolith dynamics is minimal, and most likely does not 

contribute to the changes in gravitropism that are associated with 

disruption of the actin cytoskeleton. It is likely that LatB affects 

gravitropism through its effects on growth and PIN protein recycling, 

but further research is needed to verify this.  

 

 

 

 



77 
 

4 THE IMPACT OF PGM-1 ON STATOLITH 

MORPHOLOGY AND SIGNAL PERCEPTION 

 

4.1 INTRODUCTION 

 

4.1.1 The starchless pgm-1 mutant 

The starchless Arabidopsis mutant phosphoglucomutase-1 (pgm-1) is 

a historically important part of gravitropism research (Morita, 2010). Its 

function is as a vital part of the starch synthesis pathway, where it 

catalyses the process of Glc-1-P to Glc-6-P (Streb and Zeeman, 2012). 

The protein localises to the plastid, and when knocked out plants only 

produce around 1-2% of the amount of starch in comparison to 

wildtype (Streb et al., 2009). This large reduction in starch content is 

consistent across crop species, with pgm1 potato (Solanum 

tuberosum) mutants showing a 40% reduction in tuber starch 

(Tauberger et al., 2000), an almost complete loss of starch in pea 

(Pisum sativum L.) (Harrison et al., 2000), and pgm1 tobacco 

(Nicotiana sylvestris) storing negligible levels of starch (Hanson and 

McHale, 1988). The plant’s inability to synthesise starch results in a 

variety of phenotypic effects, including a reduced growth rate, altered 

control of photosynthesis and respiration, and reduced sensitivity to 

gravity (Caspar et al., 1985; Caspar and Pickard, 1989; Ragel et al., 

2013). 

For its study in Arabidopsis, the pgm-1 mutant was originally identified 

for in a screen for mutants defective in starch metabolism, as the TC7 
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line (Caspar et al., 1985). This mutant was quickly investigated by the 

gravitropism research community, who recognised the possibility it 

could give weight to the contentious starch-statolith theory of 

gravitropism. They found that this mutant showed a muted reaction to a 

gravistimulus, of 60-80% that of wildtype (Kiss et al., 1989; Caspar and 

Pickard, 1989). This ran contrary to the expectation of a complete loss 

of gravitropism, if the plastids did not have the weight of the starch how 

could they sediment with gravity? Centrifuge microscope experiments 

demonstrated that these starchless plastids were still the heaviest and 

most easily sedimentable parts of the cell (Kiss et al., 1989), 

suggesting that the starchless plastids can still act as statoliths (Sæther 

and Iversen, 1991). This was further backed up by the discovery that 

amyloplasts are “over-packed” with starch, and that intermediate 

mutants with ~50-60% of the starch content of wildtype had full 

gravitropic sensitivity (Kiss et al., 1996). To confirm the suggestion of 

the centrifugation experiments, it was then proved that under high 

centrifugation of 10 g, full gravitropic sensitivity could be restored in the 

pgm-1 mutant – and crucially, that this correlated with the positioning of 

the plastids against the distal cell wall (Fitzelle and Kiss, 2001).  

However, the introduction of constant-reorientation feedback systems 

to gravitropism research suggested something else – a secondary 

gravitropic mechanism. Whilst wildtype plants exhibited a dose-

dependent response to gravity, the pgm-1 mutant showed a constant 

reduced response, irrespective of dose (Wolverton et al., 2011). This 

suggests a relationship between the starch-filled statoliths, root tip 
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angle, and the intensity of the gravitropic response. The link between 

the transduction of the gravitropic signal up the root, and the lack of 

amyloplast sedimentation in the pgm-1 mutant was further reinforced 

when it was discovered that the root was unable to create an 

asymmetric auxin gradient after gravistimulation (Band et al., 2012). 

Beyond the creation of the auxin gradient and the asymmetric growth 

response, recent research involving pgm-1 indicates that auxin is 

involved in other parts of the gravitropic response. Auxin in the root tip 

also mediates the expression of the genes involved in starch synthesis, 

including pgm-1, and thus the production of functioning statoliths 

(Zhang et al., 2019). Past research has only produced electron 

micrographs to investigate the morphology of the statoliths in the pgm-

1 mutant, showing them to be more similar to leucoplasts than 

amyloplasts now they are no longer packed with starch (Kiss et al., 

1989).  

Despite the body of work done on pgm-1, there is no proper consensus 

on the magnitude the effect knocking the gene out has on the root’s 

gravitropism (Table 4.1). Early research was carried out with the 

confounding effect of phototropism, with all gravistimulus experiments 

taking place in light (Kiss et al., 1989; Caspar and Pickard, 1989). We 

now know that removing phototropism from the equation is important 

for a true view of the ability of a root to respond to gravity (Vitha et al., 

2000). We also know that the presence of sucrose will affect growth 

rate, which will have a knock-on effect on gravitropism (Schöller et al., 

2018). An unexpected confounding factor is the solidity of the media,  



80 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



81 
 

with agar concentrations varying from 1-2%. Agar concentration can 

affect water and nutrient availability, growth rate (Gruber et al., 2013), 

and the coiling and root-wave phenotypes of Arabidopsis roots (Buer et 

al., 2000; Oliva and Dunand, 2007). All of these may have a knock-on 

effect on the gravitropic response of the root, and thus it is important to 

standardise growth conditions and reduce confounding factors to a 

minimum when working on gravitropism.  

The pgm-1 mutant has been a useful research tool for the gravitropism 

community for decades now, providing strong evidence to back up the 

starch-statolith theory that is now in doubt (Edelmann, 2018). However, 

questions still remain over its full phenotype and it still has a role to 

play in uncovering the mechanisms involved in gravitropic signal 

perception.  

 

4.1.2 Mechanosensitive ion channels and receptor-ligand theory 

Signal perception is one of the main areas in root gravitropism that still 

seems far from reaching a convincing answer; how does the root 

perceive the sedimentation of statoliths to different areas of the cell? 

The two competing theories rely on the presence of mechanosensitive 

ion channels in the endoplasmic reticulum (ER) or plasma membrane 

(PM), or receptor-ligand interactions between the plastid and ER or PM 

(Sato et al., 2015).  

When the amyloplasts make contact with the ER membrane, the signal 

must be perceived and translated either through this mechanical 

warping of the membrane, or the activation of an unknown protein 
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native to the ER (Braun and Limbach, 2006). One of the most 

comprehensive studies into the role of the amyloplasts during the 

gravistimulus found that the statoliths uncouple from the endoplasmic 

reticulum within a second of the gravity vector changing (Leitz et al., 

2009). This research also demonstrated through electron microscopy 

and 3D reconstruction that the sedimented amyloplasts warp the 

endoplasmic reticulum considerably as they strike it (Leitz et al., 2009). 

With such an obvious physical interaction, this gives credence to the 

mechanosensing theory and the receptor-ligand theory – a close 

interaction could be indicative of either scenario (Baldwin et al., 2013). 

The mechanosensing theory must rely upon the interaction of the 

amyloplasts with the cytoskeleton, as a disparate mesh of fine actin fills 

the columella cells, as discussed in Chapter 3. This actin may either 

hinder or enhance the statolith’s contact with the ER. By inhibiting 

mechanosensitive ion channels with lanthanide elements, gravitropism 

is reduced (Caldwell et al., 1998), but the exact role that these ion 

channels play in relation to plastids and gravitropism is not understood 

(Haswell and Meyerowitz, 2006; Nakagawa et al., 2007). All the 

mechanosensitive ion channels examined so far have no impact on 

gravitropism in normal gravity, although some show phenotypes in 

hypergravity (Haswell et al., 2008; Iida et al., 2014). More recent 

evidence currently points in the favour of proteins native to the plastid 

envelope interacting with the endoplasmic reticulum upon contact; the 

receptor-ligand theory (Sato et al., 2015). The mutants modifier of arg1 

and modifier of arg2 (mar1 and mar2) both interact with the altered 
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response to gravity1 (arg1) mutant, exacerbating its weakened 

gravitropic phenotype in double and triple mutant backgrounds (Stanga 

et al., 2009). These mutations affect different parts of the TOC75 

(translocation at the outer envelope membrane of chloroplasts75) 

complex, a translocon suspected to be involved in gravitropism. TOC 

complexes in plastids facilitate the transfer of plastid-targeted protein 

import and export across the outer plastid envelope (Lee et al., 2018), 

whilst their sister TIC complexes facilitate protein import and export 

across the inner plastid envelope (Jarvis and Soll, 2001). The fact that 

mutations affecting TOC75 do not affect amyloplast morphology or 

dynamics suggest that the function of its effect on gravitropism must be 

through its effect on amyloplast proteins or function (Nakamura et al., 

2019). Further research has identified a second TOC complex that 

appears to be involved in gravitropism, TOC132 (Strohm et al., 2014). 

TOC132 enhances the phenotype of the pgm-1 mutant, suggesting an 

indirect effect on gravitropism outside of the receptor-ligand theory 

(Strohm et al., 2014). None of these mutants exhibiting any defects in 

starch accumulation or changes in cytoskeletal arrangement, it 

suggests that the contact of the plastid envelope with the endoplasmic 

reticulum could have a large role to play in the translation of the 

gravistimulus. Whether this is through mechanosensitive ion channels, 

a form of receptor-ligand interaction, or a combination of the two. 
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4.1.3 Scope of the chapter 

The pgm-1 mutant has a been a focus of gravitropism research for the 

past 4 decades and has been an invaluable asset for reinforcing the 

starch-statolith theory. However, many questions around this mutant 

still remain. How do the statoliths in the pgm-1 mutant behave? Can 

this inform our understanding of signal perception in the Arabidopsis 

root? Might it help tip the scales in favour of a mechanosensing theory 

or a receptor-ligand theory? This chapter looks to investigate the live 

morphology of these statoliths and their dynamics, to satisfy a standard 

measure of the gravitropic response of pgm-1, and the implications this 

has for signal perception and the larger growth response. This will be 

done through experiments demonstrating the varying morphology of 

pgm-1 statoliths, and the possibility of different levels of contact with 

the endoplasmic reticulum. 
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4.2 RESULTS 

 

4.2.1 The pgm-1 mutant lacks all identifiable starch in columella 

cells 

The classic method of identifying the presence of starch in a biological 

sample is through the use of Lugol’s iodine solution, which stains 

starch in depigmented tissues. This allows a quick and easy method of 

identifying the spatial distribution and relative abundance of starch in 

various tissues of the plant (Willemsen et al., 1998).  This method has 

historically been used to distinguish pgm-1 individuals from wildtype 

due to the complete absence of staining in the pgm-1 root tip where the 

starch-filled statoliths would usually be (Tsai et al., 2009).  

However this is not a particularly high resolution technique, and as 

such we also used the newer pseudo-Schiff propidium iodide (PSPI) 

staining technique, which marks out all carbohydrates within the 

cleared tissue (Truernit et al., 2008). This has also recently been 

successfully used to examine statolith morphology and confirm the 

absence of starch in the pgm-1 mutant at a level of greater detail 

(Zhang et al., 2019).  

The pgm-1 mutant shows no staining at the root tip with Lugol’s iodine, 

in comparison to the wildtype Col-0 which shows a stained statoliths in 

the columella cells (Figure 4.1). To confirm this general overview, the 

PSPI stained roots were examined on the confocal microscope. The 

cell walls were marked out clearly in both the wildtype and pgm-1, but  
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Figure 4.1 Lugol’s iodine staining reveals the presence of starch in 

columella cells 

Representative images of the root tip and columella cells of wildtype Col-0 

against the starchless mutant pgm-1 when stained with Lugol’s iodine. 

Note the lack of starch in the pgm-1 mutant compared to the packed cells 

of Col-0.  
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Figure 4.2 Pseudo-Schiff propidium iodide staining reveals the 

presence of starch in columella cells 

Representative images of the root tip and columella cells of wildtype Col-0 

against the starchless mutant pgm-1 when stained with PSPI. Note the 

lack of starch in the pgm-1 mutant compared to the packed cells of Col-0.  
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the pgm-1 mutant again showed no carbohydrate staining in the 

columella cells in comparison to the clearly defined statoliths in the 

wildtype (Figure 4.2). This combination of using Lugol’s iodine for a 

general overview of a sample, and then PSPI for a higher resolution 

confirmation is a quick and easy way to check starch levels in 

comparison to a time-consuming metabolic or electron microscopy-

based approach (Smith and Zeeman, 2006; Streb et al., 2009).  

 

4.2.2 Defective starch metabolism reduces root growth rate and 

inhibits gravitropism 

To confirm that the pgm-1 mutant exhibited the same phenotype 

reported in the literature, its growth rate and gravitropic response were 

examined under standardised growth conditions. As mentioned above, 

it is important to minimise confounding factors and maintain proper 

growth conditions. To this end, root growth rate was measured at both 

day and night, and with and without sucrose added to the media.  

Growth rate between day and night was significantly different in both 

Col-0 and pgm-1, where growth rate during the day was ~0.3 – 0.6 

mm/h faster (Figure 4.3). Growth rate at day and night was also 

improved by the addition of 1% sucrose to the media, almost doubling 

growth rate in both Col-0 and pgm-1 (Figure 4.3). A significant 

difference was also found between Col-0 and pgm-1, where in 0% 

sucrose media pgm-1 shows over half the median growth rate of Col-0  
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Figure 4.3 Growth rate of the pgm-1 mutant against Col-0 in the 

presence or absence of sucrose 

Median growth rate of the pgm-1 mutant against wildtype Col-0, between 

day and night and grown on 0% or 1% sucrose media. All error bars 

represent 95% confidence intervals. Note the reduced growth rate in the 

pgm-1 mutant between all conditions. 
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at day and night (Figure 4.3). This is recovered slightly when 1% 

sucrose media is used, in that growth rate is almost halved in the pgm-

1 mutant – but this is still a significant difference between the two 

(Figure 4.3).  

To this end, gravitropic response experiments were performed without 

sucrose added to the media so as to reduce confounding factors. 

Growth rate affects the presentation of the gravitropic response, but 

sucrose is also a putative player in the gravity response as well (Singh 

et al., 2014, 2017). The gravitropic response experiments were also 

carried out during the night, when the lights in the growth room were 

out, so as to remove any phototropic effect on the root.  

The gravitropic response experiments revealed a reduction in response 

to a gravistimulus in the pgm-1 mutant compared to Col-0, culminating 

in a ~50% reduction in gravitropic response at the end of the 12-hr 

period (Figure 4.4). When root tip angle was plotted against growth 

however, we still see a reduction in the gravitropic response, but it is 

not as severe (Figure 4.5). At the end of the 12-hrs, the root tip angle of 

pgm-1 is lagging behind Col-0 by ~20º (Figure 4.5). This indicates that 

part of the measured difference in gravitropism in the pgm-1 mutant is 

caused by its much lower growth rate. This suggests that the 

gravitropic response of pgm-1 is more intact than previously held, 

perhaps due to residual effects from the starch-statolith pathway or the 

action of another, unknown gravisensing pathway. To find out, 

investigation into the statoliths of the pgm-1 mutant may shed some 

light. 
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Figure 4.4 Gravitropic response to a 90º stimulus in the pgm-1 mutant 

against time 

A time course of root curvature in Col-0 against the starchless mutant 

pgm-1. Error bars represent 95% confidence intervals. pgm-1 exhibits a 

much slower and weaker gravitropic response. 
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Figure 4.5 Growth rate adjusted gravitropic response to a 90º 

stimulus in the pgm-1 mutant 

A growth rated-adjusted time course of root curvature in Col-0 against the 

starchless mutant pgm-1. Error bars represent 95% confidence intervals. 

pgm-1 still exhibits a slower and weaker gravitropic response. 
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4.2.3 Statoliths of the pgm-1 mutant exhibit pleomorphic 

structures and high dynamism 

Because of their lack of starch, the statoliths of the pgm-1 mutant have 

been harder to reliably observe than those of wildtype or other mutants. 

Whilst it is possible to observe the lack of starch in the root tip (Figure 

4.1; Figure 4.2), this gives no indication as to the morphology of the 

plastids present. Previously these statoliths have been examined using 

electron microscopy (Kiss et al., 1989; Kraft et al., 2000), but this 

technique gives no insight into the dynamic nature of the statolith. To 

understand the full nature of the starchless statoliths in pgm-1, the 

mutant was crossed with the 35S:TP-FtsZ-YFP line, targeting YFP to 

the plastid.  

Through targeting YFP to the plastid in a wildtype background, a very 

similar phenotype to Lugol’s iodine staining or staining with PSPI 

staining is observed. Starch-filled statoliths fill the columella cells, 

showing a spherical (sometimes slightly elliptical) morphology 

(Figure.4.6). In areas where the starch grains sit in the plastids, a slight 

dimness is shown (Figure 4.6) – confirming the targeting of the YFP to 

the stroma of the plastid as opposed to the plastid envelope. The 

dynamics of the statoliths can be observed over time (Video 4.1), 

showing the constant saltation and movement of the statoliths 

described in the literature (Leitz et al., 2009). When crossed with the 

pgm-1 mutant, with no starch filling the statoliths, they take a very 

different morphology to the wildtype (Figure 4.6). The pgm-1 statoliths  
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Figure 4.6 Confocal sections of the root tip and columella cells of the 

pgm-1 mutant reveals a new statolith phenotype 

Representative images of the root tip and columella cells of wildtype Col-0 

against the starchless mutant pgm-1. Plants were crossed with 35S:TP-

FtsZ-YFP (Chen et al., 2009) to target the plastidial compartment.  
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Video 4.1 Time series imaging of the root tip and columella cells of  

Col-0 

Representative time series of the root tip and columella cells of wildtype 

Col-0. Plants were crossed with 35S:TP-FtsZ-YFP (Chen et al., 2009) to 

target the plastidial compartment. 
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exhibit a pleomorphic, tubular shape more similar to root plastids or 

leucoplasts in the rest of the plant (Figure 4.6). These could be argued 

to be stromules, but it is hard to discern a main plastid body on these 

statoliths from which these would protrude – it is more accurate to say 

that this is a new extreme plastid morphology. Analysing the 

percentage of the cellular content they fill also backs up this change in 

morphology, with statoliths in the pgm-1 mutant only filling half the 

space within the central columella cells compared to Col-0 (Figure 4.7). 

When the dynamics of the pgm-1 statoliths are imaged, they can be 

seen to be highly dynamic with a constantly changing morphology 

(Video 4.2), presumably under the same cellular mechanisms that 

causes the same saltation in Col-0.  

 

4.2.4 The motility of pgm-1 statoliths does not depend on the 

actin cytoskeleton 

With such a dramatic morphological phenotype, it begs the question as 

to what controls the morphology and dynamics of pgm-1 statoliths. The 

most obvious hypothesis is the actin cytoskeleton, which as discussed 

in the previous chapter, fills the columella cells with a fine actin mesh. 

To test this, the actin depolymerising agent latrunculin-B (LatB) was 

applied to Col-0 and pgm-1 plants. Plants were transferred to media 

containing 200nM LatB for 16hrs, and their statolith dynamics then 

imaged on a confocal microscope. Statolith dynamics were analysed 

using pairwise subtraction to form a bulk remodelling index (BRI) 

(Tolmie et al., 2017).  
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Figure 4.7 Columella cell coverage of Col-0 and pgm-1 statoliths 

Columella cell coverage of statoliths in wildtype and pgm-1. Coverage is 

plotted as % of fluorescent pixels within the cellular boundaries. pgm-1 

covers a significantly lower proportion of the cellular area than Col-0 

(p<0.01).  
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Video 4.2 Time series imaging of the root tip and columella cells of 

the pgm-1 mutant 

Representative time series of the root tip and columella cells of the 

starchless mutant pgm-1. Plants were crossed with 35S:TP-FtsZ-YFP 

(Chen et al., 2009) to target the plastidial compartment.  
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Firstly, it is obvious that pgm-1 statoliths are much more dynamic than 

wildtype. Measuring their BRI backs this observation up, with pgm-1 

statoliths showing almost double the BRI than Col-0, a strong 

statistically significant difference (p<0.0001) (Figure 4.8). This is 

consistent when are both are treated with 200nM LatB, still showing a 

strong statistical difference in BRI (p<0.01) (Figure 4.8). However, 

there is no difference between Col-0 treated with 0nM LatB and 200nM 

LatB – showing respective means of 0.13 and 0.14, an insignificant 

difference (Figure 4.8). This bears out with the pgm-1 mutant also, 

showing no statistically significant difference between treatments, with 

a mean BRI of 0.24 at 0nM LatB and 0.23 at 200nM LatB (Figure 4.8). 

This suggests that the actin cytoskeleton is not responsible for the 

dynamism that we see in the pgm-1 statoliths.  

 

4.2.5 pgm-1 statoliths may show reduced contact with the 

endoplasmic reticulum 

To explore the mechanism behind the loss of gravitropic sensitivity in 

the pgm-1 mutant, experiments were carried out to determine whether 

the statoliths of the pgm-1 mutant still made any residual contact with 

the endoplasmic reticulum (ER). Firstly, Col-0 and pgm-1 plants 

expressing YFP targeted to the plastid were imaged on a vertical 

confocal stage (Band et al., 2012). This vertical confocal stage allows 

the user to image the statoliths after they have sedimented, rather than 

the less orthodox horizontal stage most imaging is done on.  
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Figure 4.8 Dynamics of pgm-1 statoliths measured by bulk 

remodelling index 

Dynamics of statoliths in Col-0 and pgm-1 under 0nM or 200nM 

latrunculin-B (LatB). Measured by pairwise subtraction for median bulk 

remodelling index. Error bars represent 95% confidence intervals. Col-0 

and pgm-1 are both statistically significantly different under both 

treatments (p<0.01), but there is no significant difference between 0nM 

and 200nM treatments for Col-0 or pgm-1.  
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Imaging Col-0 and pgm-1 on the vertical stage confirmed initial 

suspicions. Col-0 statoliths were shown to have sedimented to the 

bottom of the columella cells easily (Figure. 4.9). However, pgm-1 

statoliths appear to be more centrally positioned within the columella 

cells, even after being allowed to “settle” over 30 mins (Figure 4.9). It is 

hard to judge from these confocal images whether either Col-0 or pgm-

1 statoliths are making contact with the ER due to the magnification 

and resolution limits of the set-up. For this reason, electron microscopy 

was used to attempt to image the putative contact points between the 

plastid and ER (Leitz et al., 2009). Focused ion beam scanning 

electron microscopy (FIB-SEM) was used as plants could be held 

vertically on their mounts to allow the statoliths to settle, and then 

instantly frozen in liquid nitrogen, thus preserving the exact location 

and state of the organelles within the cell for imaging. The technique 

works by subsequently milling away the frozen plant material using a 

gallium ion beam, and imaging as slices are removed, to allow a 3D-

model to be constructed at the end.  

Whilst this technique was initially promising, the resulting images did 

not give enough resolution to image the endoplasmic reticulum (Figure 

4.10). The statoliths were easily visualised, as were the boundaries of 

the cell, but no other organelles could be identified – not even the 

nucleus. The statoliths were also only easily visualised because of the 

starch packing within them, it is plausible that the starchless statoliths 

of the pgm-1 mutant would not have been at all visible using this  
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Figure 4.9 Vertical stage microscopy of the root tips of Col-0 and    

pgm-1 

Representative images of the root tip and columella cells of wildtype Col-0 

against the starchless mutant pgm-1 on a vertical stage confocal 

microscope. Plants were crossed with 35S:TP-FtsZ-YFP (Chen et al., 

2009) to target the plastidial compartment. Note the clear sedimentation in 

Col-0, and the more diffuse spread of statoliths within the columella in 

pgm-1. 
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Figure 4.10 Focused ion beam scanning electron microscope            

(FIB-SEM) images of the root tip of Arabidopsis thaliana 

An overview of the FIB-SEM imaging process. Starting with a whole frozen 

root (a), the surrounding tissue is milled away (b), to reveal the region of 

interest to be imaged (c). Note the curtaining artefacts, appearing as 

vertical lines on the sample, produced by the milling process. No 

endoplasmic reticulum can be seen, although the starch-filled statoliths 

can (c). 

a 

b 
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Figure 4.10 (cont.) Focused ion beam scanning electron microscope            

(FIB-SEM) images of the root tip of Arabidopsis thaliana 

An overview of the FIB-SEM imaging process. Starting with a whole frozen 

root (a), the surrounding tissue is milled away (b), to reveal the region of 

interest to be imaged (c). Note the curtaining artefacts, appearing as 

vertical lines on the sample, produced by the milling process. No 

endoplasmic reticulum can be seen, although the starch-filled statoliths 

can (c). 
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technique. Milling was also extremely slow, with each sample taking 

the majority of a day’s work at ~6hrs to mill away to the point of 

interest. This is before imaging for 3D reconstruction had even begun, 

which would have taken hours more. Unfortunately, this technique is 

clearly not suited to examine these organellar interactions; leaving the 

question of statolith-ER contacts open. 
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4.3 DISCUSSION  

The pgm-1 mutant has been studied for decades, and here it is shown 

that new phenotypes are still being discovered about it. The data here 

refines previous research into the growth and development of the pgm-

1 mutant, as well as describing the novel phenotype of the statoliths in 

the pgm-1 mutant. This has profound implications for research into 

gravitropism, giving a new perspective on the phase of signal 

perception, and suggesting the use of the pgm-1 mutant for new 

research into statolith sedimentation.  

 

4.3.1 Novel phenotypes in the starchless pgm-1 mutant 

It is intuitive to think that the production of starch is absolutely vital for a 

plant, and that any mutation that removes that ability would be lethal. 

The pgm-1 mutant however grows relatively happily in controlled 

conditions, even with a vanishingly small amount of starch production 

remaining (Streb et al., 2009). Previous research gave conflicting views 

on the ability of this mutant to respond to gravity, agreeing only on its 

reduced ability but not the extent to which it does respond (Table 4.1). 

This data finds that the pgm-1 mutant responds to gravity at around 

50% of the rate of Col-0 over time (Figure 4.4), but this defect is greatly 

reduced once we account for the large reduction of growth rate in pgm-

1 (Figure 4.5). Whilst it makes sense to account for the reduction in 

growth rate when measuring gravitropism (Schöller et al., 2018), this 

change in effect doesn’t completely invalidate working with the 



107 
 

graviresponse against time. Differential growth kinetics may affect the 

presentation of the graviresponse, but there is still a real biological 

defect if the plant is effectively responding slower to gravity over time. 

For this reason, it would be best to measure graviresponse against 

both time and growth whilst exercising professional judgment as to the 

full effect a mutation or environmental change has. pgm-1 is 

unambiguous in that it shows a defect in gravitropism either way it is 

plotted (Figure 4.4; Figure 4.5), but by plotting against growth we see 

that this defect may not be as extreme as originally assumed.  

This leaves the question as to where the residual gravitropism in the 

pgm-1 mutant comes from. Does it originate from a new pathway in the 

gravitropic response, or simply from a reduced version of the currently 

known and described starch-statolith hypothesis? As it is not possible 

to ascertain this by staining methods (Figure 4.1; Figure 4.2), live 

imaging of the statoliths is the most obvious solution. By targeting YFP 

to the plastid, the morphology of the pgm-1 statoliths was revealed. 

Without starch to fill them these statoliths assume very strange shapes 

(Figure 4.6). One explanation is because everything else about the 

statoliths and the cellular environment they reside in remains the same, 

only the ability to synthesise starch has been removed. Therefore, 

there is the same amount of plastid membrane and stroma being 

“pulled” around by the cytoskeleton within the columella cell. Whilst a 

statolith in Col-0 will be packed with starch, and thus the surrounding 

plastid envelope will be taut, this is not true for pgm-1. The plastid will 

constantly change its shape rather than show the slight saltating 
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motion that we see in the wildtype. This questions the theory that 

outside of large saltating movements, the constant motion of statoliths 

is actually simply Brownian motion (Bérut et al., 2018). Thermal 

Brownian agitation acts on all plastid within the root, it is not simply 

confined to those statoliths in the columella. Therefore, once the starch 

is removed, and these plastids have assumed a similar phenotype to 

plastids in the rest of the root, it would be expected that their motion 

would be the same. The fact that their motion is so extreme suggests 

another internal or external force is acting on these statoliths to cause 

this movement.  

By treating the plants with LatB, it was hoped to test the importance of 

the actin cytoskeleton in this process. As discussed in Chapter 3, the 

actin cytoskeleton is very different in the columella to its configuration 

in the rest of the root. In the columella, the actin network is much finer 

and does not form the long filaments that are observed in more mature 

root cells (Zheng et al., 2015; Zou et al., 2016). For this reason, it is 

possible that a drug such as LatB has a smaller than expected effect. 

LatB works by “capping” the barbed end of actin monomers, preventing 

the polymerisation of actin to form filaments (Smertenko et al., 2010). 

In the columella cells, as the actin network already does not 

preferentially form large filaments, the effect compared to the rest of 

the root may be reduced. It is thus possible that the constant motion 

shown by the pgm-1 statoliths is result of the action of the actin 

cytoskeleton on the plastid envelope. Further work using other, more 

appropriate actin inhibitors or mutants may shed further light on the 
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exact mechanism by which this occurs. It also asks the question, if the 

actin cytoskeleton is connected  to the plastids in the columella – how 

is it? The answer to this question also how profound implications for 

research into signal perception.  

 

4.3.2 The importance of statolith morphology and dynamics on 

signal perception in gravitropism 

With the reveal that the pgm-1 mutant still has statoliths (called as such 

still to discern them from other root plastids, despite their lack of 

starch), it calls to mind whether they are still contributing to the signal 

perception phase of gravitropism. This would explain the residual 

gravitropic response that is observed in the mutant, especially in the 

absence of any credible alternative theories. To this end, it was 

attempted to image these plastids in a more natural vertical state. Due 

to the limitations of the system used, long-term imaging could not be 

done on the vertical stage confocal microscope. The set-up of the 

vertical stage, using a periscope, meant that the laser power required 

was much higher than usual due to the longer beam path. This meant 

after one image, the roots began to bleach and thus any time series 

would have to be discounted. In future experiments, the use of 

dedicated vertical stage confocal microscopes would help greatly (von 

Wangenheim et al., 2017). Imaging the sedimentation of statoliths in 

real time, in both wildtype and pgm-1, would answer questions on how 

long pgm-1 statoliths take to respond to gravity, if they do at all. The 
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images shown here suggests that the pgm-1 statoliths do make some 

contact with the cell edges. Electron microscopy is still a technique that 

may help answer this question. Whilst FIB-SEM had too many 

limitations for this, it is possible that techniques such as serial block 

face scanning electron microscopy (SBF-SEM) could be used (Hughes 

et al., 2014), as it already has been in Arabidopsis (Kittelmann et al., 

2016). If the plants are fixed in a vertical position, and the ER stained 

with osmium tetroxide, a 3D reconstruction of statolith-ER contact sites 

should be able to be imaged.  

If as suspected, the pgm-1 statoliths do still contact the endoplasmic 

reticulum, what implications does this have for signal perception in 

gravitropism? Does it favour one model over another? If any further 

electron microscopy would show membrane warping as seen before 

(Leitz et al., 2009), then either theory could be realistically argued for. 

This membrane warping would provide enough pressure to activate 

any mechanosensitive ion channels, and for this one would expect 

enough of the plastid to be in contact for a ligand-receptor model to be 

viable. However, if the pgm-1 statoliths are constantly moving as we 

observe in the time series imaging (Video 4.2), then would they provide 

enough pressure on the membrane to activate mechanosensitive ion 

channels? It seems more likely that this would back up a receptor-

ligand model, with quick contacts between the pgm-1 statoliths and ER 

triggering a lighter response than the full weight of a wildtype statolith. 

More recent research suggests that force may not play any role in 

signal perception at all, but rather that statoliths act as position sensors 
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(Pouliquen et al., 2017). This possibility also makes sense with the 

pgm-1 statoliths, which appear to touch the gravity-facing face of the 

cell a lot less, but also may conceivably be touching other faces of the 

cell as they move. This would theoretically reduce the strength of the 

gravity response in one singular direction. The pgm-1 mutant still has a 

lot to provide the field of gravitropism research, especially as imaging 

techniques continue to break new ground. 

 

4.3.3 Conclusions 

This chapter finds that the phenotype of the pgm-1 mutant is more 

complicated than the simple removal of starch from its statoliths. The 

dramatic resulting phenotype raises more questions about the cellular 

environment of the columella cells, the connection between the statolith 

and the actin cytoskeleton, and the role of the statolith in the signal 

perception phase of gravitropism. In conjunction with new imaging 

technologies, these results have the potential to transform the way the 

gravitropism community sees the statolith and signal perception.  
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5 THE RELATIONSHIP BETWEEN ROOT PLASTID 

MOTILITY AND THE CYTOSKELETON 

 

5.1 INTRODUCTION 

 

5.1.1 Root plastid function 

Root plastids are a form of leucoplast, producing no chlorophyll or 

other pigmentation, in contrast to chloroplasts and chromoplasts 

(Lopez-Juez and Pyke, 2005). The term ‘leucoplast’ derives from the 

Greek leukós, meaning white or pale, signifying their difference to other 

forms of plastid. Here they shall be referred to only as root plastids, 

and the term leucoplast shall be reserved to describe other colourless 

plastids outside of the root. As mentioned in Chapter 1, root plastids 

are understudied in comparison to other forms of plastids, where their 

function in root development is mainly unknown (Pyke, 2007). The 

main function of root plastids is in the metabolism and biochemistry of 

the root, as covered in Chapter 1. This includes biochemically 

important areas such as the de novo synthesis and subsequent export 

of fatty acids to the ER (Li et al., 2015), the metabolism of starch (Streb 

and Zeeman, 2012), as covered in Chapters 1 and 4, and the reduction 

of nitrite to ammonia from soil nitrogen (Tegeder and Masclaux-

Daubresse, 2018). These functions mean that the population of root 

plastids and their coverage in the cells of the root must be tightly 

controlled. Root plastids do exhibit an increase in their population as 
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cell size increases, and thus as cells mature and move away from the 

meristem (Bramham and Pyke, 2017). 

However, the role of the root plastid in root development is not well 

understood, with only a couple of items of research focusing on the 

interplay between the two (Kobayashi et al., 2012, 2013; Bramham and 

Pyke, 2017). More recently, it has been discovered that properly 

functioning plastids are important for the development of the lateral root 

(Nakata et al., 2018). The regulator of fatty acid composition 3 (rfc3) 

mutant is defective in plastid translation, and shows defects in stem cell 

organisation in the developing lateral root; a phenotype that is also 

seen when wildtype plants were treated with the plastid translation 

inhibitor, spectinomycin (Nakata et al., 2018). Furthermore, the rfc3 

mutant exhibits reduced symplasmic connectivity, another phenotype 

that plastid function has been shown to affect in root development 

(Benitez-Alfonso et al., 2009, 2013; Burch-Smith et al., 2011; 

Stonebloom et al., 2012; Dmitrieva et al., 2017). This research 

connects the two main functions of the root plastid that have been 

explored, as a developmental regulator and a key player in plant cell 

metabolism. With exogenous sucrose application to rfc3 causing an 

increase in plastid rRNA levels and abolishing the abnormal lateral root 

phenotype, creating a clear link between cellular metabolism, plastid 

function, and root development (Nakata et al., 2018). Previous 

research has also demonstrated this in the meristem of the primary 

root, where disturbed redox regulation in the gfp arrested trafficking1 

(gat1) mutant leads to seedling fatality by disturbing plastid-mediated 
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meristem maintenance (Benitez-Alfonso et al., 2009; Benitez-Alfonso 

and Jackson, 2009).  

As discussed in Chapter 1, root plastids are prevented from greening 

and developing into chloroplasts by the action of the light-induced 

GOLDEN2-LIKE2 (GLK2) / LONG HYPOCOTYL5 (HY5) pathway and 

subsequent auxin-cytokinin signalling (Kobayashi et al., 2012, 2013). 

As root plastids can be seen to aid normal root development, new 

research in this area shows the plasticity of root plastids in responding 

to their environment also. When the shoots of Arabidopsis seedlings 

are removed, the root plastids respond by increasing chlorophyll 

production and showing increased photosynthetic activity (Kobayashi 

et al., 2017). The proposed model for this is a simple hormonal switch, 

where shoot-derived auxin can no longer supress chloroplast 

development in the root and the wound-induced cytokinin response 

promotes plastid greening (Kobayashi et al., 2017). This pathway 

demonstrates the plasticity of root plastids in response to their 

environment, a perfect example of the ability of plastids to interconvert 

between types. 

Despite a dearth of research on root plastids, the work that has been 

done begins to paint a picture of an organelle that fulfils a vital 

biochemical function, plays a crucial role in root development, and can 

responds quickly to changing environmental and stress signals for the 

benefit of the plant.  
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5.1.2 Chloroplast-cytoskeletal interactions 

As covered in Chapter 3, the cytoskeleton is an integral part of every 

plant cell, with the microtubule array and actin microfilaments guiding 

intracellular trafficking and organellar movement. Whilst interactions 

between the root plastids and the cytoskeleton has not been given 

great thought, the methods by which chloroplasts move are long-

studied and well understood (Wada, 2016). Chloroplast movement is 

required so that chloroplasts may respond to fluctuations in light, 

preventing damage whilst maximising photosynthetic efficiency 

(Suetsugu and W, 2012). Chloroplast photorelocation is divided into 

two responses, avoidance and accumulation. In the avoidance 

response, chloroplasts move away from areas of strong light to 

minimise photodamage to the chloroplast an photosynthetic apparatus 

(Kasahara et al., 2002). Whereas in the accumulation response, 

chloroplasts move towards areas of stronger light when the overall light 

level is weak (Trojan and Gabryś, 1996). These responses depend 

upon the actions of a host of photoreceptors, such as phototropins 

(Jarillo et al., 2001), phytochromes (Chen and Chory, 2011), and 

cryptochromes (Liu et al., 2016). These photoreceptors cover most of 

the light spectrum, with phototropins detecting blue light being the most 

important in chloroplast relocation (Banaś et al., 2012). However, 

phytochromes can detect red and far-red light (Larkin et al., 2014), and 

even UV light receptors have been implicated in photomorphogenesis 

(Rizzini et al., 2011). Many of the reviews mentioned here cover in 

detail the molecular basis of the light signalling involved in chloroplast 
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relocation (Wada, 2016), but the subsequent action involving the 

chloroplast-cytoskeletal interaction is of greater relevance and interest 

here. 

The chloroplast requires an intimate connection with the cytoskeleton 

in order to facilitate these avoidance and accumulation responses, just 

like any other organelle movement including nuclear photorelocation 

(Higa et al., 2014b). Chloroplast movement relies on the actomyosin 

system, specifically the novel chloroplast-actin (cp-actin) ring system 

(Kadota et al., 2009). Through this system they can almost 

instantaneously begin to move regardless of direction to escape or 

move towards light, specifically through blue light regulation via 

PHOTOTROPIN1 (PHOT1) and PHOTOTROPIN2 (PHOT2)  (Tsuboi 

and Wada, 2011). A major gene player in this research and the 

mechanism of this pathway, is CHLOROPLAST UNUSUAL 

POSITIONING1 (CHUP1). CHUP1 was originally discovered in 

Arabidopsis through a screen for mutants with defects in chloroplast 

photorelocation; the chup1 movement shows defects only in 

chloroplast movement, with all other organelles moving normally 

(Oikawa et al., 2003). CHUP1 localises to the chloroplast outer 

envelope and anchors the chloroplast to the plasma membrane 

(Oikawa et al., 2008), with the ability to polymerise/interact with actin 

and profilin to accumulate cp-actin at the chloroplast outer envelope 

(Schmidt Von Braun and Schleiff, 2008). The other main players that 

begin to complete this cytoskeletal jigsaw are the KINESIN-LIKE 

PROTEIN FOR ACTIN-BASED CHLOROPLAST MOVEMENT (KAC) 
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proteins, KAC1 and KAC2 (Suetsugu et al., 2010b). The kac1 and kac2 

mutants show severe defects in chloroplast relocation, and the 

kac1kac2 double mutant completely abolishes the photo response 

(Suetsugu et al., 2010b). The KAC proteins are microtubule motor 

kinesin-like proteins, and although they are known to interact with 

CHUP1, their exact role in chloroplast movement is not fully 

understood (Suetsugu et al., 2016). However, it is known that the 

chloroplast relocation system also has an important role in nuclear 

photorelocation, an important demonstration of the importance of the 

plastid and plastid motility to the other organelles in the cell (Suetsugu 

et al., 2016). These experiments showed that kac1kac2 plants do in 

fact show a light avoidance phenotype in response to strong blue light, 

and that there is a KAC-independent pathway of chloroplast 

photorelocation dependent on CHUP1, PLASTID MOVEMENT 

IMPAIRED1 (PMI1), and THRUMIN1 (THRUM1). This KAC-

independent pathway is how chloroplast-regulated nuclear photo 

avoidance occurs, as the nucleus is dependent on cp-actin regulated 

movement (Higa et al., 2014a). The KAC-dependent pathway however 

is theorised to mediate the cp-actin interaction with CHUP1 (Suetsugu 

et al., 2016). This leaves a lot of potential players for the dynamics of 

root plastids, but the most important player thus identified, CHUP1, 

shows near zero expression levels in root tissue (Oikawa et al., 2003). 

This leaves the possibility open of a separate pathway for root plastid 

motility, separate to the chloroplast photorelocation system.  
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5.1.3 Scope of the chapter 

Root plastids have mainly had their metabolic and biochemical 

functions investigated, but any description of their morphology or 

dynamics is lacking. With the advent of fluorescent protein-based 

organelle imaging and advances in confocal microscopy, it is a wonder 

that this has not already been examined. This chapter provides a 

description of root plastid morphology in comparison to other plastid 

types. It also investigates their dynamics, and the mechanisms behind 

their motility. In doing so, this chapter also describes a novel 

microfluidics device for long-term imaging of root plastids, with 

prospects for other applications in plant imaging methods. Ultimately, 

this chapter provides a deeper understanding of plastid-cytoskeletal 

interactions in the root, aiming to help draw a link between these 

characteristics and the functions of the root plastid. 
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5.2 RESULTS 

 

5.2.1 Root plastids are highly motile, dependent on their cell 

lineage 

Root plastid dynamics have not been directly measured before, in 

comparison to other forms of plastid such as the chloroplast. 

Chloroplasts move at up to 2µm/min in the photorelocation response 

(Kong et al., 2013), and the statoliths in the Arabidopsis root tip have 

been modelled to move as a collective at 10µm/min (Bérut et al., 2018). 

Here the speeds of root plastids are described in the different cell 

layers by manual tracking using the MTrack2 plugin in FIJI (Kapoor et 

al., 2019). In the epidermis plastids showed a mean speed of 0.1291 

µm/s, in the endodermis they showed a mean speed of 0.2199 µm/s, in 

the cortex they showed a mean speed of 0.2859 µm/s, and finally in the 

stele the plastids showed a mean speed of 2.134 µm/s (Figure 5.1). All 

of these speeds were statistically significant between each other to a 

degree of at least p<0.05, suggesting that the dynamics of root plastids 

is a consequence of the cell layer that they reside in. This analysis also 

demonstrated that a greater variance in speed was observed in the cell 

layers deeper in the root. All cell layers showed plastids that exhibited 

speeds of 0 µm/s, but whereas the highest speed plastid in the 

epidermis moved at 1.397 µm/s, the highest speed plastid in the stele 

moved at 15.772 µm/s (Figure 5.1). This greater range suggests that 

the plastids do not always move at greater speeds within the cell layers  
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Figure 5.1 Root plastids move faster the deeper in the root they are 

Root plastid speed was measured manually in ImageJ in 4 different cell 

layers, the epidermis, the endodermis, the cortex, and the stele. Individual 

plastids were tracked, and instantaneous speed between each frame was 

plotted. Sample numbers of at least 10 plastids per cell type were used. 

Using t-tests and plotting median with 95% confidence intervals there is a 

significant difference between all cell layers for at least p<0.05. 
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deeper within the root, but that they have the potential to, as opposed 

to the plastids in the outer cell layers. To further investigate the 

dynamics of root plastids, the mechanism by which this motility is 

controlled needs to be investigated.  

 

5.2.2 A microfluidics device can be used to image plastid 

dynamics 

To image root plastid dynamics in a stable system over a longer period 

of time, a new method of maintaining the plant whilst imaging was 

taking place was required. Whilst imaging over a longer period of time 

on a microscope slide under a coverslip, the sample was liable to dry 

out, limiting imaging time to a maximum of around 15 minutes from 

sample loading. Another option was to use a cover slip bottomed 

chamber, and to mount the sample under an agar block. This kept the 

sample hydrated for much longer, especially as the container lid can be 

closed with Parafilm to reduce loss of water from the agar. However, to 

investigate the mechanism of root plastid dynamics a method by which 

a variety of chemical treatments could be delivered would be 

experimentally useful. To this end, microfluidics devices and imaging 

platforms would be perfect.  

As discussed in Chapter 1, a number of microfluidics devices have 

been purpose-built for imaging Arabidopsis and published and used 

quite widely within the field. The RootChip is the most popular 

microfluidics device for imaging the roots of Arabidopsis (Ehrhardt et 
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al., 2011; Grossmann et al., 2012; Stanley et al., 2018), but has several 

drawbacks for its use in this research. The RootChip requires seedlings 

to be grown into it from 5-7 days after germination, fundamentally 

changing their growth conditions in contrast to the plate-grown plants 

that the research may use in other experiments. The RootChip also 

requires a number of specialised pieces of equipment and computer 

software to run properly (Grossmann et al., 2012). To this end, it was 

decided to design a new microfluidics device that could be made at 

minimal cost with an off-the-shelf vacuum pump.  

As described in Chapter 2, this led to a 3D printing approach for what 

shall hereon be known as the ‘FlowCell’. The FlowCell was designed in 

the commercial CAD software Fusion 360 (AutoDesk Ireland 

Operations Ltd., Dublin, Ireland) and 3D printed on a FormLabs Form2 

stereolithography 3D printer from FormLab’s Flexible Resin or 

FormLabs Black Tough Resign (FormLabs Inc., Somerville, 

Massachusetts, USA). This means that the FlowCell can be printed out 

from a CAD file on any other stereolithographic 3D printer, and 

theoretically using any range of appropriate materials. The pump 

system used from Warner Instruments uses a linear piston vacuum 

pump and an adjustable needle valve to allow changes in vacuum 

pressure (Warner Instruments, LLC, Hamden, Connecticut, USA). This 

gives finer control over the system to make sure the flow is optimal for 

imaging conditions and plant growth. Finally, the FlowCell insert itself 

was designed based on the originally purchased RC-27N Narrow 

Rectangular Bath from Warner Instruments (Warner Instruments, LLC, 
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Hamden, Connecticut, USA). The chamber was redesigned from the 

ground up in Fusion 360 to be more appropriate for the growing 

conditions of Arabidopsis, providing a lid, wells that provided more 

stable flow, and a dedicated resting spot for the upper part of the plant 

(Figure 5.2).  

The FlowCell functions by sealing the bottom of the insert to a standard 

22x50mm coverslip using vacuum grease. This is then clamped using 

the adjustable holder from the RC-27N from Warner Instruments 

(Warner Instruments, LLC, Hamden, Connecticut, USA). Small 

channels from the fluid output and put lead to the central chamber, 

allowing solution to flow from one end to the other (Figure 5.2). The 

plant is deposited with the upper part on the resting in its groove, whilst 

the root lays on the lower coverslip in solution (Figure 5.3). This is then 

held in place by the lid, which has a viewing cut-out to which a 12x12 

coverslip is attached by vacuum grease. This results in the plant root 

being held in place between two coverslips in the solution of one’s 

choosing (Figure 5.3). Fluid input is handled by a series of constant 

pressure gravity fed syringes, which can be turned on and off 

alternately to allow chemical treatments to be delivered to the sample. 

Fluid output is handled by the vacuum pumps, and the rate at which 

solution moves through is adjusted using the needle valve.  

To test the ability of a root mounted in the system to take up a solution, 

the stain FM 4-64 was used to stain the plasma membrane (PM). FM 

4-64 stains the plasma membrane, and given time permeates through 

to the entire endocytic pathway. Here it was simply used as a PM stain  
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Figure 5.2 A diagram describing the FlowCell and its operation 

A graphical render of the FlowCell including its lid. Fluid moves from the 

right of the insert to the left, and the FlowCell is clamped to the coverslip 

thanks to the grooves on either side. This render was produced in Fusion 

360 (AutoDesk Ireland Operations Ltd., Dublin, Ireland). 
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Figure 5.3 The FlowCell (without lid) in operation mounted on a Leica 

SP8 confocal microscope 

This photograph demonstrates the real-life mounting of the FlowCell, 

including the fluid input (right of picture) and fluid output (left of picture). 

This shows the clamp holding the insert close, and the imaging chamber in 

the middle where the sample can be imaged. 
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to verify the ability of the FlowCell to deliver a treatment. The outer PM 

of the epidermis began to fluoresce after around 1 minute of treatment, 

by 3 minutes the inner PM of the epidermis fluoresced, and this 

permeated through the root to reach the PM of the endodermis by 5 

minutes in (Figure 5.4).  

This system should thus allow the imaging of the plant root over long 

periods of time, whilst switching solutions to deliver and subsequently 

wash over different treatments. 

 

5.2.3 Root plastid dynamics depend on the actin cytoskeleton 

Lines expressing UBQ10:Lifeact-mGFP and 35S:TP-FtsZ-YFP were 

mounted on the FlowCell to be exposed to two separate cytoskeletal 

inhibitors; latrunculin-B (LatB) which prevents the polymerisation of 

filamentous actin, and oryzalin which inhibits the formation of 

microtubules. Samples were mounted and then allowed to settle whilst 

the system was set up. When imaging began, ½ MS solution was 

pumped through for the first 3 minutes before the drug treatment was 

started. The drug treatment was then kept flowing for at least 25 

minutes, and then washed off until the system appeared to be 

recovering from the effects.  

To verify the action of the Lat-B on the actin cytoskeleton, the 

UBQ10:Lifeact-mGFP line was treated first. This line showed the actin 

filaments in the epidermis become diffuse and fall apart as the sample 

was treated with 200nM LatB (Video 5.1). Unfortunately, due to the  
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Figure 5.4 The FlowCell can deliver the fluorescent stain FM4-64 to 

an Arabidopsis root 

The fluorescent stain FM4-64 (red) was pumped through the FlowCell to a 

7-day old Col-0 root. Images were captured at minute intervals to assess 

how fast the FlowCell delivered a treatment. By 5mins, a regular staining 

time for FM4-64, a large proportion of the outer root had been stained. 

Scale bar is 50µm.  
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Video 5.1 Latrunculin-B depolymerises actin when delivered to a 

sample via the FlowCell 

200nM Latrunculin-B (LatB) was delivered to a 7-day old Arabidopsis root 

expressing the actin marker UBQ10:Lifeact-mGFP (yellow). After 5 

minutes of ½ MS solution, the root was treated with 200nM LatB for 15 

minutes before being washed off with ½ MS solution and allowed to 

recover. Note that the actin filaments fall apart after ~5mins of treatment, 

becoming diffuse in the cytosol, before reassembling into filaments when 

the treatment is ended. Scale bar represents 100µm.  
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thinner cells of the inner root, the effect on the actin cytoskeleton in the 

stele could not be imaged accurately. 

When pumping 200nM LatB through the FlowCell, the root plastids 

began to lose their motility first in the epidermis, and then through to 

the endodermis in a time-dependent manner (Video 5.2). This suggests 

that the LatB was moving through the root in a similar manner to the 

FM4-64 (Figure 5.3). The plastids in the epidermis, cortex, and 

endodermis eventually all appeared to stop moving entirely. However, 

the plastids in the stele showed no change in their dynamics in pre, 

during, or post treatment (Video 5.2). This is possibly due to the 

Casparian strip blocking the uptake of LatB further into the root, or the 

plastids inside the stele move via a different mechanism to the plastids 

in the outer layers of the root.  

To quantify this, plastid dynamics over time in Video 5.2 were 

measured using a pairwise subtraction method to calculate the bulk 

remodelling index (BRI) (Tolmie et al., 2017). This showed the lower 

plastid motility in the outer root in comparison to the stele (Figure 5.5). 

However, this analysis does not show a reduction in plastid motility with 

the treatment of LatB, or the subsequent recovery in the outer root 

(Figure 5.5). This may be due to the bleaching over the long time 

period of imaging that we see (Video 5.2), this increases noise and 

decreases signal. This may mean that the threshold used in the 

methodology for this analysis becomes less appropriate as imaging 

continues. Despite the lack of quantitative data, the effects can still be 

readily seen in the time series itself. These results provide the first  
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Video 5.2 Latrunculin-B reduces plastid motility when delivered to the 

root via the FlowCell 

200nM Latrunculin-B (LatB) was delivered to a 7-day old Arabidopsis root 

expressing the plastid marker 35S:TP-FtsZ-YFP (yellow) and 

UBQ10:RCI2a-tdTomato (magenta). After 3 minutes of ½ MS solution, the 

root was treated with 200nM LatB for 60 minutes before being washed off 

with ½ MS solution and allowed to recover. Note that the plastids in the 

outer root lose motility over time, but the plastids in the inner root are not 

affected. We see this lack of motility increase again as the treatment is 

washed off. Note the bleaching and increase in noise over time. Scale bar 

represents 50µm. 
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Figure 5.5 Bulk remodelling index of root plastids when treated with 

200nM LatB is pumped around the FlowCell 

A graph depicting the bulk remodelling index over time of the sample in 

Video 5.2. Note that the stele has a generally higher BRI than the outer 

edges of the root. No differences are noted with the LatB treatment. This 

may be due to bleaching making the data noisier. Data plotted using 

PlotTwist (Goedhart, 2019).  
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evidence that root plastid motility may depend on the actin 

cytoskeleton, and that this can be impaired through drug treatments. 

This is consistent with the role the actin cytoskeleton already has in 

chloroplast relocation. More imaging must be done to cement this, and 

a more appropriate method of analysis used in the future.  A role for 

microtubules, however, still has to be established. 

 

5.2.4 The structural integrity of root plastids depends on a 

functioning microtubule array 

To examine the effect of oryzalin on root plastid dynamics, 7-day old 

Arabidopsis seedlings were transferred onto plates containing varying 

concentrations of oryzalin for 24hrs before their root morphology was 

examined. In comparison to 0µM oryzalin, 1µM and 100µM were used, 

and previous research suggests effects on root morphology can be see 

starting at 170nM (Baskin et al., 1994). The root loses anisotropic 

growth with the exposure to oryzalin, and this becomes more dramatic 

at higher concentrations (Figure 5.6). This leads to a root tip that 

appears to swell, and an elongation zone that widens out in 

comparison to the rest of the root. To ensure a response when imaging 

the effects of oryzalin on root plastids, a concentration of 30µM 

between the two treatments here was chosen. An agar block was 

placed upon a root with fluorescent proteins targeting the plastids and 

plasma membrane, mounted in a coverslip chamber on a confocal 

microscope, and the root plastids were imaged as the oryzalin took 

effect (Video 5.3). At 30µM no difference is seen in root plastid motility  
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Figure 5.6 The effect of oryzalin on root morphology 

Maximum projections of confocal stacks of the line UBQ10:RCI2a-

tdTomato (yellow) 24hrs after being transferred to plates of varying 

concentrations of oryzalin. From left to right a) 0µM oryzalin, b) 1µM 

oryzalin, c) 100µM oryzalin. Oryzalin disrupts anisotropic growth, and at 

increasing concentrations.  
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Video 5.3 30uM oryzalin treatment does not affect root plastid motility 

A 7-day old Arabidopsis seedling expressing 35S:TP-FtsZ-YFP (yellow) 

and UBQ10:RCI2a-tdTomato (magenta) was imaged under an agar block 

containing 30µM oryzalin. Over just over 30mins, no changes in root 

plastid motility were discernible. Scale bar is 50µm.  
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Video 5.4 0uM oryzalin treatment does not affect root plastid motility 

A 7-day old Arabidopsis seedling expressing 35S:TP-FtsZ-YFP (yellow) 

and UBQ10:RCI2a-tdTomato (magenta) was grown and imaged under an 

agar block containing 0µM oryzalin. Over just over 1min, no changes in 

root plastid motility were discernible. Scale bar is 50µm.  
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as the oryzalin treatment is added. To this end, a much higher dose of 

300µM was chosen to explore if any concentration of oryzalin would 

produce a change in root plastid motility. Unexpectedly, this dose 

appeared to cause root plastid lysis as the treatment moved from the 

outside of the root to the stele (Figure 5.7). However, root plastid 

motility did not appear to decrease up until the plastids themselves 

lysed. This suggests a lack of a primary role for the microtubule array 

in root plastid motility but does support that higher concentrations of 

oryzalin will cause great damage to the cell, including the plastids. 
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Figure 5.7 Higher concentrations of oryzalin cause plastid lysis 

A block of agar containing 300µM oryzalin was placed on a 7-day old 

Arabidopsis seedling. Over almost 25mins this caused plastids in the root 

to lyse as the oryzalin moved into the root. Note the diffuse, residual signal 

of the YFP in the cells of the stele at 24:48. Scale bar is 50µm. 
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5.3 DISCUSSION 

To describe and understand the dynamics of root plastids, this 

research examined the full extent of their motility and the underlying 

biological mechanisms that causes it. The data here suggests a role for 

interactions with actin being behind the motility of root plastids, with a 

possible role for microtubules. This research also describes the design 

and construction of a microfluidics device, the FlowCell, that can be 

3D-printed and used across a variety of confocal microscopes. Using 

this new device, and building upon the data shown here, further 

research into all forms of plastid motility can be conducted in the future.  

 

5.3.1 Root plastids are more dynamic than other forms of plastid 

The most surprising results from these experiments are the sheer 

speed at which root plastids can move (Figure 5.1). With a general 

upper limit in speed of around 12µm/s, and a maximum observed 

speed of nearly 16µm/s, this is much higher than the speeds observed 

in any other plastid – or even compared to other organelles. The 

connection between plastids and actin, and the speed at which cellular 

trafficking occurs is driven by myosins (Vale, 2003). Cytoplasmic 

streaming in a variety of organisms has been known to reach speeds of 

up to 100µm/s (Shimmen and Yokota, 1994), and myosins in 

Arabidopsis have known speeds of up to 7µm/s (Tominaga et al., 

2003). Myosin XI is the driving force behind these high velocity events, 

in Chara corallina myosin XI is the fastest known motor protein, 



139 
 

reaching speeds of up to 50µm/s (Ito et al., 2007). However, quadruple 

knockouts of myosin XI reduce the motion of all organelles except for 

chloroplasts, indicating a myosin-independent system of motility for 

plastids (Suetsugu et al., 2010a). This fits in with that is known about 

the CHUP1/KAC system, that is not known to include any myosin 

actors (Wada and Kong, 2018). In chloroplasts it is proposed that this 

is due to the need for each chloroplast to respond independently to 

differences in light intensity, and that myosin-dependent motility is 

reserved for organelles that require a long-distance transport 

mechanism (Suetsugu et al., 2010a).  

The FlowCell was created for this research to provide a solution for 

long-term imaging whereby chemical treatments can be applied and 

removed quickly. It was also designed to be easily replicated in any 

other institution for similar research goals. This is thanks to its 3D-

printed design and ease of adjustment with CAD software, allowing it to 

be tailored to the specific imaging challenges unique to different 

research topics. This gives the FlowCell an advantage over other 

microfluidics imaging devices, that may need to be specially purchased 

(Ehrhardt et al., 2011) or made in-house using PDMS (Kirchhelle and 

Moore, 2017). These are much more time-consuming and expensive 

systems, assuming that a 3D printer is accessible to print out a 

FlowCell.  

To this end, the FlowCell has only been used in this research context 

to examine the effects of cytoskeletal inhibitors on roots (Video 5.1; 

Video 5,2). This has provided some insight into how the plastids and 
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cytoskeleton interact, but it isn’t appropriate for all treatments. LatB is a 

perfect example of the kind of chemical treatment the FlowCell is good 

for. However, as a method of delivering oryzalin the FlowCell is less 

useful due to the much longer-term effects of oryzalin on the overall 

growth of the plant (Figure 5.6). The FlowCell would also excel in any 

research that wishes to observe any cellular changes to changing 

nutrient conditions, or the use of other transient chemical treatments. 

For example, treating DII-Venus seedlings with different auxin 

concentrations or auxin inhibitors to examine the real-time effects of 

differing hormonal effects on the root.  

 

5.3.2 Plastid-cytoskeletal interactions appear to be important for 

root plastid motility 

Taking the two earlier scenarios into consideration, it seems more 

probable that root plastids use a myosin-dependent system of motion. 

This research shows that root plastids can move much faster than 

chloroplasts do in the photorelocation response (Figure 5.1). This is 

consistent with the long-distance transport processes that organelles 

such as the Golgi and ER exhibit, in contrast to the relatively slow 

motion that chloroplasts exhibit. Coupled with the fact that CHUP1 

shows almost no expression in the root, a myosin-dependent process 

seems the most promising avenue to conduct further research in.  

This process is also likely to rely on the actin cytoskeleton, and we see 

a possible reduction in plastid motility when roots are treated with an 
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actin inhibitor via the FlowCell (Video 5.2). Further research into this 

topic should make use of crosses between actin and plastid marker 

lines, to investigate the presence of cp-actin “halos” around the root 

plastids, and also investigate the effects of knockouts in genes such as 

CHUP1, KAC1, and KAC2. This would begin to help build up an 

argument as to which mechanism of motion root plastids favour. 

Investigations into the effects of knocking out myosin XI genes has 

examined chloroplast motility, but unfortunately not root plastid motility 

(Suetsugu et al., 2010a). Research into these two avenues would help 

explain the striking speeds that root plastids move at. 

 

5.3.3 Conclusions 

This chapter clearly shows the fascinating dynamics that root plastids 

exhibit and goes some way towards explaining the mechanisms of this 

motion. Through inhibitor treatments, actin-mediated plastid movement 

appears to be the most likely candidate to drive this motion. Taking 

previous research into account this is likely myosin dependent. Using 

the newly described FlowCell, and a combination of mutant lines and 

fluorescent protein marker lines, further research should be able to 

identify the main players involved in this mechanism.  
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6 PLASTID DIVISION PROTEINS IN ROOT PLASTID 

DEVELOPMENT 

 

6.1 INTRODUCTION 

 

6.1.1 Organellar division 

Division is an integral biological process in the development and 

evolution of all eukaryotic cells and organisms, whereby cellular 

division necessitates the partitioning of all the organelles to each 

daughter cell (Kuroiwa, 2010). For the majority of organelles, the equal 

segregation between daughter cells is achieved by a form of division to 

reach the optimal organellar populations in each daughter cell 

(Sheahan et al., 2004). For mitochondria and plastids, this organellar 

division is based upon ancestral division processes inherited and 

amended from their respective α-proteobacterial and cyanobacterial 

ancestors (Chen et al., 2018).  

Organellar division is required beyond the need for partitioning of 

organelles in cellular division, but also for changing populations of 

organelles in cell development depending upon the fate of the cell. 

Mitochondrial fission is a conserved process across all flowering plants, 

relying upon orthologs of Dnm1 and Drp1, known as DRP3A and 

DRP3B (Dynamin-related protein 3A/3B) (Fujimoto et al., 2009). A 

major commonality with plastid division, is the necessity for 

mitochondrial division to be synchronous across two membranes, as 
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both mitochondria and plastids are double-membraned organelles (Cho 

et al., 2017).  

Whilst the division processes of mitochondria and plastids are mainly 

derived from their bacterial ancestors, they have lost the ability to 

encode the genes for the process themselves. These genes have been 

“lost” or transferred to the nucleus as part of the great reduction in the 

organellar genome sizes of the mitome and plastome (Johnston, 2019). 

This means that all division components that act from within the 

organelle must be encoded in the nucleus, synthesised in the cytosol 

and imported through the double-membrane of the mitochondria or 

plastid (Basak and Møller, 2013). Thus, plastid division is further 

complicated by – the timing of nuclear protein translation, cytosolic 

protein synthesis, cytosol-organelle protein import, the synchronisation 

of the dividing ring on each of the double membranes, and the need to 

synchronise all of these with the cell cycle. 

Mitochondrial and plastidial division both have many similarities that 

have already been touched upon, but this includes the makeup of the 

constricting rings that divide the organelle (Kuroiwa, 2010). An outer 

dynamin ring in the cytosol, that constricts the mitochondrial or 

plastidial division rings on the outer and inner membranes, as well as 

an inner FtsZ ring in both organelles (Kuroiwa et al., 2008). 

Where mitochondria undergo fission, they also undergo fusion which 

aids the plasticity of their response to the changing energy 

requirements of the cell they occupy (Fujiwara et al., 2004). 
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Mitochondrial dynamics in this manner are thus vital for immunity, 

mitochondrial quality control, and apoptosis on top of the requirements 

for cellular division (Tilokani et al., 2018). This mitochondrial fusion is a 

process that is not currently known to be shared by other organelles, 

such as peroxisomes and plastids, which rely on a “grow-and-divide 

mechanism” (Arimura, 2018). In some circumstances, plastids have 

been known to fuse, such as in response to the colonisation of the root 

cortex by arbuscular mycorrhizal fungi (Fester et al., 2001). In this 

response, the plastids form tubular extensions between plastid bodies 

that create a larger plastid network, increasing surface area with the 

periarbuscular membrane and leading to an increase in plastidial 

biosynthetic activity (Lohse et al., 2005). At their core, all of these 

mechanisms are methods to control the sizes of the various organellar 

compartments to deal with the changing cellular and physiological 

enviroments that plants find themselves in.  

 

6.1.2 Chloroplast division 

Plastids derive from an ancient cyanobacterial ancestor, and as such 

they have an inability to form new plastids de novo, relying instead on 

the afore mentioned ‘grow-and-divide’ model to increase their 

compartment size (Kuroiwa et al., 2008). Plastid division is a process 

that has been studied since electron microscopy first began to identify 

electron-dense dividing rings constricting plastids in various plants into 

dumbbell-like structures (Hashimoto, 1986). This method of plastid 

division is now known as binary fission, where the plastid divides 
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through this centred constriction (Osteryoung and Pyke, 2014). The 

two dividing rings that can be seen with electron microscopy are the 

outer plastid-dividing ring (PD) on the cytosol-facing surface of the 

outer envelope membrane (OEM), and the inner PD ring on the 

stroma-facing surface of the inner envelope membrane (IEM) (Kuroiwa 

et al., 1998). Molecular studies now confirm that these two rings are 

actually four – the outer PD ring in conjunction with the ARC5/DRP5B 

ring, and the inner PD ring in conjunction with the FtsZ ring (Figure 

6.1). These contractile rings and the molecular machinery that makes 

them up are conserved across all plants that exhibit primary plastids 

(Miyagishima, 2011). 

Plastid division is not just spatially regulated by the positioning of the 

dividing rings, but by necessity these rings must be assembled in this 

order: firstly the FtsZ ring, then the inner PD ring, the outer PD ring, 

and finally the ARC5/DRP5B ring (Miyagishima et al., 2001). The FtsZ 

ring is formed from heterodimers of FtsZA and FtsZB that polymerise 

within the stroma to form a contractile ring that tethers to the IEM 

(Yoshida et al., 2016). The inner PD ring’s composition is not yet 

characterised, but it is known that the positioning of all the PD rings is 

organised by the ARC6 and PARC6 proteins through the initial 

assembly of the FtsZ ring (Glynn et al., 2009). PDR1 proteins attach to 

the cytosolic side of the OEM above the FtsZ ring, where they are 

bound by the final ARC5/DRP5B ring (Yoshida, 2018). 

The plastid division process has been uncovered over the past 3 

decades with the advances made in microscopy and molecular biology  
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aiding new insights into the composition of the dividing rings, the 

relative importance of various proteins, and their localisation over time 

and space in the cell (Chen et al., 2018). The first insights into the 

molecular machinery involved in plastid division were uncovered with 

the identification of the suite of arc mutants (Pyke and Leech, 1991, 

1992) and the concurrent discovery of the FtsZ1-1 and FtsZ2-1 genes 

in Arabidopsis, homologs of the bacterial cell division FtsZ gene 

(Osteryoung and Vierling, 1995). arc6 was a mutant that stood out 

early on with a very dramatic chloroplast phenotype, with only two 

chloroplasts per mesophyll cell in Arabidopsis, but at a 20x larger size 

(Pyke et al., 1994). arc6 also displayed aberrant root plastid division, 

similar to in the leaf mesophyll cells, with the statoliths in the columella 

also displaying an increase in size (Robertson et al., 1995). The arc6 

mutation was identified as a single locus, that affects chloroplast 

division from the very earliest stages of proplastid development, and 

thus affect plastid division and development throughout the whole plant 

(Robertson et al., 1995). The ARC6 protein is a Z-ring anchor, 

stabilising FtsZ filaments against the IEM, and descended from the 

cyanobacterial cell division protein Ftn2 (Vitha et al., 2003). Another 

mutant that displayed a more dramatic phenotype was arc5; though not 

as severe as arc6, arc5 mutants only had ~13 plastids in leaf 

mesophyll cells where wild-type had ~121 (Robertson et al., 1996). 

arc5 is the main component of the ARC5/DRP5B ring, which localises 

to the outer surface of the OEM to form a helical structure that 

squeezes the plastid whilst the FtsZ ring pulls the plastid in from the 
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inner surface of the IEM (Morlot and Roux, 2013). To identify further 

mutants that act in stabilising the dividing rings, and correctly localising 

known proteins, the proteins PDV1 and PDV2 were identified in 

Arabidopsis (Miyagishima et al., 2006). These proteins are functionally 

similar and bear a large amount of sequence similarity, and due to its 

restriction to land plants, PDV1 is thought to have arisen from a 

duplication event from PDV2 (Osteryoung and Pyke, 2014). These 

proteins act in a redundant manner with ARC6 to localise the 

ARC5/DRP5B ring, and are thought to determine the rate of plastid 

division by inhibiting the contractile action of the ARC5/DRP5B ring 

until the division process is near completion (Okazaki et al., 2009). A 

final player in the localisation and stabilising of the ARC5/DRP5B ring 

against the Z-ring is PARC6. PARC6 was discovered after previous 

research showed that PDV1 localisation with the plastid-dividing ring 

was ARC6 dependent, but the two proteins did not interact (unlike 

ARC6 and PDV2) (Glynn et al., 2008). PARC6 was found to bridge the 

gap between PDV1 and ARC6 for the proper localisation of the two 

proteins, with no effect upon the localisation of PDV2 (Glynn et al., 

2009).  

All of the correct positioning of the above molecular components are 

dependent upon the initial placement of the Z-ring, but what is it that 

regulates the localisation of the Z-ring in the plastid? In bacteria, the 

most common method is the Min system (Monahan et al., 2014). The 

Min system specifies the Z-ring to the centre of the cell, preventing 

division from occurring at the poles of the cell (Lutkenhaus, 2007). This 
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system in bacteria is comprised of MinC, MinD, and MinE; conserved 

from bacteria to plastids, MinD (Colletti et al., 2000) and MinE (Itoh et 

al., 2001) still act in plastid division whereas MinC did not transfer to 

the host nucleus in the endosymbiotic event. MinD gathers at the poles 

of the cell in Escherichia coli, where it oscillates between the poles of 

the cell in a MinE dependent-manner (Lutkenhaus et al., 2012). The 

action of this polar oscillation binds MinC to MinD, creating a gradient 

of MinC that is lowest in the centre of the cell and highest at the poles 

(Lutkenhaus, 2007). MinC binds polymerising FtsZ proteins to prevent 

Z-ring formation at the poles of the cell, making Z-ring formation most 

favourable and likely at the centre of the cell (Nakanishi et al., 2009). 

However, as the host nucleus of green plants did not acquire MinC 

through endosymbiosis and gene transfer, this protein must have a 

replacement, or the system must work differently. In Arabidopsis, MinD 

and MinE were discovered as the arc11 and arc12 mutants 

respectively (Pyke, 1999; Marrison et al., 1999). Also originally 

discovered as part of the arc suite of mutants, arc3 is a mutant with 

moderately impaired plastid division in both partial knockouts and 

overexpressing lines (Maple et al., 2007). Yeast two-hybrid 

experiments demonstrate that ARC3 interacts with FtsZ1 and FtsZ2 

(Zhang et al., 2013), as well as MinD and MinE (Maple et al., 2007). 

Furthermore, ARC3 also inhibits the ability of FtsZ1 and FtsZ2 to form 

filaments (Terbush and Osteryoung, 2012). All of this points towards 

the likely conclusion that ARC3 fulfils the same role of MinC as 
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preventing polar localisation of the plastid dividing rings, despite a lack 

of sequence or structural similarity (Shimada et al., 2004).  

All of these factors come together to provide a general mechanism for 

plastid division in green plants, specifically Arabidopsis. There are 

altered mechanisms for some green algae, red algae with secondary 

plastids, glaucophytes, and across other species (Khan et al., 2007; 

Miyagishima et al., 2011). Plastid division however does not simply 

vary across species, but within individual plants also, depending on the 

function and lineage of the cell they occupy.  

 

6.1.3 Plastid division in specific cell types 

There is evidence that plastids divide in altered manners to fulfil the 

needs of the cell they are resident in. This can be through either the 

temporal or spatial regulation of the plastid machinery changing, or 

through the molecular mechanisms being altered. A classic example of 

this is the requirement for chloroplasts to fill the leaf mesophyll cell they 

occupy in the most efficient manner for gathering light (Pyke and 

Leech, 1987). Cell division and expansion must coordinate with plastid 

division, and current research suggests that this is indirectly controlled 

by gibberellin in Arabidopsis (Jiang et al., 2012). 

Plastid division research outside of the leaf mesophyll has not received 

the same interest, but the research that has been done points towards 

differences in many cell types with the standard plastid division model. 

In the pavement and guard cells of the leaf, plastids have limited 
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photosynthetic capability (although should still be considered 

chloroplasts) and occupy a much smaller proportion of the cellular 

volume than the mesophyll cells below them (Barton et al., 2016). 

Further research indicates that ARC5 is dispensable for plastid division 

in epidermal pavement cells, as many more pavement cell plastids in 

arc5 mutants finished division compared to those in mesophyll cells 

(Fujiwara et al., 2018). It is possible that this is due to an altered plastid 

division mechanism in pavement cells, or part of the nature of the 

ARC5/DRP5B ring; it may only be required to provide its contractile 

force on fully expanded plastids (Fujiwara et al., 2018). In etioplasts, a 

lack of abnormal division ring placement in arc3 and arc11 mutants 

suggests a different method of division ring placement in some non-

green placements (Wang et al., 2013). 

Due to its agronomic importance, the mechanism by which amyloplasts 

divide and develop in cereals and other starchy crops has also 

received some interest. Initial research suggests that amyloplast 

division in the endosperm tissue of hard red winter wheat occurs via a 

process entirely separate to that of binary fission, whereby plastids 

divide or bud from protrusions from the parent plastid (Bechtel and 

Wilson, 2003). This difference in plastid division in the endosperm 

tissue is backed up by work done in rice, where it was found that rice 

amyloplasts divide by a budding mechanism at multiple sites along the 

plastid body (Yun and Kawagoe, 2009) in contrast to the binary fission 

that rice chloroplasts exhibit (Kamau et al., 2015). Imaging in potato 

and apple also contribute to the theory of alternative forms of plastid 
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division, where amyloplasts in potato stolons and apple callus divide 

rarely, but instead continually bud off proplastids from “mother” 

amyloplasts (Sagisaka, 2008). It seems obvious from this work across 

multiple species that other forms of plastid division exist across 

different forms of plastids and are conserved to some degree across 

species. 

6.1.4 Scope of the chapter 

Whilst the plastid division process has been studied in detail for the 

past 3 decades, this research has focused upon chloroplasts in 

Arabidopsis and crop species, and with a lesser focus on plastids in 

unicellular plants. The plastid division process in non-green plastids is 

much less understood, specifically in root plastids and statoliths. This 

chapter aims to understand which components of molecular machinery 

of plastid division are common between the root and leaf, primarily 

through the impact knockout mutants have on plastid morphology and 

dynamics. This chapter also hopes to understand whether this process 

is common throughout the whole root by examining genomic datasets, 

and whether the columella and plastid division for the development of 

statoliths is an altered process through the targeting of fluorescent 

proteins to plastids in plastid division mutants. The aim is that this may 

uncover mutants with gravitropic defects or explain the lack of defects 

in gravitropism that some known mutants have. Ultimately, the work 

carried out in this chapter will improve our knowledge of differences in 

plastid division between the leaf and root, and the impact this has on 

gravitropism.  
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Figure 6.2 Chloroplast phenotypes of select plastid division mutants 

in Arabidopsis 

Top left shows the Col-0 wildtype in comparison to a selection of mutants 

in the plastid division apparatus, demonstrating the variety of phenotypes 

that disruption of the division machinery can cause. 
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6.2 RESULTS 

 

6.2.1 Plastid division gene expression is higher in the meristem 

than the rest of the root 

The Arabidopsis root can be divided into five distinct developmental 

zones, moving up from the root tip as cells divide, expand, and 

specialise. Firstly, the meristem where cells rapidly divide and are 

pushed into their respective cell files in a “standing wave” model. 

Second and thirdly, the elongation zone is divided into a rapid (REZ) 

and late (LEZ) zone where the newly divided cells expand 

anisotropically at different rates. Fourthly, the mature root is where root 

hairs differentiate and cell expansions ceases. And finally, lateral roots 

begin to emerge in the lateral root zone (LRZ) (Wilson et al., 2013). By 

comparing the expression of 9 key plastid division genes through these 

zones, the importance of these aspects of the plastid division 

machinery in the root can be evaluated. Using the previously published 

dataset from (Wilson et al., 2015) this suite of plastid division genes 

was evaluated against ARABIDOPSIS CRINKLY 4 (ACR4), a gene 

known to be highly expressed in the meristem in comparison to the rest 

of the root (Tanaka et al., 2002). This work shows that most of the 

genes examined are more highly expressed in the meristem, with 

similar expression profiles in the rest of the root (Figure 6.3). The FtsZ 

proteins exhibit the highest expression profiles in absolute terms, along 

with ARC5 and ARC6; whereas ARC3 and the PDV proteins show the  

 



156 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

A
C

R
4

A
R

C
3

A
R

C
5

A
R

C
6

A
R

C
1

1
A

R
C

1
2

P
D

V
1

P
D

V
2

F
ts

Z
1

-1
F

ts
Z

2
-1

0

2
0

0

4
0

0

6
0

0

8
0

0

1
0

0
0

Relative expression

M
e

r
is

te
m

R
a

p
id

 E
lo

n
g

a
ti

o
n

 Z
o

n
e

L
a

te
 E

lo
n

g
a

ti
o

n
 Z

o
n

e

M
a

tu
r
e

 R
o

o
t

L
a

te
r
a

l 
R

o
o

t 
Z

o
n

e

Figure 6.3 Relative expression of plastid division proteins moving up 

the developmental zones of the root 

This dataset (Wilson et al., 2013) was newly mined for selected plastid 

division protein gene expression and compared against a gene with high 

expression in the root apical meristem, ACR4. Many of the plastid division 

genes have higher expression in the meristem, whilst some are lowly 

expressed up the whole root. 
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lowest relative expression profiles (Figure 6.3). This gives indications 

as to which mutants may produce more dramatic root plastid 

phenotypes, with the expectation that those more highly expressed will 

have a bigger role. It also confirms the expectation that plastid division 

genes would be more highly expressed in the rapidly dividing 

meristem, as the plastid population of the cell has to constantly grow to 

partition properly between daughter cells. 

 

6.2.2 Mutants in plastid division show no defects in root growth 

rate or gravitropism 

To investigate whether defects in plastid division had any base effects 

on plant root development, the suit of mutants were examined for 

changes in root growth rate or gravitropism.  

Root growth rate was not found to be significantly different within most 

of the investigated plastid division mutants (Figure 6.4). The only 

exception to this was the arc6 mutant against the Col-0 wildtype, but 

the spread of data points and reduced number of individuals in the arc6 

population (n=88 in Col-0, compared to n=20 in arc6) indicated this 

could be an artefact that would be removed with a greater population of 

analysed individuals. As such the root gravitropism was not plotted 

against growth but against time elapsed, as has been performed 

historically. If there are slight growth rate defects in plastid division 

mutants, it is possible that they are not obvious at such a young 

developmental stage.  
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Figure 6.4 Growth rate of plastid division mutants against wildtype 

during a gravistimulus experiment 

The median growth rate of individuals in a gravistimulus experiment 

conducted during dark conditions. Error bars represent 95% confidence 

intervals.  



159 
 

Only two of the plastid division mutants, arc6 and arc12, examined 

here have had their gravitropic response investigated, with no effect on 

gravitropic response found despite a different statolith phenotype 

(Table 6.2). Using the standard 90º turn gravitropic assay, no 

significant differences in the gravitropic response were found against 

time in any of the plastid division mutants (Figure 6.5; Figure 6.6). It is 

possible that statolith sedimentation, and thus the full gravitropic 

response, is not affected by any differences in statolith morphology that 

these mutants may exhibit.  

One significant difference was that between ecotypes, Col-0 and Ler, 

as the Ler ecotype showed a reduced response to the gravistimulus 

comparatively (Figure 6.7). This was consistent across all the mutant 

lines in their respective backgrounds as well, indicating a basal 

difference in gravitropic response between ecotypes. This could be due 

to a difference in statolith morphology and sedimentation, or perhaps 

more likely due to a difference in auxin transport and sensitivity.  

 

6.2.3 Knocking out individual plastid division genes has minimal 

impact on statolith number and size 

Whilst there was no significant differences in root gravitropism, it is 

possible that plastid division mutants still showed variable statolith 

morphologies in comparison to wildtype. To investigate this 

relationship, the seed stock 35S:TP-FtsZ-YFP (Chen et al., 2009),  
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Figure 6.5 Gravitropic response to a 90º stimulus in plastid division 

mutants with a Col-0 background 

A time course of root curvature in plastid division mutants in comparison to 

the Col-0 wild type. Error bars represent 95% confidence intervals.  
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Figure 6.6 Gravitropic response to a 90º stimulus in plastid division 

mutants with a Ler background 

A time course of root curvature in plastid division mutants in comparison to 

the Ler wild type. Error bars represent 95% confidence intervals.  
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Figure 6.7 Gravitropic response to a 90º stimulus in Col-0 and Ler 

ecotypes 

A time course of root curvature in Col-0 against Ler. This represents the 

difference in gravitropic response between ecotypes. Error bars represent 

95% confidence intervals. 
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targeting YFP to the plastid, was crossed with each of the plastid 

division mutants. Through examination on the confocal microscope, 

statolith morphology was described through statolith area, perimeter, 

and aspect ratio.  

Across both wildtype and all mutant lines, there was a great degree of 

variation in statolith morphology, especially when looking at statolith 

area (Figure 6.8) and perimeter (Figure 6.9). Statolith area ranged from 

~4µm2 to ~14µm2 in Col-0, with a similar degree of variation across all 

mutants. The arc12 and pdv1-1 mutants showed a degree of variation 

of ~15µm2. There was a definite propensity to greater variation within 

some mutants, and arc6, arc12, and pdv1-1 showed a statistically 

significant difference in median area compared to Col-0 (p<0.05).  

This story was echoed within the results of comparing perimeter across 

mutants, where there was a great amount of variation within the 

population, but this was mirrored across all mutants (Figure 6.9). 

Again, the mutants that exhibited greater variation in perimeter were 

arc12 and pdv1-1, and the same mutants showed a statistically 

significantly different median parameter (p<0.05).  

Finally, aspect ratio across all mutants was more standard in variation 

than area and perimeter. All lines had a tendency to more oval shapes 

(>1.0) over a perfectly circular morphology (=1.0), with wildtype 

variation peaking at an aspect ratio of just above 1.5 (Figure 6.10). In 

keeping with the results from examining area and perimeter, those 

mutants with greater variation were arc12 and pdv1-1, where pdv1-1  
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Figure 6.8 Analysis of median statolith area across plastid division 

mutants 

Comparison of the suite of plastid division mutants to Col-0 in statolith 

area, error bars represent 95% confidence intervals and asterisks 

represent statistical significance of at least p<0.05 with Col-0. n=20-45.  
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Figure 6.9 Analysis of median statolith perimeter across plastid 

division mutants 

Comparison of the suite of plastid division mutants to Col-0 in statolith 

perimeter, error bars represent 95% confidence intervals and asterisks 

represent statistical significance of at least p<0.05 with Col-0. n=20-45.  
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Figure 6.10 Analysis of median statolith aspect ratio across plastid 

division mutants 

Comparison of the suite of plastid division mutants to Col-0 in statolith 

aspect ratio, error bars represent 95% confidence intervals and asterisks 

represent statistical significance of at least p<0.05 with Col-0. n=20-45.  
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had one individual within the population with an aspect ratio of 2.0 

(Figure 6.10). However, there is a significant difference between pdv1-

1 and wildtype, but this is the only statistically significant difference 

across aspect ratio in all mutants examined across this experiment.  

Taken together these results imply a great deal of existing variation 

within statolith morphology in wildtype Arabidopsis, that is greater in 

some plastid division mutants, especially arc12 and pdv1-1. The lack of 

any great deal of significant differences between the mutants and 

wildtype however backs up the absence of any gravitropic phenotype 

(Figure 6.5; Figure 6.6). 

 

6.2.4 Root plastid morphology in known plastid division mutants 

To investigate the function of the suite of plastid division genes within 

the root, the effect that these genes have on mature root plastid 

morphology was examined. Despite finding few significant differences 

in statolith morphology in comparison to wildtype, it is plausible that 

mature root plastids would show a greater variety of phenotypes. 

Mature root plastids were examined on the confocal microscope, and 

2D sections of root were analysed to measure root plastid area, 

perimeter, aspect ratio, circularity, and Feret diameter. 

In comparison to the statolith phenotypes in the plastid division 

mutants, mature root plastid phenotypes were much more striking 

(Figure 6.11). Much like in the statoliths, a greater degree of variation 

for all chosen parameters can be observed again in most of the plastid  
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Figure 6.11 Root plastid phenotypes of plastid division mutants  

Col-0 wildtype in comparison to a selection of mutants in the plastid 

division apparatus, demonstrating the variety of phenotypes that disruption 

of the division machinery can cause. 



169 
 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 6.12 Analysis of median mature root plastid area across 

plastid division mutants 

Comparison of the suite of plastid division mutants to Col-0 in plastid area, 

error bars represent 95% confidence intervals and asterisks represent 

statistical significance of at least p<0.05 with Col-0. n=8-52.  
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Figure 6.13 Analysis of median mature root plastid perimeter across 

plastid division mutants 

Comparison of the suite of plastid division mutants to Col-0 in plastid 

perimeter, error bars represent 95% confidence intervals and asterisks 

represent statistical significance of at least p<0.05 with Col-0. n=8-52.  
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Figure 6.14 Analysis of median mature root plastid aspect ratio 

across plastid division mutants 

Comparison of the suite of plastid division mutants to Col-0 in plastid 

aspect ratio, error bars represent 95% confidence intervals and asterisks 

represent statistical significance of at least p<0.05 with Col-0. n=8-52.  
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Figure 6.15 Analysis of median mature root plastid circularity across 

plastid division mutants 

Comparison of the suite of plastid division mutants to Col-0 in plastid 

circularity, error bars represent 95% confidence intervals and asterisks 

represent statistical significance of at least p<0.05 with Col-0. n=8-52.  
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Figure 6.16 Analysis of median mature root plastid Feret diameter 

across plastid division mutants 

Comparison of the suite of plastid division mutants to Col-0 in plastid Feret 

diameter, error bars represent 95% confidence intervals and asterisks 

represent statistical significance of at least p<0.05 with Col-0. n=8-52.  
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division mutants (Figures 6.12, 6.13, 6.14, 6.15, 6.16). The pdv2-1 

mutant showed the least differences to Col-0, showing no statistically 

significant changes in morphology. The arc3 and arc11 mutants 

showed the greatest similarity to the Col-0 control, only exhibiting a 

significant difference in circularity for arc3, an indicator of an decrease 

in stromules or dumbbell shaped plastids (Figure 6.15).  

The remaining mutants examined, arc6, arc12, and pdv1-1, all showed 

much greater differences across measures in comparison to Col-0. The 

arc6 mutant for example, showed a slightly increased median area and 

perimeter, suggesting generally larger plastids (Figure 6.12; Figure 

6.13). arc6 also exhibited a very similar aspect ratio (Figure 6.14), but a 

similar median circularity and generally larger median Feret diameter 

(Figure 6.15; Figure 6.16), confirming more irregular plastid 

morphologies that may be a result of their larger average size or more 

prevalent stromules.  

The arc12 mutant exhibited an increased area and perimeter (Figure 

6.12; Figure 6.13) and a much greater variation in circularity despite no 

statistically significant difference (Figure 6.15). However, arc12 do es 

show a significant change in aspect ratio or Feret diameter (Figure 

6.14; Figure 6.16). Indicating a small, if significant, change in general 

size, but more complex and pleomorphic plastids giving rise to a 

greater variety of shapes. 

The last remaining mutant examined, pdv1-1, had a much smaller 

analysed population in comparison to the control and other mutants, 
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n=8 for pdv1-1 compared to n=45 for Col-0. This was due to the 

general size of pdv1-1 plastids being qualitatively much larger than the 

region of interest investigated. As such, only the smaller proportion of 

pdv1-1 plastids were examined. These showed much greater variation 

in all measures even in such a small population, showing around 10x 

the area and perimeter of Col-0 plastids (Figure 6.12; Figure 6.13). In 

one extreme case, a Feret diameter of ~50µm indicates the presence 

of very long stromules on pdv1-1 plastids or a large degree of 

pleomorphy. Because of the very low sample number for this mutant, 

no conclusion can be drawn from these statistics, despite showing 

statistically significant increases in plastid area and perimeter (Figure 

6.12; Figure 6.13). However, the large variation we see despite the 

restrictions imposed on the analysis due to their size, demonstrates 

that this mutant has a very dramatic root plastid phenotype.  

 

6.2.5 Root plastid dynamics in known plastid division mutants 

With organelle morphology and dynamics intrinsically linked by their 

reliance on the cytoskeleton, it was assumed that mutants with altered 

plastid morphology may exhibit altered plastid dynamics also. To 

investigate this, the same confocal time-series used to analyse 

morphology were used to assess plastid movement. This was 

measured using the bulk remodelling index, a method developed to 

investigate cytoskeletal dynamics in Arabidopsis using pairwise 

subtraction (Tolmie et al., 2017).  
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Despite the differences found in morphology for several plastid division 

mutants, no difference in their root plastid dynamics was found in 

comparison to Col-0 (Figure 6.17). With lower bulk remodelling indices 

indicating a general lower amount of dynamics and movement, arc3, 

arc6, and arc11 all showed no significant differences in comparison to 

Col-0 (Figure 6.17). arc3 and arc11 both showed smaller or no 

differences in general root plastid morphology (Figure 6.12, 6.13, 6.14, 

6.15, 6.16), whereas arc6 showed more dramatic differences but did 

not exhibit any change in root plastid dynamics (Figure 6.17). The 

mutant pdv2-1 also did not show any significant difference in root 

plastid dynamics, but the spread of points was much greater and 

indicates a possible biological difference that may be revealed with 

greater statistical power (Figure 6.17).  

However, the most dramatic differences were seen in the arc12 and 

pdv1-1 mutants. The arc12 mutant showed a higher bulk remodelling 

index (Figure 6.17), indicating more movement and higher plastid 

dynamics. Comparatively, the pdv1-1 mutant has a much lower median 

bulk remodelling index of 0.13 to Col-0’s 0.32 (Figure 6.17). This sits in 

contrast to the much larger plastids seen in the pdv1-1 mutant, leaving 

the possibility that the two results are biologically connected. It may be 

that due to the defect in plastid division, the much larger plastids, 

unable to divide, do not remodel their networks as much due to the 

large amount of space they fill within the cell.   
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Figure 6.17 Analysis of root plastid dynamics in plastid division 

mutants by bulk remodelling index 

Comparison of the suite of plastid division mutants to Col-0 in bulk 

remodelling index as a measure of dynamics, error bars represent 95% 

confidence intervals from the median. Asterisks indicate statistical 

significance against Col-0 by unpaired t-test with Welch’s correction 
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6.3 DISCUSSION 

Studies into the effects of plastid division on leaf chloroplasts have 

been commonplace in historical plastid research (Osteryoung and 

Pyke, 2014), but research into the phenotype of the root plastids has 

been lacking. The data describes here describes the basic morphology 

and dynamics of statoliths and root plastids in a suite of plastid division 

mutants. Combined with examination of previous expression data, this 

gives insight as to the importance and relative function of these genes 

in the root compared to the leaf. 

 

6.3.1 Small defects in statolith morphology do not impair root 

development 

Early root development is of vital importance to the survival of the 

Arabidopsis seedling. Negative root gravitropism is needed to anchor 

the seedling within the soil to take up the nutrients it requires to 

establish a strong growth rate. The role that the plastid has in these 

fundamental processes is only understood within the context of the 

plastid-as-statolith in its gravity sensing function.  

Previously, research has suggested that knocking out plastid division 

genes such as arc6 will affect statolith size (Table 6.2) (Robertson et 

al., 1995). These experiments could not replicate these findings. The 

main difference in methodology between the two was the ecotype used 

in previous research was WS in comparison to Col-0, and the use of 

TEM in comparison to the live fluorescent protein targeting approach 
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used here. This does not offer any obvious explanations as to the 

different results obtained. Even where significant differences were 

observed, such as in the pdv1-1 mutant, no impact on root gravitropism 

was seen across all mutants. It is possible that any small impact on 

statolith morphology that altering these genes has, is not large enough 

to a defect in gravitropism. The main part of gravitropism this would be 

likely to affect is the sedimentation kinetics of the individual statoliths, 

and by extension their sedimentation as a “pile” (Pouliquen et al., 

2017). It may have been expected before the experiments were 

conducted that larger statoliths may sediment through the cytoplasm 

more easily due to increased weight. Or possibly the opposite, in that 

larger statoliths show reduced saltation, an important factor in the 

kinetics of the statolith “pile” (Bérut et al., 2018). However, the mutants 

that did show larger alterations in statolith morphology, arc12 and 

pdv1-1, still did not exhibit any differences in root gravitropism.  

Altering individual plastid division genes does not have any strong 

implications on root gravitropism or statolith morphology, but in it may 

be possible that knocking out more than one would have a greater 

effect. The plastids are still able to divide in the columella, and this 

work doesn’t show the giant single chloroplast phenotype that is 

observed in the leaf mesophyll cells of mutants such as arc6 and arc12 

(Pyke et al., 1994; Yamamoto et al., 2002). This implies that either the 

plastid division machinery in the columella has a level of redundancy in 

it that is not present in the leaf, or that there is a separate method of 

plastid division for statoliths that does not involve, or side-lines, the 
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current well-known players. Future research should investigate the 

effects that double knockouts have on root gravitropism and growth. 

Another fruitful line of inquiry would be to target fluorescent proteins to 

different parts of the plastid division machinery and to examine the 

localisation in wildtype and the mutant. Starting with the most obvious 

candidates arc12 and pdv1-1, this would hopefully lead to a better 

understanding of which players are important for statolith division. The 

lack of impact on root growth rate implies that impairing root plastid 

division is not a limiting factor for the health of the plant. The plastid 

compartment must still be producing the necessary metabolites for the 

root to grow normally.  

 

6.3.2 Root plastid morphology and dynamics 

In contrast to the small impact on statolith morphology and 

gravitropism, the result of knocking out plastid division genes has a 

much greater effect on mature root plastids. It is notable that this 

occurs in older plastids than the statoliths examined in the columella, 

and in cells with a much greater comparative volume. Whilst smaller 

changes in morphology are seen for most mutants, the pdv1-1 mutant 

illustrates a possible compensatory mechanism between plastid 

division and size. As the mutant in which plastid division is most 

dramatically affected, the plastid size greatly increases and becomes 

more pleomorphic. The mechanism by which the plastid compartment 

may change it size depending on its division status is unknown. Recent 

research has shown that plastid coverage in the root is tightly 
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controlled, with plastids in mature root tissue showing half the 

percentage coverage of those in dividing root tissue (Bramham and 

Pyke, 2017). This may be through some direct form of size-sensing 

mechanism, or through an indirect pathway relating to the requirement 

for a certain amount of metabolic activity to be occurring through the 

plastid.  

Not only is there an observable change in morphology in this mutant, 

but the reduction in dynamics also speaks to some form of 

compensatory mechanism for size. It is noted that morphological 

analysis of the pdv1-1 mutant was harder due to most plastids being 

too large for the analysis. Not only this, but if observed in 3 dimensions, 

the plastid body extended via stromules into a network more 

reminiscent of the endoplasmic reticulum. With the Col-0 root plastid 

dynamics showing over double the median bulk remodelling index of 

pdv1-1 (Figure 6.17), it is possible that when there are more, smaller 

plastids in the cell, they maintain equal contact with all cellular 

compartments through their dynamism.  

When the ability of the plastid to divide is perturbed, fewer plastids 

reach these greater sizes and exhibit network-like properties. It is 

possible that is then more efficient for these plastids to change their 

morphology in this manner, than to move larger, partially divided 

plastids around the cell via the cytoskeleton. On the other hand, the 

arc12 mutant shows more dynamism than Col-0 (Figure 6.17). This is 

despite a lack of measured differences in its morphology (Figures 6.12, 

6.13, 6.14, 6.15, 6.16). It is possible that the alteration in division 
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affects the plastid’s relationship with the cytoskeleton, or that there is a 

change in morphology which would explain this. This analysis has been 

stunted in its reach by its limitation to 2 dimensions, confocal imaging 

shows that the pdv1-1 mutant has a much stranger morphology in 3 

dimensions, and this may be true for other mutants too. Any research 

going forwards must account for a full spatial analysis, investigating 

volume and stromule formation in other dimensions. This may be 

possible with light sheet microscopy and new image analysis packages 

such as Imaris (Oxford Instruments Ltd., Zurich, Switzerland) or Arivis 

Vision4D (Arivis AG, Rostock, Germany).  

 

6.3.4 Plastid division in the root follows an altered pathway 

From the sequencing information produced an initial idea of which 

known plastid division genes may be more important for root plastid 

division was gained (Figure 6.3). Interestingly, the most dramatic 

phenotypes were observed in the least expressed gene of all, pdv1-1. 

This helps demonstrate that the relative expression levels of a gene do 

not necessarily link directly to its biological importance. The conclusion 

can be drawn from this data that pdv1-1 is vital for proper plastid 

division within the root, but for the other genes examined this is harder 

to conclude. 

A variety of phenotypes in these mutants suggest plastid division is 

indeed perturbed in comparison to Col-0. However, none are quite as 

dramatic in either the statoliths or mature root plastids as they are in 
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the leaf mesophyll. As mentioned above, this may be due to an altered 

plastid division pathway altogether. This seems unlikely, given the 

evolutionary conservation of plastid division across flowering plants 

(Kuroiwa, 2010). It may be that because the plastids in the root are 

more plastic and malleable, not being filled with thylakoid stacks, that 

they will divide more easily even when one part of the division 

machinery is perturbed. Future research must investigate the effects of 

various combinations of double and triple knockouts to identify the key 

players in root plastid division. 

 

6.3.5 Conclusions 

It is clear that knocking down individual plastid division genes can have 

an effect on root plastid phenotypes, if not an effect on general root 

development. This research has identified at least one gene that would 

benefit from further analysis and noted the need for analysis of a 

combination of mutants. It is also evident that this research needs to 

take place in 3 dimensions will require cutting edge microscopy and 

computer intensive imagens for a comprehensive analysis of these 

mutant phenotypes, and this analysis. The most important result from 

this chapter is the possibility of a compensatory mechanism in plastids, 

whereby they may sense the metabolic requirements of the cell and 

adapt their morphology and dynamics accordingly. This raises 

intriguing questions on how an organelle may perceive this, and 
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whether this mechanism could be adapted to increase the biochemical 

efficiency of root plastids.  
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7 GENERAL DISCUSSION 

 

7.1  Main conclusions and summary 

Through using fluorescent proteins to target the plastid and other 

cellular components, this research has provided a view of the role of 

the root plastid from new angles. As has been discussed throughout 

this work, the root plastid is an understudied form of plastid and 

organellar compartment within the root. This research aimed to shed 

new light on the root plastid through two main strands. Firstly, by 

building on its most well-known role, in the signal perception phase of 

the gravity response. Secondly, by investigating the distribution and 

dynamics of the root plastid and how it is controlled. These two threads 

are united by the relationship of the plastid with the actin cytoskeleton, 

and the influence that actin has on the behaviour of the plastid.  

The work on gravitropism in chapters 3 and 4 reinforced the 

importance of the statolith for a fully functioning gravitropic response. 

The statoliths are thought to function primarily in the signal perception 

phase of the gravitropic response, and thus by examining changes in 

their morphology and dynamics it is possible to monitor their 

importance in the gravity response. Previous studies indicate that the 

actin cytoskeleton is a major driver of statolith motion, and that using 

the actin polymerisation inhibitor latrunculin-B to disrupt it reinforces 

this (Vandenbrink and Kiss, 2019). This research did not support this 

view, and instead found that there are far too many confounding factors 
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influencing previous studies into this area to definitively draw this 

conclusion from them. These experiments disagreed with most recent 

research into latrunculin-B and the statolith, finding instead that the 

effect of latrunculin-B on the gravitropic response depended on 

whether its impact on growth was taken into account. Furthermore, it 

found no initial disruption in the creation of a lateral auxin gradient 

when seedlings were treated with latrunculin-B and gravistimulated. It 

is important to note that none of the findings here discount the actin 

cytoskeleton from playing a role in regulating statolith dynamics. There 

is still a lot of research supporting a role for actin in this, but it is 

possible that some of these studies need to be looked at in a new light 

when this research is considered. 

The second set of insights into the gravitropic response should also 

inspire new research to take a look at old problems in a new light and 

utilise this work in the future. The statoliths of the pgm-1 mutant have 

been targeted with a fluorescent protein and imaged live for the first 

time here. These statoliths are highly pleomorphic and show high 

dynamism. With all other cellular factors the same, this increase in 

dynamism does suggest a role for actin in statolith dynamics, as motion 

like this is unlikely to be purely thermal agitation. Again however, 

disruption of the actin cytoskeleton using latrunculin-B bore no fruit. 

When using cytoskeletal inhibitors, this work suggests that in the future 

researchers should carefully consider the mechanism of action of any 

inhibitors they are using. Unfortunately, with this work, the contact site 

between the endoplasmic reticulum and the pgm-1 statoliths could not 
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be visualised. It would be useful and important in future research to be 

able to reliably image this interaction, as this would help give credence 

to the relative importance of the statolith in the signal perception stage 

of gravitropism.  

Dealing with the dynamic behaviour of root plastids, chapters 5 and 6 

revealed new heights of organelle dynamics for plastids. The revelation 

that root plastids can routinely travel at speeds greater than 10µm/s is 

significant. This opens up many avenues of research to offer 

explanations for this motion, one of which was touched upon here. The 

fact that the actin cytoskeleton may be in control of this motion is not 

surprising, but the lack of penetration of this effect to the stele of the 

root is intriguing. Again, researchers should be careful when using 

chemical inhibitors, as the size of latrunculin-B may be excluding it 

from passing the Casparian strip. The prospective uses of the FlowCell 

are also very exciting, a cheap 3D-printable tool that can easily be 

amended for different imaging purposes. 

The dynamics of the root plastid are thought to aid the cell in constantly 

maintaining contact between the plastid and other cellular 

compartments. Another major part of this is the size of the plastidial 

compartment within the cell, regulated by organelle size and number. 

By looking at plastid division within the root, this work identified some 

major players in the root plastid division process. These are common 

with parts of the plastid division process with the leaf, but many genes 

that have very consequential effects on plastid number in the leaf had 

no effect on root plastid populations when they were knocked out. 
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These mutants with obvious phenotypes in single genes should be 

investigated further, and seedlings with mutations across multiple 

known plastid division loci will help this. 

There are several areas of work here that would have benefited in the 

end from more advanced imaging technologies, such as serial block 

face scanning electron microscopy (SBF-SEM) and more advanced 

image analysis solutions. Lightsheet microscopy was attempted for 

visualisation of root plastids but showed poor axial resolution especially 

in the columella. Whilst multiview reconstruction of images from 

lightsheet microscopy is an option to fix this, it takes a longer time to 

acquire frames and is thus not suitable for imaging highly dynamic root 

plastids. 

 

7.2 The role of the root plastid 

The larger aim of this work was to gain a more comprehensive and 

holistic view of the role of the root plastid, and how it functions within 

the root. When other organelles and forms of plastid are considered as 

a whole, their functions can be described quite efficiently. Chloroplasts 

photosynthesise to provide energy to the plant. The cytoskeleton 

facilitates mechanical structure and motion for the cell. The nucleus 

contains the plant’s genetic material for transcription and translation. 

Can the root plastid’s myriad functions be explained succinctly and  

accurately?  
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The dynamic nature of the root plastid is one of the most intriguing 

results to come out of this work. No other organelles within Arabidopsis 

have been shown to move at such speeds to the author’s knowledge. 

These root plastid dynamics presumably must in some way relate to 

the ultimate function of the root plastid. Why do they move so fast? The 

general accepted function of cytoplasmic streaming is to ensure the 

widespread distribution of large molecules and vesicles within the 

entirety of the cell, especially within larger plant cells (Verchot-Lubicz 

and Goldstein, 2010). This function makes sense for the dynamics of 

organelles within the cell, especially plant cells, which grow and 

elongate much larger than the cells of animals. Within the root 

compared to the leaf also, plastid numbers appear to be much lower, 

and not as tightly packed in (Bramham and Pyke, 2017). To maintain 

contact with all sites in the cell and organellar compartments, cells with 

lower numbers of plastids must maintain contact in another way. The 

biological preference by which the root plastid compartment achieves 

this, appears to be through high speed movement within the cell. This 

is especially dramatic in the cells of the stele (Video 5.1), these cells 

are long and thin, and the root plastids constantly shuttle up and down 

the root-shoot axis. It is tempting to ascribe a motivation to this 

behaviour, but it is likely that these plastids are simply exhibiting the 

same dynamics that those in neighbouring cells do, simply within a 

restricted space. 

Plastids in wild-type plant roots do not preferentially shift their 

morphology in any dramatic way to achieve this goal, but the role of 
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stromules is similar. Stromules extend from the plastid body towards 

other areas of the cell, with the presumed function of increasing 

surface area and creating organellar contact sites (Delfosse et al., 

2018). The creation of stromules seems to be a small enough change 

in morphology, that in combination with the high dynamics of the root 

plastids allows a smaller population of root plastids to exist within the 

cell.  

When the number of roots plastids is perturbed through disturbing the 

plastid division process, severe changes in morphology are observed. 

In this case, it seems that the plastids “prefer” to change their 

morphology than change their dynamics in response to the changing 

conditions within the cell. Why is this? Why is it preferential under 

these conditions to adapt plastid size and shape, rather than increase 

the level of plastid dynamics within the cell? It is possible that the root 

plastids of these mutants in some cases are simply too large to move 

fast along the actin cytoskeleton. It may also be an artefact of the 

perturbed plastid division process. The plastid division process in these 

mutants has only been disturbed in one gene, and thus plastid division 

is still most likely taking place to some extent, but unable to fulfil its 

goal. This means that the plastids undergoing this disturbed division 

are still swelling and increasing the amount of membrane and stroma 

for the expected scission. As a result, the mutant plastid size may be 

sufficiently larger that it is more efficient for them to extend large 

protrusions from the plastid body than to move around the cell any 

quicker. 



191 
 

A function that the plastid exhibits has not yet been discussed here, the 

potential for plastid movement between cells. This has been observed 

already in the unique situation of grafting, where plastid DNA has been 

observed to cross graft junctions between plants (Stegemann and 

Bock, 2009). This movement occurs independent of the orientation of 

the graft, and has been shown to encapsulate the whole of the plastid 

genome (Stegemann et al., 2012). It is likely then that this means the 

movement of whole organelles across the graft junction, rather than 

simple naked DNA migrating across. This establishes a precedent for 

plastid movement between cells, albeit in a very niche case. This 

movement may be facilitated by newly formed plasmodesmata, with no 

desmotubule blocking the passage of something as large as a plastid. 

In all imaging carried out in this work, it has been possible that 

intercellular plastid movement has been occurring. However, this is a 

hard event to image, especially if we consider it to be a rare one, and 

imaging artefacts or difficulties can often obfuscate the truth of what 

one is imaging. It is possible though, that plastids may move between 

cells early on in the development of the root when plasmodesmata 

have not severed symplastic connections with neighbouring cells and 

the desmotubule is not fully formed. The pliable and ever-changing 

morphology of the root plastid may also facilitate the movement of the 

organelle through such a small space.  

All of these discussed changes in root plastid dynamics and 

morphology are presumed to aid the plastid in its functions within the 

root. These have been discussed in Chapter 1, with the root plastid 
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defined as a biochemical and metabolic “factory”. It is important that 

the root plastid is this remembered as such, and not ignored when 

research into root development and physiology is undertaken. The root 

plastid is a vital and highly motile organelle, responsible for the 

production of hormones and metabolites, that regulate the root and 

provide it with the building blocks it requires for development and 

growth.  

 

7.3 Utilising root plastids in crop research and beyond 

This body of work argues that the root plastid is an important and under 

credited organelle, performing an amount of work for the plant far 

beyond what is recognised. To this end, it seems obvious that the root 

plastid can be a focus for crop research, plant breeding, and genome 

editing in the future. The chloroplast has long been a target for plant 

breeding, as improving photosynthetic efficiency is an obvious target 

for researchers and breeders (Simkin et al., 2019). The amyloplast is 

also being targeted in crop improvement, especially in rice where 

amyloplast and starch content regulation in the seed is of agronomic 

importance (Lindeboom et al., 2004). Therefore, due to the root 

plastid’s role in such a multitude of biochemical pathways, why should 

it not also be a new focus for plant breeding?  

The root plastid demonstrates an impressive ability to adapt to changes 

in its cellular environment in this work, making it an ideal compartment 

for the production of transgene products. The plastid is also almost 
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universally maternally inherited, meaning that any genetic modifications 

made to it could not lead to outcrossing through windborne pollen 

(Wani et al., 2015). Targeting a transgene that may increase the 

production of a certain metabolite in the root, or a whole new cassette 

to stimulate the production of a new chemical entirely is a real 

possibility. This is even more feasible considering recent successes in 

reproducible plastid transformation (Ruf et al., 2019). It may also be 

possibly to target plastid-related regulatory pathways that influence 

organogenesis such as lateral root development. In a rapidly changing 

climate, crops that have root systems specialised for different 

challenges in nutrient and water uptake will be required (Lynch, 2007). 

To this end, the work explored here in field of gravitropism is also 

relevant. Understanding the mechanism of signal perception in the 

graviresponse could provide a vital target for plant breeding to create 

crops more or less resistant to gravity. To this end, researchers could 

engineer or breed plants with deeper or shallower rooting systems 

depending on their needs. Deeper rooting systems could be created in 

plants more sensitive to changes in the gravity vector, reacting more 

strongly to a gravistimulus. This can aid in periods of drought, when 

plants must scavenge deeper within the soil for water and soluble 

nutrients (Del Bianco and Kepinski, 2018). 

A final area that root plastids have a role to play in is the expanding 

field of space biology. The reaction of the plant to microgravity 

conditions is linked to its general response to gravity. To this end, any 

research conducted into gravitropism has implications for space 
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biology. The ability to grow plants in microgravity is crucial for the 

expanding needs of those in spaceflight, bioregenerative life support 

systems should be created to provide food and water on ever-longer 

spaceflight ventures and plants are an important part of this 

(Vandenbrink and Kiss, 2019). If science can understand and 

manipulate the response of the root to gravity, and thus microgravity, 

plants can be bred or edited to grow more efficiently in space. This is of 

course, a much more “far out” implication for crop research and root 

plastids, but nonetheless deserves attention. Crop breeding can and 

should aim to conquer and thrive in a myriad of extreme environments, 

and manipulation of root plastids can aid in this endeavour. 

 

7.4 Prospects and challenges 

This work leaves many questions open and unanswered but hopes to 

have provided a research basis and toolset for future work into root 

plastids to be conducted. What is the mechanism by which plants 

perceive the sedimentation of statoliths, and how is this turned into a 

signal that travels up the root? This question requires an approach that 

integrates knowledge of all the different components of the columella 

cell. The tools to investigate this are there; vertical confocal microscopy 

can be utilised to track a number of factors during the graviresponse. 

Statolith dynamics during the graviresponse should be tracked in both 

wildtype plants and pgm-1 mutants to observe the differences in 

statolith sedimentation between the two. Connecting this to the actin 
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cytoskeleton is vital, and the use of microfluidics on a vertical confocal 

microscope here should allow the changing actin cytoskeleton to be 

investigated both within the columella cells but also in the elongation 

zone. Vertical confocal microscopy using a microfluidics device has 

recently been conducted on root growth and auxin, and thus the proof 

of concept is there for future work like it (Fendrych et al., 2018). With 

this toolset to investigate the live imaging of the graviresponse, SBF-

SEM provides a hope for high resolution imaging of statolith-ER 

contact sites. If the columella cells can be reconstructed in 3D, 

hopefully the extent to which the statoliths of the pgm-1 mutant contact 

the ER can be finalised. An extra tool to explore in the future would be 

the use of mutants defective in forming the correct morphology of ER, 

allowing the opportunity to bridge the knowledge gap between plastid 

and ER. The answer to this question would importantly set gravitropism 

research down one of two paths: either through reinforcing either of the 

current theories in signal perception, or towards investigating another 

method of gravisensing in the Arabidopsis root separate of the starch-

statolith hypothesis.  

Our understanding of the role of the plastid compartment within the rest 

of the root has benefited from this research. The plastid has been 

identified as a highly plastic and pliable organelle, that can respond to 

changes in its cellular environment with few whole plant implications. 

To further investigate the dynamics of root plastids in the future, its 

mechanism of motion must be pinned down. Experiments using 

mutants in known chloroplast photorelocation genes should be 
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investigated, as well as a suite of mutants in myosin XI genes, the most 

likely candidates for controlling root plastid motion. Combined with new 

cytoskeletal inhibitor studies, taking full advantage of the FlowCell, it 

should be feasible to build a framework of how root plastid dynamics 

are controlled. This should also of course be linked to further research 

into how root plastid division is controlled, and how it may diverge from 

chloroplast division in the leaf. To this end, the existing resources 

created, of mutants targeted with fluorescent proteins, should be used. 

By targeting fluorescent proteins to parts of the plastid division 

machinery in these mutants, rather than the plastid itself, aberrant 

localisation and the presence or absence of certain plastid division 

genes in the root can be assessed. The forwards motion of this 

research should in this case much mirror the ways in which plastid 

division was investigated in the leaf, but with the advantage of having 

an already well-understood system to compare to in the plant.  

To conclude, root plastids are still relatively mysterious and 

understudied organelles. This work has begun to describe them in 

detail within the root, and the processes that govern their morphology, 

dynamic motion, and role in the gravity response. There is still a lot of 

work to go into understanding these organelles, but this future work 

has a strong basis and toolkit with which to continue.  
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