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ABSTRACT 

 
2D surfaces such as tissue culture polystyrene dish used in 

conventional cell culture have limited surface area for cell growth. 

During harvest, mechanical scraping or trypsin are used to remove 

confluent cells from their growing surface, which can be harmful to 

cells and reduce cell yield. Therefore, there is a need for an improved 

cell growth surface with increased surface area and an alternative 

non-invasive cell harvesting mechanism. To this end, a potential 

three-dimensional (3D) cell culture platform was developed with 

nanofibers of poly(N-isopropylacrylamide) (PNIPAm) as the main 

structural framework, fabricated via the electrospinning technique. 

Collagen type I extracted from fish scales of Tilapia fish was used to 

functionalize PNIPAm nanofibers scaffold via dip-coating to improve 

cell-scaffold interaction. The developed electrospun PNIPAm 

nanofibers scaffold exhibits a morphology that highly mimics the 

native extracellular matrix (ECM) in terms of fiber diameter, 

measuring 436.35 ± 187.04 nm. Pore size and porosity were 

computed as 1.24 ± 1.27 nm and 63.6 %, respectively. Collagen 

functionalized PNIPAm nanofibers scaffolds show significant 

improvement in cell viability of rat amniotic fluid stem cells (R3-

AFSC) with increasing collagen content, with 50, 70 and 180 % cell 

viability on neat electrospun PNIPAm, PNIPAm dip-coated in 0.1 and 

0.5 % (w/w) collagen solution, respectively. On the other hand, 

increased collagen content reduces the capability of PNIPAm 

nanofibers scaffold to spontaneously release R3-AFSC upon cooling 

from cell culture conditions (37 °C and 5 % CO2) to 25 °C (room 

temperature), with 51, 48 and 43 % of R3-AFSC released from neat 

electrospun PNIPAm, PNIPAm dip-coated in 0.1 and 0.5 % (w/w) 

collagen solution, respectively.  
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PPS Potassium peroxodisulfate 

PPy polypyrrole 

PVP polyvinylpyrrolidone 

RAFT Reverse addition-fragmentation chain transfer 

RGD Arg-Gly-Asp tripeptide 

SDBS Sodium dodecyl benzenesulfonate 

SDS Sodium dodecyl sulfate 
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SDS-PAGE Sodium dodecyl sulfate-polyacrylamide gel 

electrophoresis 

SHP Sodium hypophosphite 

TCPS Tissue culture polystyrene dish 

TEMED Tetramethylethylenediamine 

TES Tissue engineering scaffold 

TFE 2, 2, 2-trifluoroethanol 

TFS Tilapia fish scale 

THF Tetrahydrofuran 

tris-HCl Tris-hydrochloride 
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INTRODUCTION 

 
 
1.1 Background 

 
In conventional cell culture, the two dimensional (2D) planar culture 

utilizing tissue culture polystyrene dish (TCPS) provides limited 

surface area for cell attachment, proliferation, and differentiation. In 

addition, common techniques used for cell harvesting by mechanical 

scraping or trypsin cleaving the cell membrane protein to separate 

confluent cells from their growing surface can be harmful to cells and 

reduce cell yield [1], [2]. Naturally occurring polymer such as 

collagen, makes up the major component of the ECM [3]. Providing 

a collagen rich environment to mimic the ECM in a cell culturing 

medium promotes cell adhesion via binding of specific amino acid 

sequences. However, on its own, collagen lacks the mechanical 

properties of native tissues at physiological mass fractions to support 

cell growth. To resolve these matters, collagen could be incorporated 

with 3D PNIPAm nanofibrous scaffolds which exhibit ultrahigh surface 

area to volume ratio for cell attachment and growth. The 

development of smart polymeric materials that are sensitive to 

external stimuli e.g., temperature, pH or light, offers great prospect 

to the fields of tissue engineering, biomedicine and drug delivery. The 

well-established thermo-responsive polymer, PNIPAm, undergoes a 
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sharp and reversible phase transition between hydrophilicity and 

hydrophobicity across its lower critical solution temperature (LCST) 

at approximately 32 °C, which holds great potential for enhancing 

attachment of anchorage-dependent cells in its hydrophobic phase 

(above 32 °C) [1], [4], [5]. On the other hand, the use of PNIPAm 

could facilitate a non-invasive cell harvesting mechanism through 

spontaneous release of cells in its hydrophilic phase (below 32 °C) 

[1], [6].  Commercially sourced collagens, particularly those derived 

from cows and pigs, pose religion concerns on their use. To add to 

that, mammalian collagen poses the risk of disease transmission such 

as bovine spongiform encephalopathy (BSE). The use of marine 

collagen such as those derived from fish wastes could alleviate these 

issues while wastes are converted into value added products. In the 

present research, PNIPAm was synthesized via radical 

polymerization. Nanofibers of PNIPAm was obtained from the 

electrospinning technique, yielding non-woven membranes of 

nanofibrous PNIPAm scaffolds. At the same time, collagen (type I) 

was extracted from tilapia fish scales. The purified collagen was 

incorporated with PNIPAm nanofibrous scaffolds via dip-coating, as a 

functionalization method to improve the bioactivity of PNIPAm 

scaffolds. Finally, the cell viability and spontaneous cell release 

mechanism of PNIPAm nanofibrous scaffolds functionalized with 

collagen was evaluated using stem cells isolated from rats. 
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1.2 Problem Statement 

 
Commercially available PNIPAm mostly come at a high cost and 

options for different molecular weights is limited, which can limit its 

use. Synthesis methods of PNIPAm based polymers via radical 

polymerization have been widely reported, which could serve as an 

alternative method to obtain PNIPAm. However, these available 

synthesis methodologies largely yield PNIPAm hydrogels, which are 

essentially cross-linked PNIPAm achieved in the presence of the 

bifunctional cross-linker N, N’-methylenebisacrylamide (BIS) during 

the polymerization process[7]–[9]. Cross-linked PNIPAm exhibits 

relatively poor electrospinnability and the underlying mechanism 

behind this phenomenon is not well understood. To this end, BIS 

could be excluded from the synthesis of PNIPAm to limit cross-linking, 

but how effective is the radical polymerization process in producing 

cross-linker free PNIPAm? In other words, the effectiveness of radical 

polymerization in producing cross-linker free PNIPAm is not well 

understood, particularly in terms of the preservation of its 

characteristic thermal responsiveness, and its batch-to-batch 

reproducibility. Furthermore, commercially available, uncross-linked 

PNIPAm were commonly reported in the electrospinning of 

PNIPAm[10]–[12], where the comparison between the 

electrospinnability of cross-linked and uncross-linked PNIPAm has not 

been explored in terms of its final fiber morphology. In addition, 
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collagen has also been used to functionalize various polymers such 

as poly(D, L-lactide-co-glycolide) (PLGA)[13], poly-ε-caprolactone 

(PCL)[14] and poly(l-lactic acid) (PLLA)[15] to improve their 

biocompatibility. However, collagen has yet to be functionalized on 

electrospun PNIPAm nanofibers. Finally, cell culture on collagen 

functionalized PNIPAm nanofibrous scaffolds has not yet been 

reported in literature, which leaves out a potentially viable cell culture 

platform capable of cultivating improved yield of cells, furnished with 

a spontaneous cell release mechanism.  

 
1.3 Research Significance 

 
In this work, the synthesis of PNIPAm via radical polymerization in 

the absence of cross-linkers is explored. This helps in developing 

further understanding towards specific polymerization parameters 

such as agitation rate and its effect on the resulting polymer, while 

informs an alternative method to reproducibly obtain PNIPAm with 

preserved thermal responsiveness, which could expand its use in 

more diversified applications. Additionally, the compared 

electrospinnability between cross-linked and uncross-linked PNIPAm 

(with similar viscosities) helps in describing the underlying 

mechanism of the relatively poor electrospinnability of cross-linked 

PNIPAm. The proposed mechanism is crucial to ensure successful 

fabrication of polymer nanofibers via electrospinning, which is not 

only limited to PNIPAm but also for the electrospinning of other 
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polymers. Finally, the development of collagen functionalized 

PNIPAm nanofibrous scaffold was explored as a potentially more 

superior method from culturing cells on conventional 2D cell culture 

platforms, which could significantly improve cell yield, reduce culture 

space and cost. 

 

1.4 Research Objectives 

 
The research objectives to this research are as follow: 

(i) To synthesize and characterize PNIPAm. 

(ii) To extract collagen from fish scales using the dilute acid 

extraction method. 

(iii) To prepare and evaluate PNIPAm and collagen electrospun 

nanofibers. 

(iv) To investigate the cell viability and spontaneous cell release 

of electrospun nanofibers. 

 

1.5 Thesis Overview 

 
Chapter one describes the background, significance, specific 

challenges and novelty of this research work. Chapter two provides 

the literature review on the radical polymerization mechanism, 

synthesis of PNIPAm based polymers, background on collagen and its 

processing via electrospinning. Chapter three presents the 

methodologies used in this research. Chapter four gives a thorough 
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discussion on the findings within this research work, highlighting the 

properties of synthesized PNIPAm, optimisation of synthesized 

PNIPAm electrospinning in obtaining PNIPAm nanofibers, extraction 

and characterization of fish scale derived collagen, incorporation of 

fish scale collagen to PNIPAm nanofibrous scaffold and cell viability 

of R3-AFSC on collagen functionalized PNIPAm nanofibers scaffold. 

Chapter five consists of the conclusion and the recommendation for 

future work.  
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LITERATURE REVIEW 

 

2.1 Requirements of Tissue Engineering Scaffolds 

 
The interdisciplinary field of tissue engineering is defined by the 

development of biological substitutes to restore, maintain or improve 

tissue functions[16]. Consequent deterioration and damage of tissues 

caused by diseases and injuries compel the need for surgical 

treatment, conventionally in the form of tissue autoplasty or 

transplant. These methods however have significant drawbacks 

related to perceptible afflictions such as pain and discomfort, among 

other general downside of being costly, anatomical constraints, 

probable immune response due to tissue rejection, donor-patient 

disease introduction, infection, and hematoma. Instead of replacing, 

tissue engineering aims to regenerate tissues both in vitro and in 

vivo, largely by exploiting 3D porous constructs called scaffolds[17]. 

Figure 2.1 shows the concept of tissue engineering. 
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Figure 2.1: Tissue engineering concept. 

 

Three main factors are generally observed in tissue engineering, 

customarily dubbed the tissue engineering triads; scaffold, cells and 

regulatory signals. These factors conceptualize the motivation in 

producing a viable tissue engineering scaffold (TES) to provide 

anchorage to subjected cells that form particular tissues, while 

facilitated to express the desired tissue phenotype by regulatory 

signals such as growth factors, among other biological cues[18], 

[19]. Irrespective of tissue type, several key criteria should be 

considered in designing viable TESs: 

 

A) Biocompatibility and biodegradability 

Biocompatible TESs should support cell activity such as adhesion, 

proliferation, infiltration from its surface to its core and producing 

new ECM, while must not trigger significant immune response that 
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could potentially result in serious inflammation and host body 

rejection[17], [20]. Mostly, TESs are meant as interim support for 

tissue regeneration until cells can produce their own ECM. This 

necessitates the need for TESs to be biodegradable and capable of 

controlled degradation which involves severance of chemical bonds 

through hydrolysis or enzyme action[20], [21]. Ideally, degradation 

rate should be congruent with rate of cell growth, while by-products 

of biodegradation should be biocompatible and non-immunogenic to 

not cause negative side effects[17]. However, immunogenicity, long-

term safety of by-products, infection risk, and transmission of disease 

remain as great challenges in tissue engineering[21]. As for long 

term support, biologically stable constructs are used and are non-

biodegradable through their lifetime[20]. 

 

B) Porosity, pore interconnectivity and mean pore size 

Desired TESs should possess high porosity with interconnected pores, 

to provide high effective surface area for cell penetration, ingrowth, 

distribution and facilitate nutrient dispersal to cells and ECM produced 

by cells within the construct[17][20]. Additionally, interconnected 

pores provide vascularization for removal of waste products from 

TESs such as cell metabolite and by products of its own degradation. 

Core degradation of TESs arising from lack of waste removal is 

attributed to the lack of vascularization[22][23]. Cells adhere to TESs 

by interacting with ligands present on the material surface such as 
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the tripeptide, arginylglycylaspartic acid (RGD) motif, native on TESs 

made of ECM materials. The mean pore size directly affects the 

specific surface area within for cells to interact with, in turn regulating 

the density of these ligands. Ideally these ligands should be 

distributed at minimum density sufficient for effective binding of 

critical number of cells. Accordingly, the mean pore size should not 

be too large to accommodate maximum number of cells, while not 

too small that would inhibit migration of cells, nutrients and 

wastes[17][24]. Hence, there exist a suitable range of pore sizes in 

TESs for specific cell lines[25][26]. For instance, pore sizes between 

100  to 400 µm have been reported suitable for bone ingrowth in 

bone regeneration[27]. Additionally, adjusting pore size, porosity or 

both have reportedly improved cell proliferation, where enhanced cell 

proliferation was observed with human foreskin fibroblast on TES 

made of silk fibroin with pore sizes ranging from 100 to 150 µm and 

200 to 250 µm with porosities of 91 % and 86 %, respectively[28], 

[29]. Preferential chondrocyte proliferation and preserved phenotype 

was demonstrated with pore sizes from 250 to 500 µm. In contrast, 

reduction in pore sizes to 50 to 200 µm prompted dedifferentiation of 

chondrocytes[30]. Furthermore, study on preosteoblasts on collagen-

glycosaminoglycan scaffold claimed that larger pores facilitating cell 

infiltration predominates the benefits of increased surface area for 

cell adhesion imparted by smaller pores[31]. 
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C) Mechanical properties 

To facilitate normal cell function and ease of handling, mechanical 

properties of TESs are of great importance. Highly porous TES 

promotes cell infiltration and vascularization necessary to facilitate 

circulation of nutrients and metabolites, albeit in the expanse of 

diminished mechanical properties as a consequence of increased 

voids within the bulk. Insufficient mechanical integrity would defeat 

the purpose of scaffolding to allow new tissue regeneration, while 

exaggerated mechanical properties would cost the reduction in 

porosity[16], [17]. Therefore, tuning mechanical properties to mimic 

the native ECM can greatly benefit the viability of TES. For instance 

in bone regeneration, it is necessary to design scaffolds with 

adequate structural integrity to withstand physiological loadings, 

while decrease in bone density occurs with excessive mechanical 

integrity due to stress shielding[31][32]. 

 

D) Mass production and cost effectiveness 

In provision for TESs toward regular clinical and commercial use, it is 

necessary to scale up lab production into well controlled, 

reproducible, and cost-effective batch fabrication. The ability to mass 

produce complex TESs is essential to meet the need for continuous 

supply and ideally hold high availability[16], [17]. 
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2.2 Thermo-responsive PNIPAm Synthesis 

 
Radical polymerization is a chain growth polymerization that remains 

as the most widely used polymerization technique of vinyl monomers 

(monomers containing C=C bonds), such as N-isopropylacrylamide 

(NIPAm). Several advantages describing its versatility include the 

inexpensive operation, simplicity and chemical inactivity with the 

greenest solvent, water, which is often used as the reaction medium. 

The presence of ambient oxygen within the reaction medium 

generally causes inhibition in polymerization but can be easily purged 

out with an inert gas or by allowing a small period of induction time 

sacrificing a minor portion of the initiator[33],[34].  

 

2.2.1 Mechanism 

 
The radical polymerization mechanism follows three main sequences, 

namely initiation, propagation, and termination. In the initiation step, 

initiator molecules decompose to yield primary radicals under 

influence of various stimulation (e.g., thermal, ultraviolet (UV), 

redox) specific to the initiator type, a single initiator molecule (e.g., 

potassium persulfate (KPS)) decomposes to produce two primary 

radicals (Figure 2.2). Primary radicals produced proceed to disrupt 

the C=C bond of the unsaturated monomer (e.g., NIPAm) forming 

monomeric radicals, summing up the initiation step (Figure 2.3). 



13 
 

Primary radicals attack C=C bonds because there exist a loosely held 

electron pair in its pi bond. 

 

Figure 2.2: Decomposition of a KPS (initiator) molecule forming two 

primary radicals. 

 

Figure 2.3: NIPAm monomer initiated by a persulfate radical 

generated from decomposition of KPS. 

 
During the subsequent chain propagation step, monomeric radicals 

go on to initiate adjacent unsaturated monomers resulting in dimeric 

radicals and so on forming long chain oligomeric radicals (Figure 2.4). 

During polymerization, C=C bonds are generally converted into C-C 

bonds. Given that the bond strength of the C=C bond is higher than 

the C-C bond, a negative enthalpy change takes place which makes 

polymerization an exothermic reaction.  
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Figure 2.4: Chain propagation of a NIPAm radical forming a dimeric 

and subsequent oligomeric radicals. 

 
As chains continue to elongate, there are several inevitable fates 

where these radicals get inactivated, therefore discontinuing 

propagation. This is the termination step and provided that the 

reaction mixture is free from impurities such as oxygen, possible 

termination routes include termination by combination, 

disproportionation, and chain transfer. Chain termination by 

combination may result from two scenarios as illustrated in Figure 

2.5 where, (A) two active (radical) polymer chains merge into a single 

chain or (B) an active polymer chain merges with a primary radical. 

The length of the former chain would essentially be twice of the latter, 

therefore if a high molecular weight polymer is desired, the initiator 

concentration should be kept reasonably low to promote more 

termination via combination of two active polymer chains while 

avoiding early termination by combination of active growing chains 

with primary radicals. In termination by disproportionation, an “end 

of chain” hydrogen from an arbitrary adjacent active polymer chain 

is transferred resulting in a saturated and an unsaturated polymer 
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molecule depicted in Figure 2.6. The termination steps described thus 

far involve the inactivation of two active radicals.  

 

 

Figure 2.5: (A) Termination by combination of two active (radical) 

PNIPAm chains and (B) termination by combination of an active 

PNIPAm chain and a primary radical. 

 

 

Figure 2.6: Termination of two active PNIPAm chains by 

disproportionation. 
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However, termination via chain transfer follows a rather different 

mechanism where a single radical is terminated instead, while 

forming a new radical. The switch in chain activity occurs by hydrogen 

transfer similar to termination by disproportionation, between a 

propagating polymer chain and four different species, namely the 

solvent, monomer, initiator and polymer (Figure 2.7). Chain transfer 

to any species is dependent on the conditions during polymerization, 

for instance chain transfer to solvent takes place when the chosen 

solvent is not inert to the polymerization. Significant chain transfer 

to monomer occurs mainly in cationic addition polymerization and 

ring opening polymerization while chain transfer to polymer happens 

when there is a large amount of polymer present (e.g.,. at the end 

of polymerization). Chain transfers from solvent and monomer form 

solvent and monomer radicals that are unable to further propagate 

while chain transfer from initiator leads to formation of a new radical 

that is able to further initiate. When chain transfer occurs from a 

polymer chain, the newly formed polymer radical is able to form a 

branched chain[33], [34]. 
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Figure 2.7: Termination by chain transfer from PNIPAm radical to (A) 

solvent, (B) NIPAm, (C) KPS (initiator) and (D) PNIPAm. 

 

2.2.2 Emulsion Polymerization 

 
In emulsion polymerization, the volume of the reaction mixture is 

compartmentalized into a large number of very small volume 

particles suspended in a continuous phase[35]. The size of polymer 

particles generated by emulsion polymerization is between 10 and 

1000 nm and these particles remain dispersed in a continuous 

aqueous phase[36]. Advantages of emulsion include the capability to 

obtain high molecular weight polymer with high reaction rates, high 

monomer-polymer conversion and excellent temperature control. 
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Main components of an emulsion polymerization system comprise of 

the aqueous continuous phase (e.g., water), monomer (water soluble 

or insoluble), surfactant and water soluble initiator[37].  

 

2.2.2.1 Particle Nucleation 

 

The formation of particles in emulsion polymerization is divided into 

two main mechanisms, namely the heterogenous particle nucleation 

or micellar particle nucleation and the homogenous particle 

nucleation, summarized in Figure 2.8. 

 

Figure 2.8: Particle nucleation mechanisms. 

 
 
Micellar particle nucleation (Figure 2.9) occurs when radicals from the 

aqueous phase enter the monomer swollen micelles (reaction sites). 

As for homogenous particle nucleation (Figure 2.10), solution 

polymerized oligomeric radicals become insoluble and self-associate 

(precipitate), followed by absorption of surfactants to achieve 

stability. The mode of particle nucleation is dependent on the 

surfactant concentration and the water solubility of monomer. Well 
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above the critical micelle concentration (CMC), micellar nucleation 

predominates to more than 99% in terms of particle formation. Close 

to the CMC, micellar nucleation still predominates while homogenous 

nucleation also takes place. The extent of homogenous nucleation in 

this case is higher for monomers of higher water solubility. As 

micelles are absent below the CMC, only homogenous nucleation 

occur. The aforementioned are summarized in Table 2.1. 

 

Table 2.1: Particle nucleation mechanism based on surfactant 

concentration and water solubility of monomer. 

Nucleation 

mechanism 

Surfactant 

concentration 

Water solubility 

of monomer 

Micellar Well above CMC Soluble/insoluble 

Micellar>homogenous At CMC Insoluble 

Micellar<homogenous At CMC Soluble 

Homogenous Below CMC Soluble/insoluble 

 

 

Also below the CMC, is it suggested that the formation of precursor 

particles is from the coagulation with other particles. The driving force 

to coagulative nucleation is the relative instability of precursor 

particles compared to larger particles where there is insufficient 

amount of surfactant to stabilise a larger amount of smaller particles. 

As the particles are sufficiently large, the available surfactant can 
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effectively stabilise the particles where coagulative nucleation 

ceases[37]. 

 

Figure 2.9: Micellar particle nucleation mechanism. 

 

Figure 2.10: Homogenous particle nucleation mechanism. 

 

2.2.3 Recent synthesis methods of PNIPAm 

 
Owing to its LCST being close to human physiological temperature at 

approximately 32 °C, PNIPAm has found wide interest in potential 

applications such as drug delivery and tissue engineering. PNIPAm 

and PNIPAm based polymers are typically synthesized by radical 

polymerization which takes advantage of the unsaturated vinyl group 



21 
 

(C=C) of its monomers. Among radical polymerizations, precipitation 

polymerization is one of the most widely employed[38]. Other radical 

polymerization methods such as emulsion, solution, reverse addition-

fragmentation chain transfer (RAFT) and atom transfer radical 

polymerization (ATRP) have also been reported. Some notable recent 

reported PNIPAm and PNIPAm based polymers are highlighted and 

the corresponding ingredients are summarised in Table 2.2. 

Regardless of which method, all PNIPAm prepared by radical 

polymerization uses its monomer NIPAm as starting material. In 

polymerization of NIPAm, initiation is commonly achieved by thermal 

decomposition of initiators such as ammonium persulfate (APS) [7], 

[39], KPS [9], [40], potassium peroxodisulfate (PPS) [41], and 

azobisisobutyronitrile (AIBN) [8], [42] into free radicals. Use of UV 

decomposed initiator such as Irgacure 184 (Ir 184) has also been 

reported[43]. Production of PNIPAm microgels (i.e., cross-linked 

PNIPAm) are mostly (if not all) achieved by employing the 

bifunctional cross-linker BIS. In emulsion polymerization, sodium 

dodecyl sulfate (SDS) [39], [44] is commonly used as surfactant, 

while use of sodium dodecyl benzenesulfonate (SDBS) [8] and 

centrimonium bromide (CTAB) [45] has also been reported. 

Polyvinylpyrrolidone (PVP) has been reported as stabilizing polymer 

when PNIPAm was synthesized by dispersion polymerization[45]. The 

continuous phase is commonly water. However, in more sophisticated 

polymerization methods such as RAFT, solvents such as tert-butanol 
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(t-BuOH)[9] and tetrahydrofuran (THF)[46] has been used to 

dissolve non-liquid monomers, while in ATRP, use of isopropanol (iso-

PrOH)[47] has also been reported. Both RAFT and ATRP are known 

to provide control over molecular weight and polydispersity. A 

common catalyst if polymerization at a low temperature is desired is 

tetramethylethylenediamine (TEMED) [45], [48]. 

 

Table 2.2: Synthesis methods of PNIPAm via radical polymerization. 

Polymerization type Initiat

or 

Co-

monomer 

Product Ref. 

Precipitation 

 

APS 

 

acrylic 

acid 

microgel 

 

[7] 

Emulsion AIBN - nanogel film [8] 

Soap-free emulsion KPS  microgel [9] 

Emulsion APS MA microgel [39] 

Au-seeded precipitation PPS - microgel film [41] 

UV-initiated radical Ir 184 - hydrogel [43] 

Precipitation KPS DAAM microgel [40] 

ZnO-seeded 

precipitation KPS - microgel 

[45] 

ZnO-seeded dispersion KPS - microgel [45] 

ZnO-seeded emulsion KPS - microgel [45] 

RAFT AIBN - microgel [42] 
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Solution APS NMA/Am - [49] 

ATRP NCPAE - 

styrene co-

polymer 

[47] 

Emulsion APS - microgel [44] 

Solution KPS - nanogel [48] 

Precipitation KPS - nanogel [48] 

RAFT 

 

 

AIBN 

 

 

- 

 

 

Photo-

dimerized 

chains 

[46] 

Radical AIBN - nanoparticle [50] 

aAbbreviation: methacrylic acid (MA), diacetone acrylamide (DAAM), N-methylol acrylamide 

(NMA), acrylamide (Am), 2-chloro-n-(2-hydroxyethyl propenamide) (NCPAE), gold (Au), 

zinc oxide (ZnO) 

 

2.3 ECM and Collagen 

 
The ECM is a major, non-cellular constituent which connects cells 

within connective tissues. The two main classes of macromolecules 

that constitute the ECM are the fiber forming structural proteins (FP) 

and proteoglycans. FPs form complex 3D framework to provide 

structural integrity to tissues and these rigid proteins are mainly 

collagen and elastin. Surrounding these rigid proteins are 

proteoglycans and glycoproteins existing in hydrophobic and 

hydrated gel form providing an osmotically active interstitial space 
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which fortifies the structural network and provide connection between 

cells, among other functions[51]. 

 

2.3.1 The structural ECM 

 
Collagen, the most abundant protein and predominant form of FP in 

the ECM provides tensile strength, form and regulation over cell 

adhesion and migration[52]. The rod-shaped collagen molecule is 

built upon the assembly of three polypeptide α-chains, each coiled in 

a left-handed helix where these α-chains entwine together on a single 

longitudinal axis forming the characteristic left-handed, triple helical 

structure[53]. These α-chains are characterized by the distinctive 

repeat units of Gly-X-Y where Gly stands for glycine while X and Y 

could be any amino acid, often proline or hydroxyproline residues, 

respectively[54]. The presence of glycine in every third position in 

the polypeptide chain ensures the proper folding of the collagen 

molecule in its native triple helical structure through hydrogen 

bonding between amine (-NH) and carbonyl (C=O) groups between 

the α-chains[55]. Furthermore, high imino acid content in the X and 

Y positions of the α-chain and hydroxylation of proline into 

hydroxyproline were known to improve the stability of the triple 

helix[56]. A single collagen molecule is about 300 nm in length and 

1.5 – 2 nm in diameter[57]. Figure 2.11 shows the cross-linking 

between three typical α-chains. 
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Figure 2.11: Cross-linking of three typical polypeptide α-chains 

through hydrogen bonding (represented by dashed lines). Cross-links 

between α1 and α3 chains not drawn, while i, j and k represent 

number of repeat units corresponding to Y-X-Gly, Gly-Y-X and X-Gly-

Y, respectively. 

 

Collagen is further differentiated based on their supramolecular 

assembly and specific functions, existing as homotrimers and 

heterotrimers with one or two distinct α-chains[55]. Till date, 29 

types of collagen comprised of 46 variation of α-chains have been 

identified[58], [59], [60]. The collagen family can be distinguished 

into 8 sub-families, summarized in Table 2.3, reproduced from [53].  
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Table 2.3: Collagen sub-family and corresponding types.  

Collagen sub-family Collagen type 

Fibrillar/fibril forming I, II, III, V, XI, XXIV and XXVII 

*FACITs and related IX, XII, XIV, XVI, XIX, XX, XXI, 

XXII and XXVI 

Hexagonal network forming VIII and X 

Type IV family IV 

Beaded filaments forming VI 

Anchoring fibril forming VII 

With transmembrane domains XIII, XVII, XXIII and XXV 

Type XV and XVIII XV and XVIII 

*fibril-associated collagen with interrupted triple helices (FACITs). 

 

Fibrillar collagen constitute most of the ECM protein in vertebrates 

[61]. These collagen types were jointly classified due to their fibril 

forming nature with characteristic striated axial periodicity along 

these fibrils of approximately 67 nm, often referred to as 67 nm 

banding or D-banding pattern [56]. Collagen exists in most parts of 

the body, but different types predominate in different tissues. Table 

2.4 summarizes some fibrillar collagens and their corresponding 

native ECM, reproduced with modifications from [62]. 
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Table 2.4: Types of fibrillar collagens and their native ECM. 

Collagen type Native in 

I Skin, bone, tendon, cornea 

II Cartilage, vitreous, intervertebral disc 

III Blood vessels, intestine 

V Skin, bone, embryonic tissue, cornea 

XI Cartilage, intervertebral disc 

 

 

Among fibrillar collagens, the heterotrimeric type I collagen is the 

predominant and most abundant collagen while it is also the most 

abundant protein in the mammalian kingdom[56]. They form fibrillar 

constructs with diameter of 50 - 200 nm. Short and non-helical 

segments at either end of its molecule are responsible for fibril 

formation by establishing aldimine cross-links between two lysine or 

hydroxylysine at the C-terminus of one molecule to the N-terminus 

of its adjacent molecule[63]. These collagen fibrils assemble together 

to form collagen nanofibers in the range of 50 to 500 nm in the 

ECM[64]. Figure 2.12 shows the sequence of collagen fiber formation. 
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Figure 2.12: Collagen fiber formation. (a) α-chain, (b) procollagen 

molecule, (c) collagen molecule assembly, (d) collagen fibril, (e) 

collagen nanofiber. 

 

2.3.2 Scaffold fabrication technologies 

Various techniques are available to fabricate scaffolds, essentially 

forming porous structures necessary for cell and tissue growth. 

Figure 2.13 shows the general scaffold fabrication technologies used 

to produce these porous structures. 
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Figure 2.13: General scaffold fabrication technologies used in 

producing porous artificial ECM. 

 

A) In this process, the scaffold material is mixed with porogens which 

can be gases (e.g., carbon dioxide), liquids (e.g., water) or solids 

(e.g., paraffin) either in solid form or in a solvent. The mixture is then 

casted and porogens can be removed by melting, evaporation, or 

sublimation. 

 

B) In solid free form/rapid prototyping, materials are delivered to 

selected point in space forming a porous structure. 

 

C) Porous structures can also be produced by sequential layering of 

multiple woven or non-woven fibers. These layers are generally 

bonded together either by heat or adhesives. Fibrous network are 
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also generated by electrospinning utilizing high voltage to charge up 

melt or dissolved material forming a continuous jet fibers [65]. 

 

2.3.3 Marine collagen 

Collagen can be isolated and extracted from most living animals in 

view of it being one of the most abundant proteins in the world. Type 

I collagen is most widely used in biomedical applications largely 

derived from porcine, bovine, and ovine dermis and tendons. 

Nevertheless, type II collagen is also obtained from cartilaginous 

tissues of porcine, bovine and chicken. These mammalian sources 

however raise concerns regarding their immunogenicity and potential 

disease transmission in tissue engineering applications, while the use 

of porcine sourced collagens may be deterred by certain religious 

beliefs. Alternatively, marine collagen isolated from jellyfishes, 

sponges and specifically fish wastes (e.g., skin, bone, fins and scales) 

have been widely reported, and is finding increasing application in 

tissue engineering. Interestingly, it is known that the thermal stability 

of collagen sourced from fishes varies based on the temperature of 

their natural habitat which can be attributed to the content of proline 

and hydroxyproline[60], [62].  

 

Three significant methods for collagen extraction include the use of 

neutral salt solutions, dilute acid solutions, with and without 

proteolytic enzyme. Since young collagens have relatively lower 
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degree of cross-linking, their solubility in neutral salt solutions aid in 

its isolation from native tissues [66]. However, relatively mature 

collagens require dilute acidic solutions such as 0.5 M acetic acid (AA) 

where these are necessary in cleaving intermolecular aldimine cross-

links between collagen molecules.  Keto-imine cross-links present in 

more developed collagens are resistant against dilute acidic solutions, 

therefore proteolytic enzymes, often pepsin, together with dilute 

acidic solutions are utilized. During this process, atelocollagens are 

obtained because of removal of telopeptide regions which enables 

collagen molecules to dissociate from its fibrillar structure. The use 

of enzymatic extraction is also known to significantly increase 

collagen yield [62]. 

 

From marine invertebrates, isolation of collagen type I from 

jellyfishes [67]–[71], sea urchins [72], [73], squids [74] and 

starfishes [75] have been reported. Collagen type II was also yielded 

from squid [76]. Collagen, mainly type I, has also been derived from 

a variety of fishes, summarized in Table 2.5. 
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Table 2.5: Summary of collagen isolated from fishes. 

Species Tissue Extraction 

method 

Collagen 

type 

Ref. 

Red drum Scales Enzyme 

(pepsin) 

I [77] 

Indo-pacific king 

mackerel 

Skin Acid (AA) I [78] 

Red snapper Skin Acid (AA) I [79] 

Stargazing 

stonefish 

Skin Enzyme 

(pepsin)/ acid 

(AA) 

I [80] 

Sharpnose stingray Skin Ultrasound 

assisted 

enzyme 

(pepsin)/ acid 

(AA) 

- [81] 

Shark and ray 

(elasmobranch) 

Cartilage Enzyme 

(pepsin)/ acid 

(AA) 

I and II [82] 

Shortfin scad Wastes 

(bone and 

skin) 

Enzyme 

(pepsin)/ acid 

(AA) 

- [83] 
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Small-spotted 

catshark 

Skin Acid (AA) I [84] 

Rabbitfish Skin Acid (AA) I [85] 

Bigeye tuna Skin and 

scales 

Acid (AA) I [86] 

Tilapia Scales Acid (AA) I [87] 

Nile tilapia Skin Enzyme 

(pepsin)/ acid 

(AA) 

- [88] 
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2.4 Electrospun Nanofibers Scaffold 

 
2.4.1 Principles of electrospinning 

 
The electrospinning technique is one of the most attractive scaffold 

fabrication methods in the grounds of its relative simplicity, 

robustness, reproducibility and cost-effectiveness in producing 

nanofibrous materials. The typical set up consists of a high voltage 

supply, syringe pump, syringe, metallic collector and spinneret. 

Solution electrospinning involving the use of a polymer with sufficient 

molecular weight dissolved in a suitable volatile solvent is mostly 

favoured in producing TESs as opposed to its alternative, melt 

electrospinning. In melt electrospinning, molten polymer is attained 

through elevated temperature which necessitates the need for the 

extra heat supply[89]. Additionally, melt electrospinning results in 

fibers within the submicron range[20] which isn’t favourable in 

producing TESs due to the inability to mimic the nanostructured ECM. 

Particularly in solution electrospinning, the syringe pump provides a 

constant flow of polymer solution ejected through the metallic 

spinneret where a hemispherical droplet is suspended at the 

spinneret’s tip. Electrical charge is introduced into the droplet and as 

the critical voltage is achieved, the droplet at the end of the spinneret 

conforms into a conical shape, prominently known as the Taylor’s 

cone. During this process, the electrostatic repulsive force acts 

directly opposite to the surface tension of the droplet and a single 
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fine jet of polymer solution is formed at the end of the cone. A stable 

Taylor’s cone is imperative for continuous electrospinning, hence a 

balance between solution depletion and supply must be maintained. 

Subsequently, the jet travels through the electrically charged gap 

between the end of the conical droplet and the grounded metallic 

collector in a whipping motion where the polymer solution is stretched 

due to bending instability, while the solvent evaporates. With an 

optimum gap to conserve attraction of charged jet to the grounded 

collector and sufficient for complete evaporation of solvent, 

continuous, dry, ultrafine and non-woven membrane composed fibers 

in the nanometer range is obtained[20][90]. Figure 2.14 shows the 

conventional electrospinning set up. 

 

 

Figure 2.14: Electrospinning set up. 
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Successful electrospinning requires careful control over a few 

parameters, namely the solution parameter, process parameter and 

ambient conditions: 

 

A) Solution parameter 

Two major parameters related to the polymer solution determine its 

electrospinnability, namely the polymer concentration and electrical 

conductivity. Needless to say, the polymer solution should be 

prepared with polymers dissolved in their respective good solvent, 

which in some cases involve a mixture of multiple solvents. For 

successful electrospinning, a minimum concentration is required to 

facilitate sufficient chain entanglement to sustain a continuous jet 

during its stretching and whipping phase. Slightly below the minimum 

concentration, polymer jets break up forming discontinuous and 

beaded fibers. Further reducing the concentration would lead to 

electrospraying where fragmented polymer droplets are collected. In 

contrast, too high a concentration leads to the inability to electrospin 

due to the difficulty to overcome the viscoelastic force, while rapid 

evaporation of solvent at the spinneret’s tip may even lead to 

clogging. Within a suitable range, increment in concentration leads 

to increased fiber thickness. Increase in viscosity and surface tension 

of the solution is directly affected by the increase in concentration 

where thinner fibers are formed at the lower end of these two 

properties. Alternatively, viscosity and surface tension can be 
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reduced with the use of surfactant without altering the polymer 

concentration[91], [92]. 

 

Similarly for the electrical conductivity of the solution, there exist an 

optimum range for successful electrospinning. A solution that is too 

electrically insulating will not be able to allow sufficient electrostatic 

repulsion from within the solution to the surface due to the lack of 

charge. On the other hand, solutions that are too electrically 

conductive do not possess the capacity to accumulate charge within 

the polymer droplet which leads to the difficulty in generating a 

Taylor’s cone. One common strategy to increase the electrical 

conductivity of a solution is to include ionic additives such as 

salts[90], [93], [94]. 

 

B) Process parameters  

The process parameters comprise of the applied voltage, solution flow 

rate and working distance (e.g., the distance between the tip of the 

spinneret and the collector). The applied voltage plays a direct role 

in regulating the repulsive force through the Taylor’s cone and the 

charge density within the polymer jet. Higher applied voltage 

generally favors the formation of thinner fibers[95], [96]. However, 

contradicting results have been reported where the increase in 

applied voltage was accompanied by increased fiber diameter[97], 
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[98] which is attributed to a higher volume of solution ejected caused 

by the higher electrical repulsion at the solution droplet[99]. 

 

As for the solution flow rate, it is established that a higher flow rate 

contributes to larger fibers. The final process parameter is the 

working distance in which an optimum distance needs to be 

established to obtain dry nanofibers. A larger working distance 

promotes the elongation of the polymer jet to form thinner fibers, 

while too short a working distance not only produces thick fibers, but 

wet fibers will be collected due to incomplete evaporation of solvent. 

The presence of solvent on the collector in excessive amount may 

also cause fibers to fuse which could severely affect the final 

morphology of the electrospun membrane. When the working 

distance is too large, fibers will not further decrease in thickness 

which is correlated to the solidification of the polymer jet[90]. 

 

C) Ambient conditions  

Electrospinning under raised ambient temperatures causes the 

reduction in viscosity and surface tension of the polymer solution. At 

elevated temperatures, solvent evaporation occurs at a higher rate 

which favors the formation of thinner fibers. Similarly, this holds true 

when the relative humidity is low. However, overly rapid evaporation 

due to too high temperature or too low humidity hamper the 

stretching of the polymer jet causing thicker fibers to form. When the 
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humidity goes too high, evaporation rate reduces where collected 

fibers may not fully dry and water vapour may penetrate the polymer 

jet causing changes in morphology such as pore formation along 

fibers[100], [101]. 

 

2.4.2 Electrospinning as a scaffold fabrication technique 

 
Owing to its robustness, the electrospinning technique can prepare 

TESs that meet the requirements in application. For instance, to 

fabricate a biocompatible scaffold, one could simply choose a 

biocompatible starting polymer. As discussed in section 2.3, collagen 

and PNIPAm are a couple of biocompatible natural and synthetic 

polymer, respectively, that have been successfully electrospun into 

nanofibers (albeit drawbacks on risk of disease transmission and 

collagen denaturation for electrospun collagen scaffolds). 

Morphological properties such as fiber diameter, pore size and 

porosity are all well tunable and achievable by setting control 

parameters, where different tissue lineage require different 

morphological dimension, as reviewed by Ameer J.M. et. al.[102]. 

Similarly with mechanical properties, specific treatments can be used 

on electrospun constructs such as cross-linking. It was mentioned in 

section 2.3 that cross-linking was used to improve aqueous stability 

of electrospun collagen. Cross-linking was also used to tune their 

mechanical properties[103], [104]. Finally, electrospinning is an 



40 
 

inexpensive technique involving a simple set up and provides great 

reproducibility and scalability in fabricating nanofibrous materials. 

Needleless electrospinning has been introduced to upscale the 

production of nanofibers[105]. 

 

2.4.3 Advances in electrospun collagen scaffold for tissue 

engineering 

 
Electrospinning is one of the most promising methods in producing 

TESs capable of physically mimicking the native structure of collagen 

in the ECM. To that end, electrospinning of collagen itself has been 

widely reported with the objective of mimicking the biochemical 

properties and cues that promote cellular adhesion, proliferation, and 

differentiation. Electrospinning of collagen for the application of 

tissue engineering was first reported by Matthews et. al. [106], 

utilizing the fluoroalcohol, hexafluoroisopropanol (HFIP), as solvent. 

It was reported that the periodic banding pattern of collagen fibrils 

was retained post electrospinning. However, the preservation of the 

banding pattern and collagen triple-helical structure were not 

quantified. As HFIP went on to become a popular solvent in collagen 

processing, various studies have pointed out its common drawbacks 

which include concerns on its high cost [107], cytotoxicity [108], 

environmental impact [109] and even collagen denaturation [107], 
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[108]. With these concerns, alternative solvents to electrospin 

collagen have been explored and reported.  

 

A review was conducted in part of an effort to grasp the development 

and advancement in collagen electrospinning. Briefly, publications 

concerning the subject were searched on the SCOPUS database with 

the keywords “collagen” and “electrospinning”, using the Boolean 

operator AND. This returned a list of publications from the year 2002 

(first publication on collagen electrospinning by Matthews et. al. 

[106]) up to 2022 (recent). Returned search results were shortlisted 

based on their relevance in neat collagen processing via 

electrospinning as TESs, in reference to the title and abstract of 

publications, which narrowed down the number of publications to 77. 

Finally, information (e.g., collagen source, collagen type, additives in 

electrospinning solution, solvent, collagen concentration, needle 

gauge, collector type, electrospinning parameters, ambient 

conditions, cross-linking method, cultured cells, fiber morphology, 

preservation of collagen D-banding, preservation of triple-helical 

structure, mechanical properties, porosity, pore size and 

denaturation temperature)  was extracted from the list of 

publications, with 12 publications taken out due to reasons such as 

incomplete information and not quantified processing parameters, 

leaving 65 publications.  
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Figure 2.15 shows that a large proportion of collagen used in 

electrospinning were isolated from bovine source (i.e., 73 %), 

especially from their skin. This is followed by rat, fish, porcine and 

equine at 15, 5, 4 and 4 %, respectively.  

 

 

Figure 2.15: Proportion of collagen sources used in electrospinning 

based on publications from year 2002 up to 2022. 

 

Figure 2.16 shows that collagen has been electrospun from four 

general solvent systems which include fluoroalcohol, AA, phosphate 

buffered saline (PBS):ethanol (EtOH), and EtOH:hydrochloric acid 

(HCl) systems. Fluoroalcohol systems were mostly used (i.e., 62 %). 

This is followed by greener systems of AA, PBS:EtOH, EtOH:HCl 

systems at 24, 11 and 3 %, respectively. Fluoroalcohol systems 
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include the use of HFIP, 85 % HFIP, HFIP:AA (1:1) and TFE, and the 

frequency in reported use is summarized in Figure 2.17. 

 

 

Figure 2.16: Proportion of solvent systems used in electrospinning of 

collagen based on publications from year 2002 up to 2022. 
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Figure 2.17: Proportion of fluoroalcohol systems used in 

electrospinning of collagen. 

 

 

Figure 2.18: Proportion of AA systems used in electrospinning of 

collagen. 
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In AA systems, AA has been used in the concentration range of 0.3 

% to glacier AA. Preparation of collagen solution with glacier AA with 

heating (i.e., 35 °C for 10 mins) has also been reported. Aside from 

that, binary solvents of AA:HFIP and AA:dimethyl sulfoxide (DMSO) 

has also been reported to produce collagen fibers via electrospinning. 

The proportion of AA systems reported are summarized in Figure 

2.18. 

 

 

Figure 2.19: Proportion of PBS:EtOH systems used in electrospinning 

of collagen. 

 

Figure 2.19 shows that in PBS:EtOH systems, 20xPBS:EtOH (1:1) is 

most commonly used, followed by PBS:EtOH (3:2), 20xPBS:EtOH 
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(7:3), 20xPBS:EtOH (3:2) and 10xPBS:EtOH (1:1) at proportions of 

38, 25, 13, 13 and 13 %, respectively. 

 

Figure 2.20: Proportion of EtOH:HCl systems used in electrospinning 

of collagen. 

 

Lastly, Figure 2.20 shows the proportion of EtOH:HCl systems used. 

A very small amount of this solvent system has been reported, as 

shown in the earlier Figure 2.16 (i.e., 3 %). The addition of HCl in 

the solvent system mainly serves the purpose of lowering the pH of 

the solvent. 

 

A typical drawback of neat electrospun collagen is its weak aqueous 

stability[110]. This hinders its use as stable scaffolds in tissue culture 

applications. Considering that, various cross-linking methods have 

been employed to improve the aqueous stability of electrospun 

collagen to produce viable scaffolding for tissue culture. Common 
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chemical cross-linking methods include the use of glutaraldehyde 

(GTA) vapor[111]–[116], GTA immersion[117], [118], 1-ethyl-3-(3-

dimethylaminopropyl)carbodiimide hydrochloride (EDC) coupled with 

N-hydroxysuccinimide (NHS) [104], [108], [110], [119], EDC[110], 

[120], [121], and genipin[122]–[124]. Other less common methods 

that have been reported for chemical cross-linking electrospun 

collagen include hexamethylene diisocyanate (HMDI) 

(immersion)[125], transglutaminase (enzymatic cross-link)[122], 

laser irradiation (photoinitiated by rose bengal)[126], combination of 

3 % glycerol + 11 % citric acid (CA) + 2.5 % sodium hypophosphite 

(SHP)[127], and 1,4-butanediol diglycidyl ether (BDDGE)[104]. 

Figure 2.21 summarizes the common chemical cross-linking methods 

used in proportion of its frequency in publication. The most commonly 

used cross-linker is GTA followed by EDC/NHS, EDC and genipin at 

53, 21, 19, and 7 %, respectively. 
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Figure 2.21: Proportion of common chemical cross-linking methods 

for electrospun collagen. 

 

Aside from chemical cross-linking, electrospun collagen were also 

physically cross-linked by employing UV ray[122], [128], 

dehydrothermal (DHT) treatment[129], vacuum dehydration[130], 

[131] and pre-fibrillization by ammonia exposure (fibrillogenesis 

triggered by increase in pH)[132]. 

 

In-situ cross-linking with EDC/NHS has also been reported with the 

cross-linkers blended into the electrospinning solution, which aids to 

better disperse the cross-linker and improve bulk cross-linking of 

electrospun collagen as opposed to surface cross-linking achieved by 

exposure of cross-linker post-electrospinning[133]. In other 

instances of in-situ cross-linking, genipin and GTA were also blended 

into collagen solutions[134]. 
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Finally, combinations of physical and chemical cross-linking have also 

been reported which include DHT-EDC[129], vacuum dehydration-

EDC[131] and in-situ genipin and GTA cross-linking followed by UV 

treatment[134]. Table 2.6 shows a summary of optimum 

electrospinning parameters for various collagen sources/type 

reported in the literature. 
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Table 2.6: Summary of optimum electrospinning parameters for various collagen sources/types. 

Collagen source Solvent Concentration 

% (g/ml)  

Flow 

rate 

(ml/h) 

Voltage (kV) Distance 

(cm) 

Ref. 

Rat tail tendon (type I) HFIP 6 1 20 15 [135] 

Bovine skin (type I) HFIP 10  4.3 30 18 [136] 

Tilapia skin (type I) HFIP 5, 11, 18 1.8 20 - [137] 

Bovine skin (type I) 40 % AA 0.25 - 1.5 0.58 (mm) [138] 

Bovine tendon (type I) 90 % AA 20 0.5-3 25-45 10 [139] 

Fish (type I) AA:DMSO 

(93:7) 

10 0.6 

 

17 

 

23 

 

[109] 

Calf skin (type I) PBS:EtOH 

(3:2) 

15 1 

 

17 

 

15 

 

[140] 

- 20 % AA 30 0.06 24 15 [104] 
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- TFE 10 0.9 18 15 [104] 

Porcine (type I) 20 % AA 10 0.1 12 12 [141] 

Type I:III (95:5) 
 

50 % EtOH  

(pH 2.3) 

15 1 

 

 

20 

 

 

15 

 

 

[127] 

Transgenic tobacco 

(recombinant type I:III 

(95:5)) 

HFIP 12 4 – 8 

 

 

30 

 

 

18 

 

 

[131] 

Bovine tendon (type I) 90 % AA 10 2 20 10 [142] 

Calfskin (type I) HFIP 2.4 0.6 25 10.16 [143] 

Bovine skin (type I) TFE 10 0.012-

0.03 20-22 15 

[144] 

Hoki fish skin (type I) 40 % AA 20 0.3 10 10 [145] 

Hoki fish skin (type I) HFIP 8 0.3 10 10 [145] 
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Bovine achilles tendon 

(type I) 

70 % AA 40 0.75 

 

20 

 

15 

 

[146] 

Equine achilles tendon 

(type I) 

0.1 M AA 2.5 0.6 

 

15 

 

18 

 

[147] 

Bovine skin (type I) AA - 0.7 20 10.5 [148] 

Bovine skin (type I:III 

(95:5)) 

20xPBS:EtOH 

(1:1) 

16 0.5 

 

20 

 

12 

 

[133] 

Calf skin (type I) HFIP:AA 

(1:1) 

7 0.2 

 

15 

 

20 

 

[123] 

Rat tail (type I) 40 % AA 25 0.3 15 to 16 6 to 8 [126] 

Calf skin (type I) 85 % HFIP 5 0.25 11 13 [122] 

Bovine skin (type I:III 

(95:5)) 

10xPBS:EtOH 

(1:1) 

16 1 

 

20 

 

10 

 

[108] 
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Equine achilles tendon 

(type I) 

0.3 % AA 1 0.6 

 

18 

 

18 

 

[149] 

Articular cartilage of fetal 

calf leg (type II) 

HFIP 6 2 

 

22 

 

12.7 

 

[110] 

Chicken sternum (type 

II) 

HFIP - - - - [113] 

Chicken sternal cartilage 

(type II) 

HFIP 4 2 

 

22 

 

10.16 

 

[112] 

Calf skin:human 

placenta (type I:III 

(1:1)) 

 

HFIP 

 

6 5 

 

25 

 

12.5 

 

[111] 

Human placenta (type 

III) 

 

HFIP 

 

4 5 25 12.5 

[111] 

Human placenta (type I) HFIP 8.3 5 25 12.5 [111] 



54 
 

2.4.4 Advances in electrospun PNIPAm scaffold for tissue 

engineering 

 
Work on electrospun PNIPAm have been fairly reported and its 

potential application include drug delivery[150], tissue 

engineering[12], [151], wireless control[152], fog harvesting[153], 

“smart” sensor and artificial muscle[154]. Particularly in the field of 

tissue engineering, electrospun PNIPAm scaffold finds its application 

owing to its inherent biocompatibility. Young R. et. al. report of 

uniaxially aligned PNIPAm nanofibers that are thermo-responsive and 

biocompatible that find application in vascular, bone or neural grafts 

where aligned nanofibrous scaffolds are desired[12]. For drug 

delivery, near infrared responsive (NIR) PNIPAm nanofibers was 

achieved by incorporation of gold nanorods (GNR) which exhibit 

absorption in the NIR range where GNRs generate heat due to the 

plasmon resonance effect in response to NIR irradiation[150].  

 

Various molecular formats of PNIPAm have been successfully 

electrospun into nano/micro-fibers, ranging from 35 000 to 658 000 

Da. Electrospun neat or linear PNIPAm exhibits poor aqueous stability 

and can be improved by cross-linking, especially when its molecular 

weight is relatively low (e.g., 40 000 Da), as noted by Cicotte et. 

al.[10]. Additionally, cross-linked PNIPAm as a starting material has 

poor electrospinnability. Wang J. et. al. reports that pre-crosslinked 
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PNIPAm cannot be electrospun and attributed this to its insoluble 

nature[11]. Use of octaglycidyl polyhedral oligomeric silsesquioxane 

(OPEPOSS) as cross-linker has been reported for PNIPAm 

electrospinning, where OPEPOSS was introduced into the 

electrospinning solution, followed by heat curing (120-160 °C) of the 

electrospun material[11], [12], [150], [153], [154]. 

 

PNIPAm was generally electrospun from organic solvents. However, 

PNIPAm electrospun from water has been studied by Schoolaert E. 

et. al. where it was reported that the temperature of the 

electrospinning solution has to be kept well below 30 °C, while control 

over ambient temperature and relative humidity was necessary to 

ensure electrospinnability[155].  

 

Finally, cells tested on electrospun PNIPAm include U-87 MG (brain 

cancer cell)[150], L-929 fibroblasts[12], [156], EMT6 and MC3T3-E1 

cells[10]. Table 2.7 shows the summary of the optimum 

electrospinning parameters for PNIPAm from the literature.
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Table 2.7: Reported optimum parameters for PNIPAm electrospinning in literature. 

Molecular 

weight (Da) 

Concentration 

(wt %) 

Solvent 

 

Voltage 

(kV) 

Flow rate 

(ml/h) 

Distance 

(cm) 

Application 

 

Ref. 

533000 17 DMF 4 to 9 0.5-3 7 to 21 - [157] 

300000 

 

10 

 

THF:DMF 

(1:1) 

13.5 

 

3 

 

12 

 

Drug delivery 

 

[150] 

658000 17 DMF 6.75 1 14 - [158] 

385000 

 

15 

 

THF:DMF 

(1:1) 

9 

 

0.6 

 

18 

 

Tissue engineering 

 

[151] 

300000 

 

10 

 

95% EtOH 

 

12 

 

1 

 

10 

 

Dressing carrier for 

wireless control 

[152] 

300000 

 

12 

 

THF:DMF 

(1:1) 

15 

 

0.1 

 

10 

 

Tissue engineering 

 

[12] 
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300000 

 

20 

 

Chloroform:

EtOH (2:1) 

17 

 

9 

 

15 

 

Drug delivery 

 

[159] 

300000 

 

10 

 

THF:DMF 

(1:1) 

15 

 

0.5 

 

15 

 

Fog harvesting 

 

[153] 

300000 10 water 15 to 20 0.5 25 - [155] 

300000 

 

12 

 

DMF 

 

10 

 

0.6 

 

12 

 

“Smart” sensor/nano-

reactor/catalysis/artifi

cial muscle 

[154] 

- 25 EtOH 9 to 11 0.4 10 Drug delivery [156] 

40000/300000 10 and 20 MeOH 1kV/cm 3.5 1kV/cm 

Mammalian cell 

culture 

[10] 

650000 4 to 21 DMF 6 0.5 14 - [160] 

300000 

 

10 

 

THF:DMF 

(1:1) 

13 

 

0.6 

 

17 

 

- 

 

[11] 
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35000 15 MeOH 20 - 20 - [161] 

*Abbreviation: N, N-dimethylformamide (DMF)
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2.5 Collagen Functionalized Electrospun Polymers 

 
Several techniques of collagen functionalization onto electrospun 

polymer nanofibers have been reported, with the goal to improve the 

bioactivity of synthetic polymeric nanofibers. These techniques 

include surface functionalization, blending and co-electrospinning as 

discussed in this subsection.  

 

2.5.1 Wet chemical surface functionalization 

 
Surface functionalization of electrospun nanofibers can be achieved 

by coating with dilute collagen solution. However, several distinct 

coating methods were reported in the literature.  Muniyandi P. et. al. 

worked on coating calf skin derived type I collagen on electrospun 

PLLA by single drop coating for physical adsorption with 0.1 % 

collagen solution[15]. Other physical adsorption methods were also 

reported where Yang X. et. al. coated poly(D,L-lactide-co-glycolide) 

(PLGA) nanofibers by dropping fixed volume of collagen solution 

prepared in 0.5 % AA and let to naturally dry[162]. Tanha S. et. al. 

coated PCL nanofibers by dipping the membrane in 10 mg/ml of 

collagen in AA overnight[163]. 

 

Cross-linking after collagen coating was also employed which 

covalently functionalizes electrospun nanofibers to collagen. For 

instance, Bian T. et. al. functionalized electrospun PVP by soaking 
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twice in 64 mg/ml collagen solution followed cross-linking with 

GTA[164], while Janani G. et. al cross-linked collagen coated gelatin 

nanofibers with roboflavin[165].  

 

Finally, precipitation of collagen from its solution onto electrospun 

nanofibers was also employed, where PLGA and polylactic acid (PLA) 

nanofibers were coated with collagen solution of 0.2 mg/ml in 0.02 

M AA followed by immersion in ammonia solution to attain basic pH 

to induce collagen precipitation onto the nanofibers, as reported by 

Bacakova M. et. al[166]. Table 2.8 summarizes the recent literature 

on collagen coated electrospun polymer. 

 

 

 

 

 

 

 

 

 

 

 

 



61 
 

Table 2.8: Summary of collagen coated electrospun polymer from the literature. 

Electrospun 

polymer 

Collagen 

source 

Collagen 

type 

Collagen 

solvent 

Collagen 

concentration  

Application 

 

Findings Ref. 

PCL 

 

 

bovine 

 

 

I 

 

 

- 

 

 

- 

 

 

cartilage tissue 

engineering 

 

scaffold with 

increased fiber size 

and hydrophilicity 

[167] 

PLLA 

 

 

 

calf skin 

 

 

 

I 

 

 

 

- 

 

 

 

0.1 % 

 

 

 

cardiac tissue 

engineering 

 

 

scaffold capable of 

modulating 

proteome 

expression 

[15] 

PLGA/PCL 

 

 

rat tail 

 

 

I 

 

 

- 

 

 

2 % 

 

 

orofacial tissue 

regeneration 

 

scaffold with 

enhanced bone 

mineralization 

[168] 
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PCL 

 

 

 

human 

 

 

 

IV 

 

 

 

HBSS* 

 

 

 

0.3 mg/ml 

collagen diluted 

1:12 in HBSS 

 

kidney 

proximal 

tubule grafts 

 

proof-of-concept 

kidney tubule graft 

[169] 

PVP 

 

- 

 

- 

 

- 

 

64 mg/ml 

 

bone tissue 

engineering 

biomimetic bone 

scaffold 

[164] 

PLGA 

 

 

 

 

- 

 

 

 

 

- 

 

 

 

 

0.5 % AA 

 

 

 

 

- 

 

 

 

 

bone tissue 

engineering 

 

 

 

scaffold with 

enhanced 

expression of 

osteogenic marker 

genes 

[162] 

PHBA*/gelatin 

 

 

- 

 

 

- 

 

 

0.1 M AA 

 

 

4 % 

 

 

wound healing 

 

 

scaffold with 

enhanced wound 

healing efficiency 

[170] 
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PCL - - AA 10 mg/ml wound healing bioactive scaffold [163] 

PLGA 

 

 

 

 

 

rat tail 

 

 

 

 

 

- 

 

 

 

 

 

0.02 M 

AA 

 

 

 

 

0.2 mg/ml 

 

 

 

 

 

skin cell carrier 

 

 

 

 

 

scaffold with 

enhanced 

adherence, 

proliferation and 

spreading of 

keratinocytes 

[166] 

PLA 

 

 

 

 

 

rat tail 

 

 

 

 

 

- 

 

 

 

 

 

0.02 M 

AA 

 

 

 

 

0.2 mg/ml 

 

 

 

 

 

skin cell carrier 

 

 

 

 

 

scaffold with 

enhanced 

adherence, 

proliferation and 

spreading of 

keratinocytes 

[166] 
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PMMA* 

 

 

 

 

rat tail 

 

 

 

 

I 

 

 

 

 

- 

 

 

 

 

0.05 mg/ml 

 

 

 

 

muscle tissue 

engineering 

 

 

 

scaffold with 

enhanced 

proliferation and 

migration of 

fibroblasts 

[171] 

Gelatin 

 

 

- 

 

 

- 

 

 

- 

 

 

- 

 

 

breast cancer 

studies 

 

scaffold with 

enhanced cell 

attachment 

[165] 

*Abbreviation: Hank's balance salt solution (HBSS), poly(3-hydroxybutyric acid) (PHBA), poly(methyl methacrylate) 

(PMMA) 
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2.5.2 Blending 

 
Incorporation of collagen to electrospun polymers can be achieved by 

preparation of an electrospinning solution containing a blend of 

collagen and the polymer, which requires a common solvent for both. 

Hajikhani M. et. al. recently fabricated a mucoadhesive patch by 

coaxial electrospinning, with PLA-polyethylene oxide (PEO) nanofiber 

core and PVP-type I collagen (from bovine achilles tendon) as shell 

with HFIP:EtOH (7:3) as shell polymer solvent[172]. Fish 

atelocollagen-PCL nanofibrous mat for wound healing was fabricated 

by a blend of the polymers in HFIP as reported by Chandika P. et. 

al.[14]. In the work of Zhou X. et. al., a bioactive electrospun scaffold 

to enhance osteogenic differentiation of MC3T3-E1 was achieved by 

direct incorporation of type I collagen into PLGA/PCL blend in TFE in 

the presence of calcium ions[173]. Various polymers have been 

blended with collagen for electrospinning, and Table 2.9 summarizes 

the solvents and polymers reported in recent literature.



66 
 

Table 2.9: Summary of electrospun collagen-blended polymer and respective solvents from the literature. 

Solvent Collagen 

type 

Blended polymer Application Ref. 

HFIP:EtOH (7:3) I PVP drug delivery [172] 

HFIP I  PCL wound healing [14] 

TFE I PLGA/PCL bone tissue engineering [173] 

TFE I CS* tendon tissue engineering [174] 

50 % AA I PPy*/chitosan tissue engineering [175] 

HFIP I PCL bone tissue engineering [176] 

TFE I POC* bone tissue engineering [177] 

20 % AA (collagen) + 

chloroform (PLA/PEO) 

I 

 

PLA/PEO 

 

myocardial tissue engineering 

 

[178] 

TFE - aspirin loaded PLGA nanoparticles bone tissue engineering [13] 

HFIP:EtOH (7:3) I & II PCL tissue engineering [179] 
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HFIP (collagen) + FA* 

(chitosan/PCL) 

I 

 

chitosan/PCL 

 

bone tissue engineering 

 

[180] 

HFIP - gelatin tissue engineering [181] 

90 % AA - PCL - [182] 

HFIP (collagen) + 

Chl*:DMF (9:1) (PLGA) 

I 

 

PLGA 

 

drug delivery 

 

[183] 

HFIP I  PLLA - [184] 

HFIP I PCL bone tissue engineering [185] 

HFIP I PCL bone tissue engineering [186] 

*Abbreviation: chondroitin sulfate (CS), polypyrrole (PPy), poly(1,8-octanediol citrate) (POC), formic acid (FA), 

chloroform.
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2.5.3 Co-electrospinning 

 
The concept of co-electrospinning of collagen and a particular 

different polymer is generally conducted with separate solutions of 

collagen and the polymer, and electrospun simultaneously onto a 

common collector such that to promote overlapping of collagen and 

the polymer fibers. Optimised conditions to electrospin collagen and 

the polymer is necessary to form an independent set-up to its co-

spun polymer solution. Polymers that have been co-electrospun with 

collagen include poly(L-lactide-co-caprolactone) (PLCL)[187]–[189], 

PLGA[190], [191], PCL[192], [193] and PLLA[194]. Collagen 

solutions for co-electrospinning were generally prepared in 

fluorinated solvents such as HFIP and TFE, which are well establish 

collagen solvents for electrospinning.  
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METHODOLOGY 

 

3.1 Materials 

 
97 % NIPAm recrystallized once in n-hexane, KPS, 99 % SDS, 99 % 

BIS, activated carbon, celite, n-hexane, dialysis sacks with molecular 

weight cut-off of 12 kDA washed by immersion in deionized water 

(ddH2O) for 5 hours, 99.5% sodium chloride (NaCl), 99% tris-

hydrochloride (tris-HCl), 99% ethylenediaminetetraacetic acid 

(EDTA), 99% HCl, 99% glacial AA, 96% 2-ethyl-4-methylimidazole 

(EMI), methanol (MeOH), 99% DMSO, LMW commercially available 

PNIPAm (Mw= 40,000 g/mol) and gelatin from porcine skin (Type A) 

were purchased from Sigma Aldrich. THF and DMF were purchased 

from Chemiz (M) Sdn. Bhd. Commercially available PNIPAm of 

viscosity average molecular weight 300,000 g/mol was purchased 

from Scientific Polymer, USA. OPEPOSS cross-linker was purchased 

from Hybrid Plastics, Inc., USA. Fetal bovine serum (FBS), Glasgow’s 

minimum essential media (GMEM) and 10x phosphate PBS were 

purchased from ThermoFisher Scientific. Leukemia inhibitory factor 

(rat) (LIF3010) was purchased from Merck Millipore. All chemicals 

were used as received, unless stated otherwise. Embryonic stem cell 

working medium (ESM) was prepared with 42.5 ml of GMEM, 7.5 ml 
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of FBS and 50 µl of 10 µg/ml LIF3010. Tilapia fish scales (TFS) was 

obtained for free from a local Tilapia fish farm in Broga, Semenyih. 

 

3.2 Synthesis of PNIPAm 

 
3.2.1 Recrystallization of NIPAm 

 
Recrystallization of NIPAm was carried out with the solvent according 

to the work of Z. Farooqi et al.[195] following the typical 

recrystallization technique. Briefly, a boiling water bath was firstly 

prepared with a metal tray over a magnetic hotplate and a 100 ml 

conical flask containing approximately 50 ml of n-hexane heated in 

the water bath. A glass rod was placed in the heating n-hexane to 

facilitate bubble formation to indicate boiling. Boiling n-hexane was 

added dropwise to pre-measured raw NIPAm (~6 g) in a separate 

100 ml conical flask held over the water bath and continuously 

swirled until NIPAm crystals are observed to be fully dissolved. An 

additional drop of boiling n-hexane was added as excess to prevent 

precipitation of NIPAm. Approximately 30-50 mg of activated carbon 

was added to the hot NIPAm solution and swirled for 2 minutes to 

remove high molecular weight and colored impurities. 40-60 mg of 

celite was added and the solution swirled for another 2 minutes to 

allow adsorption of activated carbon on celite. The hot mixture was 

then removed from the water bath and immediately gravity filtered 

through a fluted filter paper placed in a filter funnel, into a new 100 
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ml conical flask. The filtered solution was covered and left to cool at 

room temperature to allow recrystallization of NIPAm. In the instance 

where there are no observable signs of crystal formation, 

recrystallization can be induced by addition of small amount of NIPAm 

crystals, or gentle knocking of the conical flask against a laboratory 

benchtop. NIPAm crystals was vacuum filtered with constant washing 

with room temperature n-hexane, transferred to a petri dish and left 

to dry overnight in an oven at 50 °C. Dried recrystallized NIPAm was 

stored in a tightly sealed 50 ml centrifuge tube until further use.  

 

3.2.2 Cross-linked PNIPAm 

 
Cross-linked PNIPAm was prepared according to the methods of J. 

Khan et al. with modifications[44]. Briefly, cross-linked PNIPAm (x-

PNIPAm) was prepared by dissolving 1 g of NIPAm, 0.02 g BIS (2 % 

(w/w) to NIPAm) and 0.04 g SDS (4 % (w/w) to NIPAm) in 100 ml 

of ddH2O. The mixture was stirred for 1 h at 200 rpm with a magnetic 

stirrer and subsequently purged with nitrogen gas for 20 minutes to 

remove reactive oxygen. Then, the mixture was heated to 70 °C 

under a nitrogen atmosphere with maintained stirring at 200 rpm 

throughout the reaction. The initiator solution was prepared by 

dissolving 0.01 g (1 % (w/w) to NIPAm) of KPS in 5 ml of ddH2O and 

added to the NIPAm mixture. The mixture turned cloudy 10 minutes 

after the addition of the initiator solution. Polymerization was allowed 
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to continue for 3 hours, and subsequently cooled to room 

temperature by quenching in a room temperature water bath. The 

solution was subjected to 4 cycles of centrifuging at 12000 rpm, 40 

°C for 1 h each, where fresh ddH2O was changed in between each 

cycle. The precipitate appeared as a viscous gel at the bottom of the 

centrifuge tube and was lyophilized at -59 °C, 0.012 mbar for 24 

hours to yield a hard transparent solid.  

 

3.2.3 Cross-linker free PNIPAm 

 
Cross-linker free PNIPAm was prepared according to the methods of 

J. Khan et al. with modifications[44]. Briefly, cross-linker free 

PNIPAm was synthesized via radical polymerization from its monomer 

NIPAm in a 2-litre cylindrical jacketed reactor of 150 mm inner 

diameter with an anchor type impeller of 90 mm diameter. 2 g of 

recrystallized NIPAm and 0.08 g (4 % (w/w) to monomer) of SDS 

were first dissolved by magnetic stirring at 200 rpm in 200 ml of 

distilled water of ~pH 5 in a beaker at room temperature for 5 

minutes. Once dissolved, the mixture was transferred into the 

jacketed reactor flask to be heated up to 80 °C and purged with 

nitrogen gas for 20 minutes. Each formulation of the mixture was 

subjected to continuous stirring of 50, 100 and 200 rpm, respectively 

to investigate the effects of agitation rate on the synthesized PNIPAM. 

0.02 g (1 % (w/w) to monomer) of KPS initially dissolved in 5 ml of 
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distilled water was subsequently added to the mixture in the reactor 

flask to initiate polymerization. The thermal decomposition 

temperature of KPS begins at 70 °C to generate radicals to initiate 

the polymerization reaction. The temperature and stirring rate were 

maintained at throughout 4 hours of the synthesis. After 4 hours, the 

mixture was transferred into a beaker and quenched in a water bath 

at room temperature. After quenching, the mixture was transferred 

into dialysis sacks and dialyzed against distilled water for 7 days, 

replenished with fresh distilled water twice, daily. The dialyzed 

mixture was left within a freezer for a day at -18 °C and subsequently 

lyophilized in a freeze dryer for 48 hours at -59 °C and 0.012 mbar. 

The lyophilized samples were stored in tightly sealed centrifuge tubes 

covered with parafilm sheets prior to further use and 

characterization. Figure 3.1 shows the jacketed reactor set up used 

for PNIPAm synthesis. It should be noted that PNIPAm synthesized 

at agitation speed of 100 rpm (referred to as A100 PNIPAm hereafter) 

yielded the most desirable monomer-polymer conversion and was 

subjected to further use (i.e. electrospinning). 
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Figure 3.1: Jacketed reactor set up used for the synthesis of PNIPAm. 
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3.3 Characterization of synthesized PNIPAm 

 
3.3.1 FTIR analysis 

 
Fourier transform infrared (FTIR) spectroscopy analysis was 

conducted using Perkin Elmer (Frontier FT-IR/FIR, USA) 

spectrometer to investigate the functional groups specific to PNIPAm 

at wavenumber 400-4000 cm-1 with 16 scans and 4 cm-1 resolution. 

In the case of the study of agitation speed on the polymerization of 

NIPAm, conversion of NIPAm monomer to PNIPAm at different 

agitation speeds was also investigated. Freeze dried samples were 

used in all analyses.  

 
3.3.2 Molecular weight analysis using Static Light Scattering 

 
The molecular weight of PNIPAm was determined by static light 

scattering (SLS) using the Zetasizer (Nano ZS, UK). The Debye 

constant was computed after obtaining the change in refractive index 

(RI) against concentration of PNIPAm in MeOH, giving the refractive 

index increment (dn/dc) in the form of the gradient on a straight-line 

plot. The set of concentrations were prepared by serial dilution from 

a stock solution of 0.03 g/ml, and the RIs were determined by a 

refractometer (Atago 1T, Japan). A Debye plot was generated with 

the computed Debye constant, from a set of concentrations of 

PNIPAm in HPLC grade MeOH. The Debye constant is given by: 
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𝐾 = 4π!𝑛!
&𝑑𝑛𝑑𝑐)

!

λ"𝑁#
 

 

……….eq. 3.1 

 

where n represents the refractive index of solvent, λ represents the 

wavelength of light in vacuum, NA the Avogadro’s number and c the 

concentration of solute. The molecular weight was obtained by 

determining the inverse of the y-intercept of the Debye plot. 

 

3.3.3 Particle size distribution analysis using Dynamic Light 

Scattering 

 
The particle size and particle size distribution were characterized in 

terms of average hydrodynamic diameter and its polydispersity index 

(PDI), respectively. These were measured by dynamic light scattering 

(DLS) at 173 ° scattering angle using the Zetasizer (Nano ZS, UK). 

PNIPAm solutions of 1 mg/ml dissolved in HPLC grade MeOH filtered 

through 0.22 µm syringe filter were used for DLS measurement.  

 

3.3.4 Thermo-responsive phase transition test 

 
The thermo-responsive behavior of synthesized PNIPAm was visually 

observed in a solution of 0.01 g of PNIPAm dissolved in 10 ml of 

distilled water in a clear glass vial. The glass vial containing the 

PNIPAm solution was immersed in a water bath of 40 °C for 2 minutes 
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and the turbidity of the solution was observed and compared to as it 

was at room temperature.  Increase in turbidity of PNIPAm solution 

indicates phase separation of PNIPAm from water, which can be 

attributed to the phase transition of PNIPAm above 32 °C. 

 

3.3.5 Thermal degradation analysis using TGA  

 
Thermal stability analysis was conducted using the Mettler Toledo 

(simultaneous TGA/DSC 1, USA) instrument. The analyses were 

performed in the temperature range of 30 to 500 °C at a heating rate 

of 10 °C/min under constant nitrogen gas flow of 20 ml/min. 

Approximately 5 mg of PNIPAm sample was used for the analysis. 

Differential scanning calorimetry (DSC) analysis was also conducted 

concurrently, and the results used to indicate the LCST of synthesized 

PNIPAm. 

 

3.3.6 Morphology of synthesized PNIPAm 

 
The morphology of synthesized PNIPAm was observed under FESEM 

(FEI Quanta 400 F, USA) operated under high vacuum at an 

acceleration voltage of 20 kV. Samples were mounted onto dedicated 

stubs with carbon tapes.  
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3.3.7 Rheological property of PNIPAm 

 
The viscosities of the PNIPAm samples were measured with a 

viscometer (Brookfield Viscometer DV-II+ Pro, USA) at shear rates 

ranging from 0.74 to 135 s-1. 0.5 mL of PNIPAm solutions at the 

concentration of 12 % (w/w) dissolved in MeOH were used for each 

analysis. The polymer concentration was selected arbitrarily at 4.5 % 

(w/w) as a preliminary concentration to electrospin PNIPAm given 

that the solution appeared as a free-flowing and relatively viscous 

liquid, as observed by sight. The same concentration was kept for all 

compared samples in order to compare their viscosities. 

 

3.4 Collagen extraction from Tilapia fish scales 

Collagen extraction from tilapia fish scales (TFS) was carried out 

according to the methods by Zhang et. al.[196] with slight 

modifications. Briefly, 50 g of TFS was cleaned by washing thrice with 

double-distilled water (ddH2O). All further treatment of TFS were 

conducted at 4 °C. Cleaned TFS were soaked in 500 ml of salt buffer 

containing 1 M NaCl, 0.05 M tris-HCl and 20 mM EDTA for 48 hours 

to remove non-collagenous proteins, and washed thrice with ddH2O. 

Next, the treated TFS were demineralized by soaking in 750 ml of 0.4 

M HCl for 90 minutes, washed thrice with ddH2O and dried in an 

enclosed container containing silica gel beads (renewed every day) 

for at least 4 days or until fully dry. Collagen was isolated from the 
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demineralized TFS by soaking in 250 ml of 0.5 M AA under constant 

gentle stirring for 48 hours. The mixture was then filtered through 

filter papers to remove insoluble materials. NaCl was then added to 

the filtrate to a final concentration of 0.9 M to induce salting out for 

24 hours. After that, the solution was centrifuged at 10 000 rpm for 

30 minutes at 4 °C, the precipitate collected and resolubilized in 250 

ml of 0.5 M AA. Salting out, centrifuging and resolubilizing were 

repeated thrice to obtain collagen with higher purity. However, in the 

last resolubilizing process, only 150 ml of 0.5 M AA was used, given 

that this volume was sufficient to thoroughly disperse collagen and 

to reduce the acid usage since subsequent washing step will not be 

required. Furthermore, the reduction in volume of the resulting 

mixture help ease subsequent experimental steps (e.g., reduce usage 

of dialysis sacks and quicker drying). The solution was then 

transferred into dialysis sacks and dialysed against 0.1 M AA for 24 

hours and ddH2O for another 24 hours. Lastly, the dialysed solution 

was left to freeze in a -20 °C freezer for 2 days and lyophilised for 48 

hours at -59 °C and 0.012 mbar in a freeze dryer. Dried collagen 

samples were stored in tightly sealed centrifuge tubes and kept in an 

enclosed container containing silica gel beads until further use and 

characterization. Figure 3.2 shows the flowchart for collagen 

extraction from TFS. 
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Figure 3.2: Flow chart of collagen extraction procedures from TFS. 

 

3.5 Characterization of extracted collagen 

 
3.5.1 FTIR analysis 

 
FTIR spectroscopy analysis was conducted using Perkin Elmer 

(Frontier FT-IR/FIR, USA) spectrometer to investigate the functional 

groups specific to collagen at wavenumber 400-4000 cm-1 with 16 
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scans and 4 cm-1 resolution. Lyophilized samples in a freeze dryer 

were used in all analyses. The integrity of collagen triple helix was 

evaluated by taking the ratio of absorbance values at 1235 and 1450 

cm-1[197].  

 

3.5.2 Morphology of extracted collagen 

The morphology of lyophilized collagen was observed under FESEM 

(FEI Quanta 400 F, USA). Samples were mounted onto dedicated 

stubs with carbon tapes and directly viewed under low vacuum 

conditions at accelerating voltage of 10 kV.  

3.5.3 Molecular weight analysis using gel electrophoresis 

Sodium dodecyl sulfate polyacrylamide gel electrophoresis (SDS-

PAGE) was conducted by the Laemmli method with slight 

modifications. Briefly, 8 % stacking gel and 4 % separating gel were 

prepared. 6 mg/ml collagen solution was prepared in protein sample 

buffer under double reducing condition in the presence of 2-

mercaptoethanol. Further protein denaturation was carried out in a 

heating block at 99 °C for 10 minutes. BenchMarkTM bovine serum 

albumin (BSA) solution was used as molecular weight market ranging 

from 10 to 220 kDa. A loading volume of 10 µl was applied for all 

samples. Electrophoresis was left to run at 100 V for 4 hours. 

Resulting gel was stained overnight in 0.05 % Coomassie brilliant 
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blue R250 dissolved in 15 % MeOH and 5 % AA in ddH2O. De-staining 

of gel was carried out for 2 hours in a solution containing 30 % MeOH 

and 10 % AA and lastly, with ddH2O for 1 hour, replenishing with 

fresh water every 10 minutes. Bands were imaged using 

ChemiDocTM XRS+ Imaging System (BioRad, USA). 

3.5.4 Thermal analysis using DSC 

To determine the denaturation temperature of collagen and stability 

of its triple helical structure, DSC measurement was conducted in 

triplicates with a Q2000 device (TA Instruments, USA). Samples of 

about 5 mg were used and heated from 30 to 250 °C at a rate of 10 

°C/min under nitrogen flow at 20 ml/min.  

3.6 Preparation of collagen functionalized PNIPAm 

electrospun nanofibers 

 
All electrospinning processes were carried out in an acrylic chamber 

built in-house at the University of Nottingham Malaysia. The set up 

consists of a syringe pump (NE 300, New Era), a high voltage supply 

(ES30P-10W/DDPM/SI, Gamma High Voltage) and aluminium foil 

wrapped around a square acrylic plate (10x10cm). For the co-

spinning set up, an additional syringe pump (KDS 210, KD Scientific) 

and high voltage supply (ESPS-P303) were used. Temperature and 

relative humidity were recorded at approximately 25-27 °C and 45-



83 
 

55 %, respectively. Figure 3.3 shows the dedicated electrospinning 

chamber along with its set up. 

 

Figure 3.3: Chamber for electrospinning and electrospinning set up. 

 

3.6.1 Preparation of PNIPAm electrospun nanofibers 

High molecular weight commercial PNIPAm (300,000 Da) was 

electrospun according to the established methods by Wang et. al. 

[11] with slight modifications, as a control to electrospun synthesized 

PNIPAm. Briefly, 12 % (w/w) commercial PNIPAm solution was 

prepared with the binary solvent of THF:DMF at a ratio of 1:1. 
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Electrospinning was carried out at voltage of 13 kV, flow rate 0.6 ml/h 

and working distance of 17 cm.  

With synthesized PNIPAm, preliminary study on electrospinning was 

conducted on BIS cross-linked PNIPAm (i.e. x-PNIPAm). However, 

electrospraying was generally observed (further discussions are 

included in the following results and discussion chapter). 

Electrosprayed x-PNIPAm was initially compared with electrospun 

LMW commercial PNIPAm, given the similarity in their viscosities. 

LMW commercial PNIPAm and x-PNIPAm solutions were both 

prepared in MeOH at 20 % (w/w) and 4.5 % (w/w), respectively, and 

were electrospun at similar electrospinning conditions with applied 

voltage of 19 kV, flow rate 0.5 ml/h and working distance of 18 cm. 

The poor electrospinnability of x-PNIPAm motivated the synthesis of 

cross-linker free PNIPAm (i.e. A100 PNIPAm). However, obtaining 

straight electrospun nanofibers was not straightforward, and 

optimisation of electrospinning parameters was required. A study to 

optimise the electrospinning parameters was conducted with the 

objective to produce straight nanofibers of A100 PNIPAm. In the 

study, A100 PNIPAm was electrospun from THF:DMF (1:1) at 

concentrations of 10 %, 12.5 % and 15 % (w/w), voltage of 9 kV to 

15 kV and flow rate of 0.3 ml/h to 0.6 ml/h. Working distance was 

kept constant at 18 cm. The optimal concentration was found to be 

15 % (w/w) A100 PNIPAm in THF:DMF (1:1), voltage of 9 kV, flow 
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rate 0.6 ml/h and working distance of 18 cm. The higher 

concentration of synthesized A100 PNIPAm used was due to more 

consistent electrospun fibers obtained without beads. Table 3.1 

summarises the studied parameter for electrospinning A100 PNIPAm. 

Table 3.1: Studied solution and electrospinning parameters in 

electrospinning A100 PNIPAm. 

Concentration 

(% (w/w)) 

Voltage (kV) Flow rate 

(ml/h) 

Working 

distance 

(cm) 

10 to 15 9 to 15 0.3 to 0.6 18 cm 

 

Neat electrospun PNIPAm generally possess poor aqueous stability 

upon exposure to aqueous media, thus requiring cross-linking. Cross-

linker OPEPOSS and catalyst EMI were introduced into the 

electrospinning solution of commercial PNIPAm and A100 PNIPAm 

according to the methods established by Wang et. al. at 20 % (w/w) 

OPEPOSS and 0.3 % (w/w) EMI, both in respect to weight of PNIPAm 

[11]. Both commercial PNIPAm and A100 PNIPAm were subjected to 

curing in an oven at 120 °C for 4 hours.  
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3.6.2 Preparation of collagen functionalized PNIPAm 

electrospun nanofibers 

TFS collagen was prepared in two concentrations of 0.1 % and 0.5 % 

(w/w) in 0.5 M AA by stirring overnight at 4 °C, and stored at the 

same temperature until further use. Electrospun PNIPAm were cut 

into circles of 20 mm with a leather punch and placed in a 24-well 

culture plate. 0.5 ml of collagen solutions were added to the PNIPAm 

membranes and left for 1 hour at 4 °C. The solutions were then 

carefully removed, and the membranes sterilized with 70 % EtOH for 

20 minutes followed by three washes with PBS. After the final wash, 

PBS was removed and the membranes left under UV in a bio-safety 

cabinet for 15 minutes for further sterilization. Neat electrospun 

PNIPAm membranes were sterilized similarly, and act as controls for 

cell culture experiments.  

3.7 Characterization of electrospun nanofibers 

 
3.7.1 Polymer solution viscosity analysis 

The inherent viscosity of synthesized PNIPAm solution at 15 % (w/w) 

in THF:DMF (1:1) was measured with a viscometer (Brookfield 

Viscometer DV-II+ Pro, USA) at shear rates of 0.75, 1.50, 2.25, 3.00, 

3.75, 4.50 s-1. The measured shear stress (Pa) against shear rate (s-

1) was plotted and the gradient of the straight line gives the viscosity 

in Pa.s. 
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3.7.2 Morphological analysis using Field Emission Scanning 

Electron Microscope 

The morphology of electrospun PNIPAm, collagen functionalized (via 

dip coating) PNIPAm and TFS collagen was observed under a Field 

Emission Scanning Electron Microscope (FESEM) (FEI Quanta 400 F, 

USA). Samples were mounted onto dedicated stubs with carbon 

tapes. Images of electrospun PNIPAm and collagen functionalized 

PNIPAm were captured under low vacuum mode at an acceleration 

voltage of 20 kV while images of electrospun TFS collagen were 

captured under high vacuum mode with an acceleration voltage of 10 

kV. High vacuum mode was used to obtain high resolution images of 

TFS collagen, and due to the non-conductive nature of electrospun 

PNIPAm, in order to prevent distortion of images due to electron 

charging on the samples, low vacuum mode was used. The average 

fiber diameter, pore size and their distributions were analysed based 

on FESEM images by using ImageJ software (version 1.53), an image 

analysis software developed by Upper Austria University of Applied 

Sciences and is free for download at 

https://imagej.nih.gov/ij/download.html. The average fiber diameter 

was estimated by taking measurements of 1000 random fibers across 

the longitudinal direction from random points of the electrospun 

membrane using the measure function. The average pore size was 



88 
 

estimated by using the analyze particle function taking the maximum 

Feret’s diameters of pores. 

3.7.3 Weight Loss Measurement  

The aqueous stability of electrospun synthesized PNIPAm was 

evaluated by the percentage mass loss over time. PNIPAm membrane 

samples were cut out with a hole puncher and pre-weighted with a 

microbalance (Mettler Toledo XP6, USA) with a resolution of 0.001 

mg, and transferred to 24-well plates containing Glasgow Modified 

Essential Medium (GMEM) and incubated at 37 °C and 5 % CO2 (cell 

culture conditions).  Samples were taken out after 1, 2, 3, 5, 7, 14, 

21 and 28 days, dried under vacuum of 300 mbar at 40 °C for two 

days and weighted again. Percentage mass loss was computed with 

the following equation, and the study was conducted in triplicates 

(n=3). 

%	𝑚𝑎𝑠𝑠	𝑙𝑜𝑠𝑠 = 	 3
𝑖𝑛𝑖𝑡𝑖𝑎𝑙	𝑚𝑎𝑠𝑠 − 𝑓𝑖𝑛𝑎𝑙	𝑚𝑎𝑠𝑠

𝑖𝑛𝑖𝑡𝑖𝑎𝑙	𝑚𝑎𝑠𝑠 8 	𝑥	100	% 

  ………. eq. 3.2 

 

3.7.4 Porosity analysis 

The porosity of electrospun synthesized PNIPAm represents the 

percentage of void space within the bulk and was estimated by using 

the gravimetric method. Three PNIPAm membranes of approximately 
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1 x 1 cm were cut out (n=3) with a blade and the actual widths 

measured, validated and recorded with a vernier calliper by laying 

the cut out samples flat. The thickness of the membranes were 

measured under FESEM image at 3 random positions. Measurements 

were taken with the assumption that the membrane is incompressible 

and does not expand, and have approximately uniform thickness 

throughout. The widths and thickness of the membranes allow for 

computation of the bulk volume of the membranes. Mass of the 

membranes were measured with a microbalance (Mettler Toledo XP6, 

USA), and the apparent density of the membranes were computed 

by the ratio of mass of membranes against bulk volume. The porosity 

was computed by the following relationship, taking the bulk density 

of PNIPAm as 1.1 g/cm3[198]. 

 

 𝑃𝑜𝑟𝑜𝑠𝑖𝑡𝑦 = 1 − 3
𝑎𝑝𝑝𝑎𝑟𝑒𝑛𝑡	𝑑𝑒𝑛𝑠𝑖𝑡𝑦
𝑏𝑢𝑙𝑘	𝑑𝑒𝑛𝑠𝑖𝑡𝑦 8  

………. eq. 3.3 

 

3.7.5. Water contact angle analysis 

The wettability of electrospun PNIPAm membranes were determined 

by contact angle analysis. In the investigation, both OPEPOSS cross-

linked synthesized and commercial PNIPAm were dip coated with 0.1 

and 0.5 mg/ml of collagen solution in 0.5 M AA (as described 
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previously in section 3.6.2). Table 3.2 summarizes the group studied, 

and contact angle of each group was investigated for 1, 3, 5 and 7 

seconds with averaged measurements from three readings (n=3) for 

each group and time point. Contact angle below 90 ° indicates 

hydrophilicity while above 90 ° indicates hydrophobicity[199]. 

Table 3.2: Summary of studied groups of collagen dip coated 

PNIPAm. 

 Concentration of collagen solution (mg/ml) 

used 

 0 (neat) 0.1 0.5 

Studied 

groups 

SP SP0.1CLG SP0.5CLG 

CP CP0.1CLG CP0.5CLG 

Note: SP=electrospun neat synthesized PNIPAm, CP=neat commercial PNIPAm, 

SP0.1CLG =synthesized PNIPAm dip coated with 0.1 mg/ml TFS collagen solution, 

CP0.1CLG=commercial PNIPAm dip coated with 0.1 mg/ml TFS collagen solution, 

SP0.5CLG=synthesized PNIPAm dip coated with 0.5 mg/ml TFS collagen, and 

CP0.5CLG=commercial PNIPAm dip coated with 0.5 mg/ml of TFS collagen. 

In the contact angle analysis, a smartphone camera was used to 

capture video recordings of the water droplet on the surface of the 

analysed membranes for at least 7 seconds from the moment water 

was dropped. The line of sight of the camera was kept level with the 

plane of the glass slide, on which the samples were placed, and the 

camera held in place with a tripod. 20 µl of distilled water was 
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dropped with a micropipette, held vertically above the membrane 

samples. The images of the water droplets were taken from the video 

recordings and the contact angle was measured using ImageJ 

software (version 1.53) using the angle tool. Figure 3.4 shows the 

schematic of the contact angle set up. Figure 3.5 shows a particular 

example of the analysed imaged for contact angle analysis using 

ImageJ.  

 

Figure 3.4: Schematic of contact angle set up. 
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Figure 3.5: Contact angle measurement of a water droplet (1 s) on 

neat electrospun synthesized PNIPAm giving an angle of 86.7 °. 

 

3.7.6. FTIR analysis of collagen dip coated PNIPAm 

 
FTIR spectroscopy analysis was conducted using Perkin Elmer 

(Frontier FT-IR/FIR, USA) spectrometer to investigate the functional 

groups specific to collagen at wavenumber 400-4000 cm-1 with 16 

scans and 4 cm-1 resolution. Samples were dried in an oven at 40 °C 

for 48 hours prior to analysis.  

 

3.7.7. Thermal degradation analysis using TGA of collagen 

dip coated PNIPAm 

 
Thermal stability analysis was conducted using the Mettler Toledo 

(simultaneous TGA/DSC 1, USA) instrument. The analyses were 

performed in the temperature range of 30 to 500 °C at a heating rate 

of 10 °C/min under constant nitrogen gas flow of 20 ml/min. 
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Approximately 5 mg of samples were used for analyses. Samples 

were dried in an oven at 40 °C for 48 hours prior to analysis. 

 

3.8 Cell culture  

Preliminary cell culture studies were conducted using rat amniotic 

fluid stem cells, also known as R3-AFSC, isolated from full term 

Sprague Dawley rats. R3-AFSCs were cultured in T25 flasks coated 

with 0.1 % gelatin at an initial seeding of 750,000 cells beginning 

from passage 38. All cell culture experiments were conducted under 

sterile conditions in a biological safety cabinet. All cell culture 

reagents were pre-warmed in a sterile water bath at 37 °C. 

3.8.1 Cell cultivation 

A cryovial containing R3-AFSC was first thawed by placing the vial in 

a 37 °C sterile water bath for 30 seconds. The contents of the cryovial 

were transferred to a 15-ml centrifuge tube and diluted with 10 ml of 

ESM. The cells were then centrifuged at 270 x g for 5 minutes to 

obtain a cell pellet, and the supernatant was discarded. The cells were 

resuspended in 4 ml of fresh ESM. Concurrently, a T25 flask was 

coated with gelatin by adding 1 ml of 0.1 % gelatin solution in PBS 

and left for 5 minutes, and the solution was removed. The 

resuspended cells were seeded to the coated T25 flask and incubated 

at 37 °C and 5 % CO2. After 24 hours, cell attachment was confirmed 
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under a microscope and incubated for another 24 hours before 

passaging. Figure 3.6 shows the schematic for cell thawing of R3-

AFSC. 

 

Figure 3.6: Schematic of cell cultivation of R3-AFSC. 

Prior to passaging, cells were carefully observed under a microscope 

for signs of contamination or deterioration. In a biological safety 

cabinet, the medium was removed and the cells were washed twice 

with PBS. Approximately 1 ml of 0.25 % trypsin with 1 mM EDTA was 

added to the flask and the flask was incubated at 37°C for 2 minutes. 

The flask was then set under a microscope and remaining attached 
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cells were dislodged by gentle tapping on the sides of the flask. To 

inactivate the trypsin, 1 ml of pure FBS was added and the cells were 

dispersed by repeated pipetting, and transferred to a 15 ml centrifuge 

tube to be centrifuged at 1000 rpm for 5 minutes. Next, the 

supernatant was removed, and the cells were resuspended  in 2 ml 

of ESM by repeated pipetting. Cells were then counted under the 

microscope using trypan blue exclusion assay with a 

haemocytometer. Unstained cells were identified as viable cells and 

stained cells were identified as non-viable cells, as trypan blue 

permeates damaged cell membranes. An appropriate volume of the 

cell suspension containing 750,000 cells was transferred to a new 

gelatin coated T25 flask, and topped up with ESM to a volume of 4 

ml. The seeded flask was left in an incubator for 48 hours at 37 °C 

and 5 % CO2 to allow cells to reach confluence. Figure 3.7 shows the 

schematic of cell passaging of R3-AFSC. 

3.8.2 Cell counting 

Cell counting was conducted by taking 10 µl of resuspended cells in 

ESM and mixing with 10 µl of trypan blue by repeated pipetting on a 

piece of parafilm. Next, 10 µl of the mixture was carefully transferred 

with a micropipette onto a haemocytometer covered with a glass 

slide. Cells were counted on the four corner squares on the 

haemocytometer. The following formula was used to compute the 

number of cells in the suspension: 
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𝑛𝑜. 𝑜𝑓	𝑐𝑒𝑙𝑙𝑠 = 3
𝑡𝑜𝑡𝑎𝑙	𝑐𝑒𝑙𝑙𝑠	𝑐𝑜𝑢𝑛𝑡𝑒𝑑

4 8 × 3
𝑣𝑜𝑙𝑢𝑚𝑒	𝑜𝑓	𝑠𝑢𝑠𝑝𝑒𝑛𝑠𝑖𝑜𝑛

𝑑𝑖𝑙𝑢𝑡𝑖𝑜𝑛	𝑓𝑎𝑐𝑡𝑜𝑟 8 × 10,000 

  ……….eq. 3.4 

 

The total cells counted were divided by four to obtain the average of 

the cell number in the four corner squares. 
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Figure 3.7: Schematic of passaging of R3-AFSC. 

3.8.3 Population doubling time 

The population doubling time of cells is the time required for a 

population of cells to double in its amount. It can be estimated by 

taking the amount of cells at two time points and the duration of 

culture. The population doubling time was determined by the 

following formula. 
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𝑃𝑜𝑝𝑢𝑙𝑎𝑡𝑖𝑜𝑛	𝑑𝑜𝑢𝑏𝑙𝑖𝑛𝑔	𝑡𝑖𝑚𝑒 = 	
𝑑𝑢𝑟𝑎𝑡𝑖𝑜𝑛	𝑋 log 2

log(𝑓𝑖𝑛𝑎𝑙	𝑐𝑜𝑛𝑐𝑒𝑛𝑡𝑟𝑎𝑡𝑖𝑜𝑛) − log	(𝑖𝑛𝑖𝑡𝑖𝑎𝑙	𝑐𝑜𝑛𝑐𝑒𝑛𝑡𝑟𝑎𝑡𝑖𝑜𝑛) 

  ……….eq. 3.5 

 

3.8.4 Cell viability on electrospun scaffolds 

The preparation of collagen functionalized electrospun PNIPAm 

scaffold was described in section 3.6.2. The studied groups of scaffold 

were similar to the groups summarized in Table 3.1. All scaffolds of 

20 mm in diameter were placed in a 48-well plate, designated as 

shown in Figure 3.8. Gelatin coated wells seeded and not seeded with 

cells were used as positive and negative controls, respectively.   
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Figure 3.8: Designation of wells in a 48-well plate for cell viability 

study on electrospun scaffolds. 

A stock suspension of cells was prepared at a cell concentration of 

300,000 cells/ml. Briefly, cells were counted using a haemocytometer 

and 600,000 cells were dispersed in 2 ml of ESM. Approximately 0.1 

ml of the stock suspension (30,000 cells) was added to the positive 

controls and each well containing a scaffold. The 48-well plate 

containing cells and scaffolds was left in an incubator for 1 hour at 

37 °C and 5 % CO2 to facilitate cell attachment, and 0.3 ml of ESM 

was added to each well to bring the total volume of media to 0.4 

ml/well and the plate was incubated for 48 hours.  
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MTT assay was used to evaluate the cell viability of R3-AFSC on the 

electrospun scaffolds. MTT solution was prepared at 5 mg/ml in PBS 

and dissolved by vortexing. The solution was filter sterilized with a 

syringe filter of 0.22 µm pore size. About 50 µl of MTT solution was 

added to each well and left to incubate for 4 hours. After 4 hours, 

150 µl of DMSO was added to each well to dissolve formed formazan 

crystals. The culture plate was wrapped with aluminium foil and 

shaken on an orbital shaker for 15 minutes at 50 rpm. The resulting 

solution from each well was transferred to a 96-well plate at 0.1 ml 

volumes and the absorbance at 590 nm was read with a microplate 

reader (Versa Max microplate reader, USA). Three biological repeats 

(n=3) were conducted for this study. Cell viability (CV) was evaluated 

with the following relationship by using the absorbance (Abs) 

reading: 

 

𝐶𝑉	%	 = 	
𝐴𝑏𝑠(𝑠𝑒𝑒𝑑𝑒𝑑	𝑠𝑐𝑎𝑓𝑓𝑜𝑙𝑑) − 𝐴𝑏𝑠(𝑛𝑒𝑔𝑎𝑡𝑖𝑣𝑒	𝑐𝑜𝑛𝑡𝑟𝑜𝑙)		
𝐴𝑏𝑠(𝑝𝑜𝑠𝑖𝑡𝑖𝑣𝑒	𝑐𝑜𝑛𝑡𝑟𝑜𝑙) − 𝐴𝑏𝑠(𝑛𝑒𝑔𝑎𝑡𝑖𝑣𝑒	𝑐𝑜𝑛𝑡𝑟𝑜𝑙) 𝑥	100	%	

	 	 ……….eq. 3.6 

	

3.8.5 Cell release study 

Cell seeding onto similar study group of scaffolds was conducted 

similarly as described in section 3.8.4. The well designation on the 
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48-well plates were similar to those shown in Figure 3.8. However, 

incubation duration in this study was 12 hours instead of 48 hours. 

This first 48-well plate was labelled plate A.  

To facilitate cell release, 0.4 ml of  ESM at room temperature was 

added to respective wells in a new 48-well plate (plate B), according 

to the designation of the plate containing scaffolds. With a pair of 

forceps, the scaffolds were transferred to the new plate and allowed 

to sit for 5 minutes to facilitate cell release. Another 48-well plate 

(plate C) was prepared with 0.4 ml of warm ESM at 37 °C in each 

well, with similar well designation. After 5 minutes, scaffolds were 

again transferred to the new plate C containing warm ESM.  

After removal of scaffolds, plate A or the seeding plate would contain 

cells unattached to the scaffolds. Plate B would contain cells that are 

released from the scaffold after 5 minutes in room temperature ESM 

and plate C would contain cells that are still attached to the scaffolds 

after 5 minutes in room temperature ESM.  

MTT assay was conducted similarly as described in section 3.8.4 on 

plates A, B and C.  

Fraction of cell released was determined by taking the absorbance at 

590 nm of plate B (cells released from scaffold) against absorbance 

of plate B+C (total cells on scaffold before release). The percentage 

of cell released was determined by the following formula: 
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%	𝑐𝑒𝑙𝑙	𝑟𝑒𝑙𝑒𝑎𝑠𝑒𝑑 =
𝑎𝑏𝑠(𝑝𝑙𝑎𝑡𝑒	𝐵)

𝑎𝑏𝑠(𝑝𝑙𝑎𝑡𝑒	𝐵) + 𝑎𝑏𝑠(𝑝𝑙𝑎𝑡𝑒	𝐶) × 100	% 

  ……….eq. 3.7 
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RESULTS AND DISCUSSION 

 

4.1 Analysis on Synthesised PNIPAm 

 
4.1.1 FTIR analysis 

 
PNIPAm hydrogel was synthesized (detailed in section 3.2.2) with the 

motivation to produce aqueous stable PNIPAm nanofibers by 

electrospinning. Figure 4.1 shows the FTIR spectra of PNIPAm 

hydrogel cross-linked with 2 % (w/w) BIS to NIPAm monomer. The 

peak at 2984 cm-1 was assigned to the isopropyl–CH3 asymmetric 

stretching, while 2937 cm-1 belongs to asymmetric –CH2 backbone 

stretching. The peaks at 1563 and 1632 cm-1 were respectively 

assigned to amide II (-CN) and amide I (C=O). In addition, the peak 

at 1464 cm-1 was assigned to the asymmetric deformation of 

isopropyl–CH3 vibration and the peak at 1389 cm-1 was assigned to 

the symmetric deformation of isopropyl –CH3. The peaks correspond 

well to the functional group of PNIPAm as reported in literature [200].  

The broad peak at 3334 cm-1 belongs to the –OH vibration of water 

molecules, as a result of hydrated state of the sample [201].  
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Figure 4.1: FTIR spectra of synthesized BIS-cross-linked PNIPAm 

hydrogel. 

 

However, the resulting hydrogel shows poor electrospinnability, 

attributable to its cross-linked nature. This led to further investigation 

in synthesizing cross-linker free PNIPAm, which exhibits greatly 

improved electrospinability, and subsequent method to cross-link 

PNIPAm nanofibers with OPEPOSS after electrospinning to ensure its 

aqueous stability. OPEPOSS was chosen as the cross-linker because 

of its solubility in the binary solvent (THF:DMF (1:1)) used for 

electrospinning, which helps ensure a uniform dispersion of OPEPOSS 

in PNIPAm during the preparation of PNIPAm electrospinning 

solution. 
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4.1.1.1 Effect of agitation rate on the polymerization of 

NIPAm 

 
Cross-linker free PNIPAm was synthesized via radical polymerization 

in the presence of surfactant. The agitation rate plays an important 

role in polymerization employing the use of surfactants (e.g., 

emulsion polymerization). Studies have been conducted on the 

effects of agitation rate on the kinetics, molecular weight and 

molecular weight distribution of hydrophobic monomers suspended 

in aqueous phase[202], [203]. However, the NIPAm monomer is 

relatively hydrophilic, and the effects of agitation rate on its 

polymerization have been scarcely or has not been reported. The 

formation of reaction sites within the aqueous phase is dissimilar 

between hydrophobic and hydrophilic monomers. For hydrophobic 

monomers, surfactant molecules readily attach to the surface of 

monomer droplets forming micelles, where free radicals derived from 

the initiator diffuse into micelles to initiate the polymerization and 

form the reaction sites. As for hydrophilic monomers (e.g., NIPAm), 

micelles start forming after the initiation by free radicals where 

increasingly hydrophobic oligomers attract surfactant molecules to 

spontaneously attach, forming the reaction sites[204]. Figure 4.2(a) 

shows the micelle formation in the typical oil-in-water emulsion 

polymerization with hydrophobic monomers and Figure 4.2(b) shows 

the micelle formation of hydrophilic monomer in water. 
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Figure 4.2: (a) micelle formation of typical oil-in water (hydrophobic 

monomer) emulsion and, (b) micelle formation of hydrophilic 

monomer in water. 

 

The size of micelles formed and its size distribution for polymerization 

of hydrophilic monomers is predominantly determined by the 

shearing rate within the reaction bulk. It has been reported that the 

emulsion polymerization kinetics of the hydrophobic monomer 

styrene is dependent of the agitation rate during preparation of the 

emulsion, and becomes independent of agitation rate during 

polymerization. This was attributed to the stable dispersion of the 

emulsion formed prior to polymerization[205]. In this part of the 

study, the dependence of agitation rate used in polymerization of 

NIPAm in the presence of SDS surfactant by employing three 
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agitation speeds of 50, 100 and 200 rpm during preparation and 

polymerization is discussed in terms of final properties of the polymer 

and monomer to polymer conversion. Primary free radicals were 

generated from the decomposition of the thermal initiator KPS. 

Hereafter, preparation and polymerization of NIPAm at agitation 

speeds of 50, 100 and 200 rpm are referred to as A50, A100 and 

A200, respectively.  

 
Figure 4.3 shows the FTIR spectra for recrystallized NIPAm monomer, 

commercially available PNIPAm, A200, A100 and A50. In the A50 and 

A100 spectra, the peak at 1619 cm-1 which signified characteristic of 

C=C (indicated by vertical dashed line) stretching is not seen, 

confirming point of polymerization on the vinyl group. A new broader 

peak appears at 1635 cm-1 for the A50 and A100 samples which 

belongs to characteristic of the amide I (C=O) stretching. Both A50 

and A100 spectra show characteristic peaks of the polymer at 1388 

cm-1, 1531 cm-1, 2876 cm-1, 2968 cm-1, and 3284 cm-1 which can be 

assigned to symmetrical deformation of (-CH3) bend, amide II (C-N) 

stretch, symmetric (-CH3) vibration, asymmetric (-CH3) vibration and 

stretching of the NH group, respectively[200]. The peak at 1616 cm-

1 of the pre-dialyzed A200 sample, signature to C=C stretching 

characteristic of the monomer NIPAm suggests the low conversion of 

monomer to polymer. Lastly, the A50 and A100 samples show similar 

peaks with commercial PNIPAm further confirming PNIPAm was 



108 
 

successfully synthesized. Pre-dialyzed sample of A200 was used due 

to loss of materials after dialysis, which can be attributed to the low 

monomer-polymer conversion resulting in mostly low molecular 

weight PNIPAm (below the cut-off size of dialysis sacks of 12 kDa). 

 

 

Figure 4.3: FTIR spectra of (a) recrystallized NIPAm, (b) commercial 

PNIPAm, (c) A200 (pre-dialyzed), (d) A100, (e) A50. 

 

Since the synthesis temperature of 80 °C was well above the LCST of 

PNIPAm, the turbidity of the final solution after 4 hours of synthesis 

could provide a visual indication of the conversion of NIPAm to 

PNIPAm, where the phase separation of PNIPAm from water above 

~32 °C would lead to the increase in solution cloudiness. It is worth 

noting that all runs started off with clear solutions. Both A50 and 

A100 solutions were cloudy after 4 hours, while A200 remained clear. 

This further suggests the conversion of NIPAm to PNIPAm in the A50 
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and A100 runs, and relatively low conversion in the A200 run. Table 

4.1 summarizes the solution turbidity before and after polymerization 

of A50, A100 and A200. 

 

Table 4.1: Summary of solution turbidity before and after (4 hours) 

polymerization at 80 °C. 

Polymerization 

run 

Initial solution 

turbidity (80 °C) 

Final solution 

turbidity (4 hours 

at 80 °C) 

A50 Clear Cloudy 

A100 Clear Cloudy 

A200 Clear Clear 

 

Consistent with other work, it has been reported that an increase in 

agitation intensity causes an increase in inhibition to the rate of 

emulsion polymerization [5, 8]. Although the reason has not been 

widely studied, there were reports stating that the efficiency of the 

free radicals derived from the initiator is dependent on the critical 

size of the reaction site, affecting the rate of radical entry, where a 

high agitation intensity results in the formation of small reaction sites 

insufficient to facilitate efficient radical entry [206]. Given the low 

monomer-polymer conversion of A200, indicated by FTIR and final 

solution turbidity, further analyses were conducted only on A50 and 

A100 PNIPAm. 
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4.1.2 Molecular weight analysis using static light scattering 

 
The molecular weight of PNIPAm was determined using Zetasizer 

static light scattering (SLS). The refractive index increment (dn/dc) 

of both A50 and A100 PNIPAm in MeOH was computed to be 0.2021 

ml/g, as shown by the gradient of the straight line of refractive index 

against concentration in Figure 4.4. 

 

 

Figure 4.4: Plot of refractive index against concentration of A50 and 

A100 PNIPAm in MeOH. A50 and A100 PNIPAm both show similar 

increase in refractive index with increase in concentration. 

 

Figure 4.5 shows the resulting Debye plot. As mentioned in section 

3.3.2, the Debye plot is given by Kc/R against concentration of solute 

and the inverse of the y-intercept of the Debye plot gives the 

molecular weight of a polymer. K, c and R represents the Debye 

constant, concentration of solute and Rayleigh ratio (ratio of 
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scattered light to incident light of the sample), respectively. 

Altogether, the expression Kc/R represents the intensity of scattered 

light.  The linear Rayleigh equation is presented as follows, where the 

terms A2 and Mw are the second virial coefficient and molecular 

weight, respectively. From the equation, as concentration becomes 

zero, Kc/R equals 1/Mw, which as mentioned earlier, makes the y-

intercept the inverse of molecular weight. The second virial 

coefficient, A2 indicates the particle interaction strength and is 

correlated to solubility of sample [207]. A2 can be computed from 

dividing the gradient of the Debye plot by 2 (since 2A2=gradient). 

Both A50 and A100 gives a negative value of A2 of -0.0034567 

ml/gDa and -0.0004067 ml/gDa. The larger A2 value of A50 PNIPAm 

indicates that its particles have higher interaction strength than A100 

PNIPAm particles, suggesting that A50 PNIPAm particles have a 

higher tendency for agglomeration.  

 

 

 $%
&
= 2𝐴!𝑐 +	
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(!

 [207] ……….eq. 4.1 

 

The molecular weight of A50 and A100 PNIPAm were computed from 

the Debye plot to be 223 kDa and 381 kDa, respectively. The 

correlation coefficient, r, was used as a measure of spread of plot 

points of intensity of scattered light (Kc/R) against concentration of 

solute. The Debye plot of A50 PNIPAm gives a correlation coefficient 
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of -0.8131 while A100 PNIPAm gives -0.9818, which indicates that 

the intensity of scattered light of A50 PNIPAm has a relatively lower 

correlation with concentration of solute, as compared with A100 

PNIPAm. The relatively higher spread in A50 as compared to A100 

could be attributed to its higher tendency for particle agglomeration, 

resulting in more largely distributed particle size. Similarly, the low 

spread in A100’s Debye plot could be attributed to the lower tendency 

for particle agglomeration, resulting in less dispersed particle size. 

These are further discussed in section 4.1.3 in terms of particle size 

distribution. 

 

 

Figure 4.5: The Debye plot of A50 and A100 PNIPAm. K=Debye 

constant, c= concentration of solute and R=Rayleigh’s constant. r 

represents the correlation coefficient. 
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4.1.3 Particle size distribution analysis using dynamic light 

scattering 

 
Figure 4.6 shows the particle size and distribution of A50 and A100 

PNIPAm samples as characterized using static light scattering 

analysis of the Zetasizer. The A50 particles were distributed over a 

relatively broad range between 20 nm to 1300 nm, with a PDI of 

0.535. A100 yielded particles distributed over a narrower range of 

140 nm to 520 nm and PDI of 0.090. The higher PDI of A50 as 

compared to A100 corroborates the higher tendency for 

agglomeration of A50, forming a more polydispersed system than 

A100, as discussed in section 4.1.2. The computed average 

hydrodynamic diameter (i.e., average particle size) values were 

153.4 nm and 250.5 nm for A50 and A100 PNIPAm samples, 

respectively.  
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Figure 4.6: Particle size and particle size distribution of A50 and A100 

PNIPAm. (a) A50, (b) A100. 

 

The PDI can range from a value of 0 to 1, measuring the spread of 

particle size distribution with values below 0.1 indicating 

monodispersed particles and above 0.1 signifying polydispersed 

particles [208]. The computation of PDI is presented as follows: 

 

 𝑃𝐷𝐼 = &)
*
)
!
	  [208] ……….eq. 4.2 

 

In the equation, σ and d represent the standard deviation and 

average particle diameter, respectively. Table 4.2 shows the 

computed standard deviation corresponding to the average particle 

size and PDI of A50 and A100 PNIPAm. 
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Table 4.2: Summary of average particle size, PDI and corresponding 

standard deviation of A50 and A100 PNIPAm. 

 Average 

particle size 

(nm) 

PDI Standard 

deviation 

(nm) 

A50 PNIPAm 153.4 0.535 112.20 

A100 PNIPAm 250.5 0.090 75.15 

 

The lower computed average hydrodynamic diameter value for the 

A50 PNIPAm was due to a broader distribution of particle size in 

relative to A100 PNIPAm. The average hydrodynamic diameter values 

fitted within the range of particle size predicted for polymers 

synthesized via emulsion polymerization of 10 nm to 1 µm [209]. The 

broad range of the A50 PNIPAm particle size was ascribed to the low 

agitation speed during polymerization contributing to a poor 

dispersion of monomer droplets that act as supply reservoirs of 

monomer to the reaction sites (i.e., oligomers and growing polymer 

particles). The growth of the polymer particles is a diffusion-

controlled process. As monomers are consumed within the reaction 

sites, monomer droplets in the aqueous phase act as the supply 

reservoir allowing diffusion of monomers from the aqueous phase into 

the reaction sites through a concentration gradient of the monomer. 

The growth of the polymer depends on the competition between the 

polymerization rate and the diffusion rate of monomers in the 
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reaction sites. At the start of polymerization, large monomer droplets 

within the aqueous phase slow down the diffusion rate of monomers 

into the reaction sites, where polymerization rate surpasses the 

diffusion rate. Therefore, relatively smaller particles are formed. As 

the reaction progresses, the large monomer droplets start becoming 

smaller as monomers are consumed, subsequently increasing the 

diffusion rate of monomer until the rate of diffusion equals the rate 

of polymerization. The time taken for this equilibrium to occur 

contributes to the formation of particles of various sizes. In a system 

of well dispersed monomer droplets as in the case of A100, the 

equilibrium between reaction rate and diffusion rate can be achieved 

quicker, thus forming a more narrow size distribution of final polymer 

particles due to a more steady rate of growth of polymer 

particles[210]. Figure 4.7 shows the schematic demonstrating the 

effect of monomer dispersion on the monomer diffusion and 

subsequent growth of polymer particles. In the initial stage of 

polymerization, the poor dispersion of monomer due to insufficient 

agitation led to relatively limited monomer diffusion into polymer 

particles, forming polymer particles in a broad range of sizes (Figure 

4.7 (a)), while rate of monomer diffusion gradually increases as 

monomer are consumed in the monomer reservoir. Uniform particle 

growth can be achieved when monomers are well dispersed from the 

initial polymerization stage (Figure 4.7 (b)). Additionally, at agitation 

speed of 200 rpm during polymerization, the low monomer to 
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polymer conversion could be a result of the inhibition in formation of 

stable reaction sites at high shear. Short chain oligomeric particles 

were postulated to not have achieved sufficient hydrophobicity for 

spontaneous attachment of surfactant to form micellar reaction sites. 

 

 

Figure 4.7: Schematic of (a) diffusion of monomer from 

agglomerated monomer (monomer reservoir) into growing polymer 

particles across the aqueous phase, and (b) diffusion of well 

dispersed monomer across the aqueous phase into growing polymer 

particles. 

 

4.1.4 Thermo-responsive phase transition test 

 
The thermally induced phase transition of the synthesized PNIPAm 

(A50 and A100) is shown in Figure 4.8. At 25˚C, below its LCST, A50 

and A100 PNIPAm dissolved in ddH2O appear to be relatively clear 

where PNIPAm and water form a homogenous phase. At 40˚C, these 
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solutions become turbid due to the precipitation of PNIPAm from 

water [211]. This shows that the synthesized PNIPAm exhibit its 

characteristic thermo-responsive behaviour. Figure 4.9 shows the 

schematic of the coil-to-globule transition of PNIPAm molecules 

across its LCST in water. Below its LCST, PNIPAm chains associate 

with water molecules and appear in its coiled state, giving a clear 

solution. Above its LCST, PNIPAm chains self-associate forming a 

globular state and expelling surrounding water, forming a cloudy 

solution. 

 

 

 

 

Figure 4.8: Visual representation of synthesized PNIPAm exhibiting 

phase transition across its LCST. (a) A50 PNIPAm at 25°C, (b) A50 

PNIPAm at 40°C, (c) A100 PNIPAm at 25°C, (d) A100 PNIPAm at 

40°C. 
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Figure 4.9: Coil-to-globule transition of PNIPAm chains in water. 

 

4.1.5 Thermal analysis using TGA 

 
The TGA and differential thermal gravimetry (DTG) curves of A50 and 

A100 PNIPAm are shown in Figure 4.10(a) and 4.10(b), respectively. 

For A50 PNIPAm, a minor weight drops of about 0.6 % from 30˚C to 

100˚C is attributed to the residual water within the PNIPAm sample. 

The major weight loss depression of approximately 88% was 

observed from 330˚C through 430˚C, with the maximum rate of 

weight loss at 400˚C. Similar features were observed for A100 

PNIPAm where a minor weight loss of approximately 1 % was 

observed from 30˚C to 100˚C, a major weight loss of about 92% 

from 330˚C through to 430˚C, and maximum rate of weight loss at 

400˚C. The minor weight losses from both curves are due to loss of 

residual water bounded to PNIPAm samples, while the major weight 

losses indicate the degradation of main chain of PNIPAm backbone. 
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The main chain degradation occurs at the range of temperature 

(345°C to 450 °C) as reported by Ribeiro C. A. et. al. [212]. A slight 

increase in weight initially at about 31 °C can be attributed to the 

buoyancy effect of the inert nitrogen gas flow caused by heating, 

leading to a minute reduction in density of gas, consequently causing 

the weight balance to register an increase in weight[213]. 

 

 

Figure 4.10: (a) TGA and (b) DTG curve of A50 and A100 PNIPAm. 
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4.1.6 The effect of cross-linking density on the 

physiochemical properties of PNIPAm 

 
Without cross-linking, PNIPAm is water soluble below and phase 

separates above its LCST[5], [44], [48], [214]. However, hydrogels 

or pre-crosslinked PNIPAm has been reported to exhibit poor 

electrospinnability due to its insoluble nature [11]. Preliminary 

attempt to electrospin 4 % (w/w) synthesized PNIPAm cross-linked 

with low amount of BIS (2 % (w/w)) in respect to NIPAm monomer) 

in MeOH yielded mostly electrosprayed beads as shown in Figure 

4.11(a). This was compared to electrospun 20 % (w/w) low molecular 

weight (Mw= 40,000 g/mol) commercial linear PNIPAm in MeOH 

which yielded nanofibers, as shown in Figure 4.11(b). It should be 

noted that both electrospinning solutions exhibited similar viscosities 

of 28.6 (BIS cross-linked PNIPAm) and 28.1 cP (low molecular weight 

commercial PNIPAm). The poor electrospinnability of cross-linked 

PNIPAm can be attributed to its chemical cross-linkage withholding 

against continuous fiber stretching towards the direction of the 

collector. Figure 4.12(a) shows the mechanism of chain 

disentanglement of linear polymer chains when subjected to shear 

and Figure 4.12(b) shows the resistance to chain disentanglement of 

cross-linked polymer during electrospinning.  
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Figure 4.11: FESEM images of electrosprayed/electrospun PNIPAm 

from (a) 4 % (w/w) cross-linked PNIPAm with 2 % (w/w) BIS and (b) 

20 % (w/w) of low molecular weight commercial linear PNIPAm, both 

dissolved in MeOH. 

 

 

Figure 4.12: (a) chain disentanglement of linear polymer chains 

during electrospinning and, (b) resistance to chain disentanglement 

of cross-linked polymer during electrospinning. 
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4.1.7 Rheological analysis of synthesized PNIPAm 

 
 
The apparent viscosities of the A50 and A100 samples were compared 

at a concentration of 12 % (w/w) in MeOH (section 3.3.7) as a 

representation of their respective rheological behavior. Figure 4.13 

shows the plot of shear stress against shear rate of A50 and A100 

PNIPAm and the gradients of the straight lines represent their 

viscosities. The low viscosity of 0.0165 Pa×s (0.17 poise) of A50 

PNIPAm can be attributed to the relatively broader distribution of 

PNIPAm particle size as compared to A100. Vice versa for the 

relatively higher viscosity of 0.1799 Pa×s (1.80 poise) of A100 can be 

attributed to its narrow particle size distribution. This is in agreement 

as reported in literature where a more polydispersed system 

contributes to a lower viscosity[215]. The viscosity is also a function 

of chain entanglement between polymer chains, where higher chain 

entanglement would lead to higher viscosity. In turn, an average 

higher molecular weight leads to greater chain entanglement in 

polymer systems. The higher viscosity of A100 as compared to A50 

can be corroborated by their higher and lower average molecular 

weights, respectively, as discussed in section 4.1.2. Sufficient chain 

entanglement is crucial for the electrospinnability of a polymer[216]. 

The higher viscosity of A100 PNIPAm suggest its better potential for 

electrospinning into nanofibers. According to N. Amariei et. al. , as a 

general rule of thumb, a solution with viscosity of 1-20 poise is a 
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suitable solution for electrospinning[217]. Therefore, further analysis 

was conducted on A100, and interchangeably referred to as 

synthesized PNIPAm.  

 

Figure 4.13: Plot of shear stress against shear rate of A50 and A100 

PNIPAm. The gradients of the straight lines give the viscosities (i.e., 

A50=0.0165 Pa.s and A100=0.1799 Pa.s). 

 

4.2 Isolation of Collagen from Tilapia Fish Scales 

 
4.2.1 Functional group analysis 

 
The FTIR spectra of type I collagen as extracted from tilapia fish 

scales is shown in Figure 4.14, and the peaks are in conformance 
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with type I collagen sourced from freshwater fishes. Characteristic 

peaks at wavenumbers 1634 and 1550 cm-1 are assigned to amide I 

(C=O) stretching and amide II (-NH) bending, respectively. The 

transmission ratio of amide III at 1238 cm-1 and amide II (-CH) 

bending vibration at 1450 cm-1 indicates the integrity of collagen 

triple helical structure where the calculated value was 0.977 

indicative of intact triple helical structure[218]. The computation is 

presented as follows, with the transmission values for wavenumbers 

1238 and 1450 cm-1 being 72.26 and 73.94 %, respectively as 

indicated in Figure 4.14 

 

𝑅𝑎𝑡𝑖𝑜	𝑜𝑓	%	𝑡𝑟𝑎𝑛𝑠𝑚𝑖𝑠𝑠𝑖𝑜𝑛 =
72.26
73.94 = 	0.977 

  ……….eq. 4.3 

 

Further, the amide A band associated with the -NH free stretching 

occurs at wavelengths of 3400-3440 cm-1. The amide A band for the 

extracted collagen occurs at 3303 cm-1, where a shift to lower 

frequency occurred, indicative of -NH groups participating in 

hydrogen bonding forming a more ordered structure. Lastly, the 

Amide B peak appears at 3079 cm-1 and its assigned to the CH2 

stretching vibration [219].  
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Figure 4.14: FTIR spectra of collagen extracted from Tilapia fish 

scales. 

 

4.2.2 Thermal properties of fish scale derived collagen 

 
Figure 4.15 shows the DSC curve for collagen extracted from Tilapia 

fish scales with two endothermic peaks at 85.48 and 155.2 °C. The 

first peak at 85.48°C could be attributed to the denaturation of 

collagen from its fibrillar and triple helical structure into random coils 

of a-chains by breakage of intra- and inter-molecular hydrogen 

bonds and release of loosely bound water. The second endothermic 

peak at 155.2°C can be attributed to the degradation of polypeptide 

a-chains and evaporation of residual strongly bound water. The 

denaturation temperature of dry extracted collagen is in close 
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agreement reported in other literature on other fish collagen films by 

R.M.T. Fernandes et al. of 65.9, 70.9 and 74.9 °C for collagen 

samples prepared from  swim bladders of Pescada Amarela, Gurijuba 

and Pescada Branca fishes, respectively [220]. On collagen extracted 

from carp fish skin as reported by Safandowska M. et. al., the 

denaturation temperature was assigned at 77 °C (in agreement with 

this work and R.M.T. Fernandes et. al.) while a second peak at 120 

°C was assigned to further conformational changes of triple helix and 

destruction of material[221]. There is a contradiction in DSC thermal 

peak assignment between this work and Safandowska M. et. al. in 

the temperature range of 100 to 200 °C.  

 

Figure 4.16 shows the TGA curve for collagen extracted from Tilapia 

fish scales along with a DTG plot to indicate inflexion points in the 

TGA curve. Approximately 40 % of mass loss occur in the 

temperature range of 230 to 370 °C, which can be attributed to the 

destruction of material (as opposed to 120 °C reported by 

Safandowska M. et. al.). The slight increase in weight at 34 °C can 

be attributed to the buoyancy effect of nitrogen gas flow during 

heating, leading to a small reduction in gas density, consequently 

causing the weight balance to register an increase in weight[213]. 

Nevertheless, denaturation temperature of collagen is related to the 

hydroxyproline content, habitat of fish, collagen level of hydration 

and collagen extraction methods. In general, collagen in its dry state 
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is found to have higher thermal stability in terms of maintaining its 

triple helical structure than collagen in solutions [222]. 

 

 

Figure 4.15: DSC curve of collagen extracted from Tilapia fish scales. 

 

Figure 4.16: TGA and DTG curve of collagen extracted from tilapia 

fish scales. 
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4.2.3 Molecular weight 

 
Figure 4.17 depicts the acrylamide gel image upon completion of 

SDS-PAGE. It was found that the extracted collagen comprises two 

a-chains (a1 and a2), with estimated molecular weight in the range 

of 120 - 150 kDa corroborating collagen type I. The relative band 

intensity of a1 was approximately double that of the a2, indicating 

that the extracted collagen could be deduced as (a1)2a2 [223]. The 

high band intensity at approximately 250 kDa showed that the acid 

soluble collagen contained high population of cross-linked β (dimer) 

structure composed of inter and intra molecular crosslinks dimerized 

by the α-chains [219]. 

 

 

Figure 4.17: Image of acrylamide gel after SDS-PAGE. Molecular 

weight marker (left) and extracted tilapia fish scale collagen (right). 
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4.3 Optimization of PNIPAm electrospun nanofibers 

 
Electrospinning of synthesized PNIPAm into nanofibers was 

investigated as described by the methods in section 3.6.1. Fiber size 

are reported by mean ± standard deviation. Briefly, synthesized 

PNIPAm was dissolved in THF:DMF (1:1) at 10, 12.5 and 15 % (w/w) 

concentrations. Figure 4.18 shows the FESEM images of resulting 

electrospun synthesized PNIPAm. At 10 % (w/w), electrospinning 

was conducted at applied voltage of 15 kV and flow rate of 0.3 ml/h 

which yielded some nanofibers with beads on strings morphology 

(Figure 4.18(a)). Working distance was kept constant at 18 cm 

throughout the electrospinning investigation. The production of high 

amount of beads and inconsistent fibers were attributed to 

insufficient PNIPAm chain entanglement to maintain a stable 

electrospinning jet. To improve chain entanglement, concentration of 

synthesized PNIPAm was increased to 12.5 % (w/w), with applied 

voltage of 9 kV and flow rate of 0.3 ml/h. Significantly improved 

morphology was observed in terms of formation of straight and 

continuous nanofibers. However, beads on string morphology was 

still observed (Figure 4.18(b)). Further increase in concentration to 

15 % (w/w) yielded straight PNIPAm nanofibers without beads, as 

shown in Figure 4.18(c). At this concentration, synthesized PNIPAm 

was electrospun at applied voltage of 9 kV and flow rate of 0.6 ml/h. 

The significant improvement in nanofiber morphology with increment 
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in PNIPAm concentration indicates that concentration plays a 

significant role in formation of nanofibers during PNIPAm 

electrospinning.  

 

 

Figure 4.18: Electrospun synthesized PNIPAm from THF:DMF (1:1) at 

concentrations of (a) 10 % (w/w), (b) 12.5 % (w/w) and (c) 15 % 

(w/w). 

 

Since 15 % (w/w) of synthesized PNIPAm in THF:DMF (1:1) shows 

good potential in yielding beadless and straight nanofibers, further 

investigation was conducted to study the effect of applied voltage and 
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flow rate at this concentration. Figure 4.19 shows the FESEM images 

of electrospun PNIPAm at 15 % (w/w) concentration in THF:DMF 

(1:1) with a combination of applied voltages (i.e., 9 and 15 kV) and 

flow rates (i.e., 0.3 and 0.6 ml/h). Straight nanofibers without beads 

were observed at every voltage-flow rate combination. Figure 4.20 

shows the corresponding fiber diameter distribution of electrospun 

synthesized PNIPAm at similar investigated voltage-flow rate 

combinations. The fiber diameter at 9 kV and 0.3 ml/h was 325.05 ± 

115.76 nm. The measurement methodology is highlighted in section 

3.7.2.  An increase in flow rate to 0.6 ml/h resulted in a slight increase 

fiber diameter (335.02 ± 114.89 nm). This was expected as the 

increase in flow rate increases the amount of PNIPAm ejected from 

the spinneret tip. Increase in applied voltage from 9 kV to 15 kV at 

flow rate of 0.3 ml/h yielded fiber with increased diameter of 388.98 

± 183.58 nm. A similar increase in fiber diameter was observed at 

flow rate of 0.6 ml/h and 15 kV. The increase in fiber diameter at 

both flow rates with the increase of applied voltage (from 9 to 15 kV) 

was due to increased acceleration of PNIPAm jets towards the 

collector. PNIPAm jets at 15 kV were pushed through the electric field 

quicker than at 9 kV, resulting in reduced whipping and stretching of 

jets.  

 

Additionally, one-way analysis of variance (ANOVA) analysis coupled 

by Tukey’s post-hoc test was conducted to verify significant 
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differences in the mean of fiber diameters from all four voltage-flow 

rate combinations at significance level of p<0.05. No significant 

difference was found between electrospun synthesized PNIPAm at 9 

kV-0.3 ml/h and 9 kV-0.6 ml/h. Similarly, no significant difference 

was found between electrospun PNIPAm at 15 kV-0.3 ml/h and 15 

kV-0.6 ml/h. These suggest that flow rate during electrospinning of 

synthesized PNIPAm does not significantly affect the size of 

nanofibers formed. However, an increase in voltage from 9 to 15 kV 

at both flow rates resulted in significant difference between their 

means. This suggests that the applied voltage plays a more 

significant role in determining the final size of synthesized PNIPAm 

nanofibers. Nevertheless, it is noteworthy to mention that at these 

voltage-flow rate combinations, nanofibers of PNIPAm in the range of 

200 to 900 nm were effectively fabricated. Further work was 

conducted on electrospun synthesized PNIPAm at concentration of 15 

% (w/w) in THF:DMF (1:1), applied voltage of 9 kV, flow rate of 0.6 

ml/h and working distance of 18 cm, given that these conditions 

produced PNIPAm nanofibers with the lowest spread in fiber diameter 

as indicated by its standard deviation of 114.89 nm (as mentioned in 

section 3.6.1). 
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Figure 4.19: Electrospun synthesized PNIPAm from THF:DMF (1:1) at 

15 % (w/w) concentration from combinations of applied voltage of 9 

and 15 kV, and flow rate 0.3 and 0.6 ml/h. 
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Figure 4.20: Fiber diameter distribution of electrospun synthesized 

PNIPAm from THF:DMF (1:1) at 15 % (w/w) concentration from 

combinations of applied voltage of 9 and 15 kV, and  flow rate 0.3 

and 0.6 ml/h. 

 

Neat electrospun PNIPAm dissolves immediately in water upon 

exposure. Cross-linker was used to mitigate the instant dissolution of 

electrospun neat PNIPAm membrane in water. The addition of 

OPEPOSS as cross-linker and curing post-electrospinning yielded 

PNIPAm membranes with improved stability in aqueous environment. 

The resulting cross-linked PNIPAm membranes can withstand instant 
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dissolution upon aqueous exposure. R. E. Young et. al. studied the 

aqueous degradation of OPEPOSS cross-linked and aligned 

electrospun PNIPAm at 37 °C (above LCST of PNIPAm) in water for 

24 hours and 7 days, and reported no significant mass loss at the end 

of both durations[12]. In the literature, study on aqueous 

degradation of OPEPOSS cross-linked electrospun PNIPAm over 

extended periods of more than 7 days have not been reported. The 

resulting electrospun and post crosslinked nanofibrous PNIPAm 

membrane was characterized in the following sections (section 4.3.1 

to section 4.3.6). Fiber and pore sizes are reported as 

mean±standard deviation. 

 

4.3.1 Solution viscosity 

 
Viscosity of electrospinning solution is one of the most important 

parameters to ensure electrospinnability. Figure 4.21 shows the plot 

of shear stress against shear rate of the electrospinning solution of 

synthesized PNIPAm at 15 % (w/w) in THF:DMF (1:1) (detailed in 

section 3.6.1). The linear plot indicates the Newtonian flow of the 

solution and the viscosity is given by the gradient, 0.1218 Pa×s (1.22 

poise). The viscosity corresponds closely to A100 PNIPAm at 12 % 

(w/w) in MeOH (i.e., 0.1799 Pa.s (1.80 poise)) as discussed in section 

4.1.7. The slight difference in these viscosities can be related to the 
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the slight difference in concentration (15 vs. 12 % (w/w)) and 

different solvent used (THF:DMF (1:1) vs. MeOH). 

 

 

Figure 4.21: Plot of shear stress against shear rate of electrospinning 

solution of synthesized PNIPAm with OPEPOSS+EMI in THF:DMF 

(1:1). 

 

4.3.2 Fiber diameter distribution 

 
The fiber diameter distribution of electrospun synthesized PNIPAm 

before and after cross-linking (i.e., heat curing process for 4 hours at 

120 °C) is presented in Figure 4.22. Before cross-linking, the fiber 

diameter was 369.24 ± 154.38 nm and after cross-linking, fiber 

diameter was increased to 436.35 ± 187.04 nm. Additionally, prior 

to cross-linking, sizes of electrospun fibers were in the range of 100 

to 900 nm. After cross-linking the range of fiber size increased to 100 
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to 1000 nm. The increase in fiber diameter indicates that swelling of 

fibers took place upon cross-linking with OPEPOSS. Nevertheless, 

electrospun PNIPAm fibers (cross-linked or uncross-linked) highly 

mimic the fiber size of native collagen fibers (i.e., 50 to 500 nm) in 

the native ECM [64]. 

 

 

Figure 4.22: Fiber diameter distribution of nanofibers of electrospun 

synthesized PNIPAm (a) before cross-linking/curing, and (b) after 

cross-linking/curing (4 hours at 120 °C). An increase in fiber diameter 

occurred upon cross-linking. 
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4.3.3 Pore size distribution 

 
The pore size distribution of electrospun synthesized PNIPAm 

membrane before and after cross-linking is shown in Figure 4.23. The 

pore size before cross-linking was 2.63 ± 2.98 µm and 1.24 ± 1.27 

µm after. The reduction in pore size can be attributed to the swelling 

of PNIPAm fibers. Figure 4.24 shows the FESEM image of cross-linked 

and uncross-linked electrospun synthesized PNIPAm. Several 

intersections between fibers for cross-linked electrospun PNIPAm 

exhibit fusing of fibers, indicating point of cross-linking between 

fibers. Cross-linking is also expected to occur within individual fiber. 

Additionally, pores of electrospun membranes were generally 

observed as trapezoidal in shape, therefore, pore size was 

determined by using the maximum Feret diameter as mentioned in 

section 3.7.2. The Feret diameter measures the distance between two 

tangential lines on the edge of a measured particle. The maximum 

Feret diameter takes the maximum of the Feret diameter measured 

and all pore size measurements were conducted with ImageJ (version 

1.53) using the analyze particle function. Figure 4.25 shows a simple 

schematic of the measurement of maximum Feret diameter of a pore 

on the surface of electrospun synthesized PNIPAm membrane. 

Nevertheless, the pore sizes before cross-linking range from 2 to 18 

µm while after cross-linking, the range of pore sizes reduced to 1 to 

8 µm with most of the pores measuring around 1 µm. From the 



140 
 

electron micrograph in Figure 4.24, observing perpendicularly to the 

plane (i.e., into the page) of electrospun synthesized PNIPAm 

membrane shows that larger pores are located on the planar surface 

of the membrane and pore sizes become smaller towards the inner 

thickness (i.e., into the page). It is suggested that a pore size of 5 

µm is suitable for neovascularization, while 5-15 µm is optimal for 

fibroblast ingrowth[93]. Scaffolds with small pore sizes supports the 

adhesion of cells while larger pores facilitate migration of cells from 

the surface to the inner layer. It is to note that if pore size is much 

larger than cells, it may be difficult for cells to adhere to the scaffold 

and most cells would adhere to the culture plate[224]. Narrow pore 

sizes were reported to inhibit tissue differentiation due to insufficient 

vascularization[225]. The pore size of cross-linked electrospun 

synthesized PNIPAm scaffold are relatively small (i.e., 1.24 ± 1.27 

µm), which suggests that it could support cell adhesion on its planar 

surface. Since larger pores are also on the planar surface of the 

membrane, the range of pore size (i.e., 1 to 8 µm) suggests that cell 

ingrowth or cell migration towards the inner layers is possible for cells 

such as fibroblasts. The narrow pore sizes may also inhibit cell 

differentiation. However, this may be favorable for cell culture 

applications where maintaining cell phenotype is desirable.  
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Figure 4.23: Pore size distribution of nanofibers of electrospun 

synthesized PNIPAm (a) before cross-linking/curing, and (b) after 

cross-linking/curing (4 hours at 120 °C). A reduction in pore size 

occurred upon cross-linking. 
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Figure 4.24: FESEM micrograph of nanofibers of electrospun 

synthesized PNIPAm (a) before cross-linking/curing, and (b) after 

cross-linking/curing (4 hours at 120 °C). Magnification x10 000. 

Fused fibers at fiber intersections can be observed after cross-linking. 

 

 

Figure 4.25: Schematic of maximum Feret diameter measurement on 

a trapezoidal pore on the surface of electrospun synthesized PNIPAm. 
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4.3.4 Porosity 

 
The porosity of a nanofibrous membrane represents the percentage 

of void space within a porous membrane. Figure 4.26 shows the 

cross-section of uncross-linked and cross-linked porous PNIPAm 

nanofibrous membrane under FESEM. 

 

Figure 4.26: Cross-section of electrospun nanofibrous membrane of 

synthesized PNIPAm (a) before cross-linking/curing, and (b) after 

cross-linking/curing (4 hours at 120 °C). Magnification x1500. 

 

The porosity of electrospun membrane of PNIPAm before cross-

linking was computed to be 74.4 %. After cross-linking, the porosity 

was computed to be 63.6 %, as estimated by the gravimetric method 

detailed in section 3.7.4. The slight decrease in porosity can be 

attributed to the expansion of fibers upon cross-linking and can be 

corroborated with the decrease in pore size. For stem cells, it was 

reported that a porosity of 96 % was optimum to induce stem cell 



144 
 

chondrogenic differentiation while 75 % was optimum for osteogenic 

differentiation[225]. 

 

4.3.5 Aqueous stability 

 
Uncross-linked electrospun PNIPAm have poor aqueous stability and 

dissolves instantly upon exposure to aqueous media. After cross-

linking, electrospun PNIPAm membrane was able to withstand instant 

aqueous dissolution. A degradation study of electrospun PNIPAm 

membrane in GMEM was conducted across 1, 2, 3, 5, 7, 14, 21 and 

28 days incubated at 37 °C and 5 % CO2. Figure 4.27 shows the 

percentage mass loss of PNIPAm membrane in GMEM from day 1 

through day 28. The profile shows a relatively rapid degradation at 

the beginning from day 1 through day 7 with approximately 19 % 

mass loss. Onwards from day 7 up to day 28, degradation rate can 

be observed to slow down up to a total mass loss of 35 %. The 

gradual degradation of cross-linked electrospun PNIPAm can be 

attributed to the dissolution of loosely entangled PNIPAm chains at 

the membrane surface where these chains were not covalently cross-

linked to the bulk membrane. 
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Figure 4.27: Percentage mass loss over time of electrospun cross-

linked PNIPAm membrane in GMEM incubated at 37 °C and 5 % CO2 

simulating cell culture conditions. 

 

4.3.6 Elemental analysis 

 
Figure 4.28 shows the molecular structure of a repeat unit of PNIPAm 

while Table 4.3 shows the estimated elemental composition of 

PNIPAm. The weight percentage was computed by the following 

equation: 

 

𝑊𝑒𝑖𝑔ℎ𝑡	% =
𝑁+,- ×𝑀+,-

(𝑁+,- ×𝑀+,-) + [𝑁+,. ×𝑀+,.\ + (𝑁+,/ ×𝑀+,/)
	× 	100	% 

  ……….eq. 4.4 

 

Where Na,x is the number of atoms of element x and Ma,x is the atomic 

weight of element x. Na,y is the number of atoms of element y and 
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Ma,y is the atomic mass of element y. Similarly for Na,z and Ma,z. For 

instance, taking six carbon atoms (atomic mass=12 u), one nitrogen 

atom (atomic mass=14 u) and one oxygen atom (atomic mass=16 

u) in a PNIPAm repeat unit. The weight percentage of carbon is 

therefore: 

 

𝐶𝑎𝑟𝑏𝑜𝑛	𝑤𝑒𝑖𝑔ℎ𝑡	% =
6	 × 12

(6 × 12) + (1 × 14) + (1 × 16) 	× 	100	% = 71	% 

  ……….eq. 4.5 

 

The atomic percentage is computed by simply taking the fraction of 

a particular element in the molecule. For instance, the atomic 

percentage of carbon is: 

 

𝐶𝑎𝑟𝑏𝑜𝑛	𝑎𝑡𝑜𝑚𝑖𝑐	% =
6

(6 + 1 + 1) 	× 	100	% = 75	% 

  ……….eq. 4.6 

 

Table 4.4 shows the elemental composition of uncross-linked 

electrospun synthesized PNIPAm and Figure 4.29 shows the 

corresponding energy dispersive X-ray (EDX) spectra. The weight and 

atomic percentage of carbon, nitrogen and oxygen elements are in 

close agreement with the composition estimated in Table 4.3 for 

PNIPAm and can be assigned to the organic groups within PNIPAm 

chains. The silicone peak in Figure 4.29 is assigned to the presence 
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of cross-linker OPEPOSS.  Figure 4.30 shows the molecular structure 

of OPEPOSS constituting a silsesquioxane cage at the core and eight 

glycidyl groups surrounding the cage. Table 4.5 shows the elemental 

composition of electrospun cross-linked synthesized PNIPAm with 

OPEPOSS and Figure 4.31 shows the corresponding EDX spectra. No 

significant change in elemental composition was observed. This was 

expected as the electrospinning and curing (i.e., cross-linking) 

process was not expected to alter the elemental composition of 

PNIPAm and OPEPOSS. The aluminium peaks in the EDX spectrum in 

Figures 4.29 and 4.31 were assigned to the presence aluminium foil 

collector during EDX analysis.  

 

 

Figure 4.28: A repeat unit of PNIPAm molecule constituted by six 

carbon, one nitrogen and one oxygen atom. 
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Table 4.3: Calculated elemental composition of PNIPAm. 

Element Weight % Atomic % 

Carbon (C) 71 75 

Nitrogen (N) 14 12.5 

Oxygen (O) 16 12.5 

 

Table 4.4: Elemental composition of uncross-linked electrospun 

synthesized PNIPAm (before curing for 4 hours at 120 °C). 

Element Weight % Atomic % 

Carbon (C) 70.50 75.09 

Nitrogen (N) 13.25 12.10 

Oxygen (O) 15.78 12.61 

Silicone (Si) 0.46 0.21 
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Figure 4.29: EDX spectra of uncross-linked electrospun synthesized 

PNIPAm with OPEPOSS (before curing for 4 hours at 120 °C). 

 

 

Figure 4.30: Molecular structure of OPEPOSS. Eight glycidyl groups 

(in blue) surrounds the silsesquioxane cage.   

Image from hybridplastics.com[226]. 
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Table 4.5: Elemental composition of electrospun OPOEPOSS cross-

linked (after curing for 4 hours at 120 °C) synthesized PNIPAm. 

Element Weight % Atomic % 

Carbon (C) 70.61 75.21 

Nitrogen (N) 12.95 11.82 

Oxygen (O) 15.95 12.74 

Silicone (Si) 0.49 0.22 

 

 

 

Figure 4.31: EDX spectra of electrospun OPOEPOSS cross-linked 

(after curing for 4 hours at 120 °C) synthesized PNIPAm. 
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4.4 Characterization of Collagen Functionalized PNIPAm 

Electrospun Nanofibers  

Electrospinning of collagen from fluorinated solvents (e.g., HFIP, TFE) 

has been well established in literature, and the functionalization of 

synthetic polymers with collagen by using fluorinated solvents to 

form a blend has been widely practised. A blend of both PNIPAm and 

collagen should therefore be easily obtained with the use of 

fluorinated solvents, since PNIPAm is soluble in most organic 

solvents. However, it was noted by Zeugolis et. al. that 

electrospinning collagen from fluorinated solvents denatures 

collagen, and results in gelatin nanofibers[107]. A potential 

alternative approach to functionalize electrospun PNIPAm is by dip-

coating in TFS collagen solution and dip-coating was similarly 

suggested by Zeugolis et. al. as a functionalization method to avoid 

denaturation of collagen. Both high molecular weight (300,000 Da) 

commercially available PNIPAm and synthesized PNIPAm were doped 

in two different concentrations of collagen in 0.5 M AA, as detailed in 

section 3.6.2. To briefly compare electrospun high molecular weight 

commercial PNIPAm and synthesized PNIPAm, the fiber diameter and 

pore size of the commercial PNIPAm was characterized. Figure 4.32 

shows the FESEM image of electrospun high molecular weight 

commercial PNIPAm after cross-linking with OPEPOSS (detailed in 

section 3.6.1). Nanofibers were observed to be relatively curly, and 
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this could be due to the contraction of fibers after cross-linking. 

Figure 4.33 shows the corresponding fiber diameter distribution of 

cross-linked electrospun high molecular weight commercial PNIPAm. 

The fiber size of 165.09 ± 47.79 nm is significantly smaller as 

compared to cross-linked electrospun synthesized PNIPAm of 436.35 

± 187.04 nm (section 4.3.2). This can be attributed to the lower 

polymer concentration used of 12 % (w/w) versus 15 % (w/w) in 

THF:DMF (1:1) for high molecular weight commercial PNIPAm and 

synthesized PNIPAm, respectively. Additionally, its lower molecular 

weight of 300,000 Da as compared to the molecular weight of 

synthesized PNIPAm of 381,000 Da could have also contributed to 

the significantly smaller fiber diameter due to a lower degree of chain 

entanglement, allowing more stretching of PNIPAm jet in the electric 

field during electrospinning. Figure 4.34 shows the corresponding 

pore size distribution of cross-linked electrospun high molecular 

weight commercial PNIPAm. Pore sizes were similarly represented by 

their maximum Feret diameter as detailed in section 4.3.3. The pore 

size of cross-linked electrospun high molecular weight commercial 

PNIPAm was determined to be 0.58 ± 0.66 µm, which is significantly 

smaller than that of electrospun cross-linked synthesized PNIPAm of 

1.24 ± 1.27 µm. The formation of smaller pore size can be attributed 

to the reduced whipping of the PNIPAm jet in the electric field, leading 

to more closely deposition of fibers on the collector. Table 4.6 

summarizes the fiber diameter and pore size of cross-linked 
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electrospun high molecular weight commercial PNIPAm and 

synthesized PNIPAm.  

 

Figure 4.32: FESEM image of electrospun high molecular weight 

commercial PNIPAm. 

 

Figure 4.33: Fiber diameter distribution of OPEPOSS cross-linked 

electrospun high molecular weight commercial PNIPAm. 
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Figure 4.34: Pore size distribution of OPEPOSS cross-linked 

electrospun high molecular weight commercial PNIPAm. 

 

Table 4.6: Fiber diameter and pore size of electrospun cross-linked 

high molecular weight commercial PNIPAm and synthesized PNIPAm. 

 Fiber diameter (nm) Pore size (µm) 

Commercial 

PNIPAm 

165.09 ± 47.79 0.58 ± 0.66 

Synthesized 

PNIPAm 

436.35 ± 187.04 1.24 ± 1.27 
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4.4.1 Water contact angle analysis 

Wettability of scaffolds play an important role in its interaction with 

cells. In the work of Valamehr et. al., it was established that 

hydrophobic surfaces promoted the proliferation and differentiation 

of stem cells[227]. Tengvall et. al. and Gessner et. al. reported that 

hydrophobic surfaces promote protein adsorption, thus enhance cell 

adhesion onto the substrate. On the contrary, hydrophilic surfaces 

induce cell separation as water interact with the substrate surface via 

hydrogen bonding, disrupting points for cell attachment[228], [229]. 

Therefore, the wettability of doped scaffolds was studied and 

compared as detailed in section 3.7.5. Figure 4.35 shows the contact 

angle of each studied groups. Investigated group assignment: 

synthesized PNIPAm (SP), commercial PNIPAm (CP), dip coated 

synthesized PNIPAm in 0.1 mg/ml collagen (SP0.1CLG), dip coated  

commercial PNIPAm in 0.1 mg/ml collagen (CP0.1CLG), dip coated 

synthesized PNIPAm in 0.5 mg/ml collagen (SP0.5CLG), dip coated 

commercial PNIPAm in 0.5 mg/ml collagen (CP0.5CLG). All groups 

show a decreasing contact angle from 1 to 7 seconds of water drop 

exposure. It should be noted that a contact angle below 90 ° indicates 

hydrophilicity and above 90 ° indicates hydrophobicity [199]. Neat 

electrospun commercial PNIPAm was the only group to give a water 

contact angle of more than 90 ° at initial stage (i.e., from 1 to 3 

seconds), which could be attributed to its small pore size of 0.58 ± 
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0.66 µm, inhibiting water penetration better than neat electrospun 

synthesized PNIPAm (contact angle slightly below 90 °). Both neat 

electrospun synthesized and commercial PNIPAm show a final contact 

angle of approximately 70° at 7 seconds confirming the hydrophilicity 

of PNIPAm at 25 °C (i.e., below LCST of 32 °C). Addition of 0.1 mg/ml 

of collagen to both electrospun synthesized and commercial PNIPAm 

decreases the initial and final contact angles, indicating an increase 

in hydrophilicity of the functionalized material with collagen surface 

coating. A further increase in hydrophilicity was observed with 

introduction of higher collagen content of 0.5 mg/ml. With the 

increase in hydrophilicity of PNIPAm scaffolds while hydrophobic 

surfaces favor cell attachment, the addition of collagen may diminish 

the capability of PNIPAm scaffolds for cell attachment. However, 

introduction of collagen also increases the cell adhesion molecules on 

PNIPAm scaffolds. Therefore, there exist a competition between 

hydrophilicity and amount of cell adhesion sites which could 

potentially lead to an optimum collagen content to maximize cell 

attachment.  
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Figure 4.35: Contact angles of neat and collagen doped PNIPAm.  

 

4.4.2 Morphology of collagen dip coated PNIPAm 

 
Figure 4.36 shows the FESEM images of each studied groups. Figures 

4.36(a) and 4.36(b) show similar fibrous morphology with noticeable 

swelling of fibres, which can be attributed to hydration resulting from 

sterilization and PBS washing processes. In Figures 4.36(c) and 

4.36(d), flaky materials (circled in red) can be observed together with 

a layer of coating on the fibres, suggesting the immobilization of 

collagen on the surface of electrospun PNIPAm. As collagen content 

increased, thicker layer of coating can be observed together with 

filling of micropores, suggesting higher content of collagen 

immobilized on the surface of electrospun PNIPAm. 
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Figure 4.36: FESEM micrograph of (a) SP, (b) CP (c) SP0.1CLG (d) 

CP0.1CLG, (e) SP0.5CLG and (f) CP0.5CLG. All groups were sterilized 

and washed with PBS. 
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4.4.3 FTIR analysis of collagen dip coated PNIPAm 

 

Figure 4.37 shows the FTIR spectra of each group. All groups exhibit 

similar peaks, which corresponds to the FTIR spectrum of PNIPAm as 

discussed in section 4.1.1.1. No significant peaks could be observed 

to confirm the presence of collagen. This can first be explained by the 

low content of collagen present on the PNIPAm nanofibers, which 

does not significantly contribute to peaks at wavenumbers specific to 

collagen. Besides that, PNIPAm and collagen also possess similar 

functional groups such as C=O, -NH and -CH, which would result in 

overlapping of peaks in an FTIR spectrum, albeit the little contribution 

from collagen. 
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Figure 4.37: FTIR spectrum of SP, CP, SP0.1CLG, CP0.1CLG, 

SP0.5CLG and CP0.5CLG. All groups were sterilized and washed with 

PBS. 

4.4.4 Thermal analysis of collagen dip coated PNIPAm 

 
Figure 4.38 shows the TGA curve of the studied groups. All groups 

show similar degradation profile as PNIPAm as discussed in section 

4.1.5, with major degradation occurring at approximately 380 °C. 

Both neat synthesized and commercial PNIPAm also show a final 

weight of ~10 %, which is in close agreement with the TGA curve of 

PNIPAm (section 4.1.5). Samples dip coated with 0.1 mg/ml collagen 

show a higher final weight of ~25 % while samples dip coated with 

0.5 mg/ml of collagen show further increase in final weight of ~30 

%. The increase in final weights can be attributed to heat shielding 

by collagen, and as collagen content increased, there exist further 
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heat shielding. This further corroborates the immobilization of 

collagen on PNIPAm nanofibers in dip coated groups. 

 

 

Figure 4.38: TGA curve of SP, CP, SP0.1CLG, CP0.1CLG, SP0.5CLG 

and CP0.5CLG. All groups were sterilized and washed with PBS. 

4.5 Cell Culture Studies 

This section explores preliminary assessment on the cell viability of 

R3-AFSC on electrospun PNIPAm scaffolds along with their TFS 

collagen functionalised formulations. As a proof-of-concept study, the 

spontaneous cell release by cooling (immersion in room temperature 

culture media) was also investigated. 

4.5.1 Cell culture 

R3-AFSC was first seeded on gelatin-coated substrate which was 

used as a positive control and observed after 4 and 48 hours. Figure 

4.39 shows microscope images of R3-AFSC at 4 hours after initial 
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seeding, 24 hours, and confluence. At 4 hours seeding, the cells 

appeared slightly elongated as they spread out to attach to the 

gelatin-coated T25 flask. At 24 hours, more cells appear to attach to 

the flask. At confluence, all cells appear fusiform forming a cell 

monolayer. The population doubling time for R3-AFSC was computed 

as 22.93 hours. The relatively short population doubling time gives 

R3-AFSC great proliferative potential, making it a good source of 

stem cells capable of doubling its population within a day.  

 

Figure 4.39: Microscope images of R3-AFSC at (a) cell attachment 

after 4 hours (b) 24 hours and (c) cell confluence after 48 hours. 

 

4.5.2 Cell viability 

PNIPAm is known to be biocompatible and cells such as brain cancer 

cells[150], fibroblasts[12], EMT6 tumour cells and MC3T3-E1 

osteoblasts[10] have been studied on electrospun PNIPAm. However, 

study on stem cells on electrospun PNIPAm has yet to be reported. 

Additionally, as PNIPAm was synthesized from its monomer NIPAm 
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and surfactant SDS, both of which are known to be toxic. There was 

concern over the cell viability of electrospun synthesized PNIPAm, 

even after extensive purification of PNIPAm after synthesis. Hence, a 

study on cell viability on electrospun synthesized PNIPAm was carried 

out to address these concerns and was compared to cell viability on 

electrospun commercial PNIPAm. Both electrospun synthesized and 

commercial PNIPAm were also functionalized with TFS collagen at 

different concentrations to investigate the effect of collagen 

functionalization on the cell viability on these scaffolds. Figure 4.40 

shows the sterilized and PBS washed scaffold before cell seeding. 

 

Figure 4.40: Sterilized and PBS washed scaffolds of neat (a) 

synthesized PNIPAm, (b) commercial PNIPAm, 0.1 mg/ml dip coated 
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(c) synthesized PNIPAm, (d) commercial PNIPAm, 0.5 mg/ml 

collagen dip coated (e) synthesized PNIPAm and (f) commercial 

PNIPAm. 

Figure 4.41 shows the cell viability of R3-AFSC on the electrospun 

synthesized PNIPAm, commercial PNIPAm, synthesized PNIPAm dip 

coated with 0.1 % (w/w) TFS collagen, commercial PNIPAm dip 

coated with 0.1 % (w/w) TFS collagen, synthesized PNIPAm dip 

coated with 0.5 % (w/w) TFS collagen and commercial PNIPAm dip 

coated with 0.5 % (w/w) TFS collagen. Gelatin coated wells and 

gelatin coated wells with R3-AFSC were used as negative and positive 

controls, respectively. Cell viability on both electrospun synthesized 

and commercial PNIPAm were about 50 %. The similar cell viability 

on both these scaffolds indicates that the toxic substances during 

PNIPAm synthesis (e.g., NIPAm and SDS) are not concerns. However, 

the relatively low cell viability can be attributed to the lack of cell 

binding sites for cell attachment. Addition of TFS collagen by dip 

coating electrospun synthesized and commercial PNIPAm in 0.1 % 

(w/w) collagen resulted in an increase in both their cell viability to 

approximately 70 %. This can be expected as collagen possesses 

important RGD groups responsible as binding sites for cells. A further 

increase in collagen content on both electrospun PNIPAm doped in 

0.5 % (w/w) TFS collagen shows further increase in cell viability to 

approximately 180 %, suggesting that the presence of TFS collagen 
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improved the proliferation of R3-AFSC. However, it is not indicative 

whether cell differentiation took place on these studied scaffolds.  

 

Figure 4.41: Cell viability of R3-AFSC on electrospun synthesized 

PNIPAm (S.PNIPAm), commercial PNIPAm (C.PNIPAm), synthesized 

PNIPAm dip coated with 0.1 % TFS collagen (S.PNIPAm-0.1CLG), 

commercial PNIPAm dip coated with 0.1 % TFS collagen (C.PNIPAm-

0.1CLG), synthesized PNIPAm dip coated with 0.5 % TFS collagen 

(S.PNIPAm-0.5CLG), commercial PNIPAm dip coated with 0.5 % TFS 

collagen (C.PNIPAm-0.5CLG), gelatin coated negative control 

(Neg.control (Ge)) and gelatin coated positive control with R3-AFSC 

(Pos.control (Ge+cells)), from three independent experiments (n=3). 
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4.5.3 Cell release study 

The cell release mechanism of both electrospun synthesized and 

commercial PNIPAm, along with their collagen doped formulated 

scaffolds was studied as detailed in section 3.8.5. Figure 4.42 shows 

the percentage of cell released from electrospun synthesized 

PNIPAm, commercial PNIPAm, synthesized PNIPAm dip coated with 

0.1 % TFS collagen, commercial PNIPAm dip coated with 0.1 % TFS 

collagen, synthesized PNIPAm dip coated with 0.5 % TFS collagen 

and commercial PNIPAm dip coated with 0.5 % TFS collagen. It can 

be observed that both electrospun synthesized and commercial 

PNIPAm scaffolds released approximately 51 and 52 %, respectively, 

of cell upon cooling (immersion in room temperature ESM). 

Electrospun synthesized and commercial PNIPAm dip coated in 0.1 % 

TFS collagen both show approximately 48 % of cell released, while 

electrospun synthesized and commercial PNIPAm dip coated in 0.5 % 

TFS collagen both show approximately 43 % of cell released. As 

collagen content increases in both electrospun synthesized and 

commercial PNIPAm scaffolds, a gradual decrease in cell release 

percentage is observed. This trend can be attributed to the increase 

in cell binding sites (RGD sequence) on PNIPAm scaffolds, forming 

enhanced cell to scaffold attachment.  
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Figure 4.42: Percentage of cell released from electrospun synthesized 

PNIPAm (S.PNIPAm), commercial PNIPAm (C.PNIPAm), electrospun 

synthesized PNIPAm doped with 0.1 % TFS collagen (S.PNIPAm-

0.1CLG), commercial PNIPAm doped with 0.1 % TFS collagen 

(C.PNIPAm-0.1CLG), electrospun synthesized PNIPAm doped with 

0.5 % TFS collagen (S.PNIPAm-0.5CLG) and commercial PNIPAm 

doped with 0.5 % TFS collagen (C.PNIPAm-0.5CLG), from three 

independent experiments (n=3). 

 

4.6 Key challenges and limitations 

 
This subsection presents the key challenges and limitations of the 

experimental studies. In the synthesis of PNIPAm, there needs to be 

a dedicated reactor that could offer good control over heat and 

agitation to ensure its reproducibility. In addition, neat electrospun 

PNIPAm exhibits poor aqueous stability and dissolves instantly in 
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aqueous media. Cross-linking was necessary to improve its aqueous 

stability. However, cross-linking cannot be conducted prior to 

electrospinning as it inhibits PNIPAm chain mobility which is crucial 

to forming nanofibers during electrospinning. Hence, cross-linking 

should be carried out after electrospinning. On the other hand, 

extraction of collagen was a lengthy and labour-intensive process, 

with each extraction cycle taking approximate two weeks to 

complete. The yield was also found to be very low (i.e., 0.5 g of TFS 

collagen obtained from 50 g of fish scales). 
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CONCLUSION AND RECOMMENDATION FOR FUTURE WORK 

 

5.1 Conclusion 

 
PNIPAm of weight average molecular weight of 381 kDa was 

successfully synthesized via radical polymerization in a jacketed 

reactor flask equipped with a 90 mm anchor type impeller to provide 

constant agitation of 100 rpm at 80 °C. The synthesized PNIPAm was 

highly electrospinnable from the binary solvent THF:DMF (1:1) at a 

concentration of 15 % (w/w), applied voltage 9 kV, flow rate 0.6 ml/h 

and working distance of 18 cm. Ambient conditions during 

electrospinning was recorded with a temperature of ~25 °C and 

relative humidity of ~50 %. However, neat electrospun PNIPAm 

exhibits poor aqueous stability and dissolves instantly in water or 

aqueous media. Cross-linking was employed by the addition of 20 % 

(w/w) of OPEPOSS to PNIPAm electrospinning solution and cured at 

120 °C for 4 hours to yield electrospun PNIPAm with significantly 

improved aqueous stability. A gradual mass loss profile at cell 

incubation conditions (i.e., 37 °C and 5 % CO2 in GMEM) was 

observed up to 28 days with a total mass loss of 35 %. This enables 

electrospun PNIPAm to act as an interim cell culture support while 

cells express their own ECM. The final fiber diameter was measured 

as 436.35 ± 187.04 nm, which highly mimics the size of collagen 
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fibrils in the native ECM. The pore size of the electrospun PNIPAm 

scaffold was measured as 1.24 ± 1.27 µm, and favours the 

preservation of cell phenotype. It also exhibits a highly porous 

structure with a measured porosity of 63.6 % allowing for 

vascularization. On the other hand, collagen type I (determined by 

SDS-PAGE) was successfully extracted via the dilute acid extraction 

method from tilapia fish scales, yielding high quality collagen in terms 

of intact triple-helical structure as indicated by FTIR analysis. The dip 

coating method was employed to functionalized electrospun PNIPAm 

scaffolds with TFS collagen, and presents as a simple and 

straightforward way to immobilize collagen onto PNIPAm nanofibers. 

Cell culture studies indicate that PNIPAm nanofibers dip coated in 0.5 

% (w/w) TFS collagen solution achieved the highest cell viability of 

180 %, while the same formulated scaffold is capable of spontaneous 

cell release of 43 %. Altogether, this work has presented a cost 

effective method to synthesize PNIPAm that is highly 

electrospinnable, while an aqueous stable electrospun PNIPAm 

scaffold was fabricated. Extracting collagen from tilapia fish scales 

converts the fish waste into a value added product. Finally, collagen 

functionalized electrospun PNIPAm scaffold presents as a viable 

alternative to conventional cell culture substrates, while furnishing a 

spontaneous cell release mechanism.  
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5.2: Recommendation for future work 

 
This work explored the viability of collagen functionalized PNIPAm 

electrospun scaffold via dip coating. There exist other 

functionalization methods such as co-electrospinning (simultaneous 

electrospinning of separate solutions of collagen and PNIPAm onto 

the same collector) and blending (electrospinning a single solution of 

collagen and PNIPAm), which could present their own unique 

advantages. Functionalization by co-electrospinning would exhibit 

layered nanofibers of collagen and PNIPAm in the resulting scaffold, 

if good fiber overlap can be achieved. Functionalization by blending 

have the advantage of a homogenous distribution of collagen on 

PNIPAm nanofibers. Additionally, Cell culture studies with R3-AFSC 

indicate good potential in the use of TFS collagen functionalized 

PNIPAm scaffold for cell cultivation. However, further studies need to 

be conducted to understand the cell differentiation potential with the 

currently formulated scaffold.  
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